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ABSTRACT: The neurotrophins are a family of small dimeric proteins required for the development and
survival of vertebrate neurons. Solvent denaturation studies were used to compare recombinant human
nerve growth factor (WNGF), brain-derived neurotrophic factor (BDNF), neurotrophin 3 (NT-3), and
neurotrophin 4/5 (NT-4/5) to nerve growth factor isolated from mouse submaxillary glands (mNGF).
Although greater than 50% sequence identity is conserved among this family, significant structural differences
were revealed by the folding and unfolding of these proteins. Denaturation in guanidine hydrochloride and
renaturation at pH 7 and 3.5 were monitored by fluorescence intensity, fluorescence polarization, and
circular dichroism. The midpoint of equilibrium unfolding curves for all four neurotrophins was independent
of the technique but was dependent on protein concentration, indicating that a two-state model involving
native neurotrophin dimers and denatured neurotrophin monomers (N, = 2D) describes the equilibrium
between folded and unfolded neurotrophins. The conformational stabilities of the dimeric neurotrophins
revealed that mNGF had the lowest conformational stability (19.3 kcal/mol); ANGF, NT-3, and NT-4/5
had intermediate stabilities, and BDNF had the highest stability (26.4 kcal/mol). Recovery of native
spectroscopic characteristics upon removal of denaturant indicated that the unfolding process is reversible.
Accordingly, unfolding and refolding curves were coincident for mNGF or NT-4/5 at pH 7 and 3.5 and
for BDNF at pH 3.5. However, BDNF and NT-3 unfolding and refolding curves were not coincident at
pH 7. Thestability of the neurotrophins decreased as pH decreased, with compact monomeric intermediates
(N3 = [2I] = 2D) becoming populated below pH 4. The differences in stability, pH dependence, and
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coincidence of refolding curves distinguish the homologous structures of the neurotrophins.

Neurotrophins are target-derived factors required for the
development and survival of specific verebrate neuronal
populations. The neurotrophin family is comprised of nerve
growth factor (NGF), brain-derived neurotrophic factor
(BDNF),! neurotrophin 3 (NT-3),and neurotrophin4/5 (NT-
4/5). These factors exhibit different cell type specificities
and receptor binding characteristics that are presumably
defined by sequence and structural differences (Bradshaw et
al., 1993).

The structure of NGF, the first neurotrophin identified, is
well characterized. The NGF monomer contains 118 residues
and three intramolecular disulfide bonds (Angeletti et al.,
1973a,b). The NGF subunits associate as dimers through
strong noncovalent interactions having a subpicomolar dis-
sociation constant (Bothwell & Shooter, 1977). The three-
dimensional crystal structure of mNGF (McDonald et al.,
1991) reveals that the NGF monomers are comprised of four
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central antiparallel §-strands with exposed loop regions at
either end of the molecule. The monomers dimerize in a
roughly parallel arrangement through hydrophobic interac-
tions between the central 8-sheet structures.

Approximately 55% sequence identity is conserved among
the neurotrophins. All six cysteine residues are universally
conserved among the family, and the highest sequence
homologies occur in residues comprising the four central
B-strands of the mNGF structure (McDonald et al., 1991;
Ebendal, 1992; Bradshaw et al., 1993). On the basis of these
homologies, the neurotrophin structures are all expected to be
similar to the mNGF structure. The neurotrophins have also
been grouped in a “cystine-knot” structural superfamily, which
includes platelet-derived growth factor BB and transforming
growth factor 81 (McDonald & Hendrickson, 1993).

Several recent studies have characterized the stability,
conformation, and biophysical properties of the neurotrophins.
Equilibrium denaturation of mNGF in Gdn-HCl at pH 7 has
been described by a two-state model involving native dimeric
and denatured monomeric mNGF (N; = 2D), and mNGF
was found to have a high thermodynamic stability of 19.3
kcal/mol (Timm & Neet, 1992). Recombinant human NGF,
BDNF, and NT-3 have been shown to associate as dimers
(Radziejewski et al., 1992; Narhi et al., 1993a,b) and to
undergo cooperative unfolding in Gdn-HC1 (Radziejewski et
al., 1992); however, thermodynamic analysis of the denatur-
ation curves was not reported. Spectroscopic analysis of
mNGF, hNGF, BDNF, and NT-3 by CD and FTIR (Timm
& Neet, 1992; Radziejewski et al., 1992; Narhi et al., 1993a)
has shown that the neurotrophins all have high 8-sheet content
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but small structural differences exist among family members.
Moreover, estimates of secondary structure elements vary by
several fold in different studies (Radziejewski et al., 1992;
Narhi et al., 1993a). The studies presented here were
undertaken to quantitate the stabilities of recombinant human
NGF, BDNF, NT-3, and NT-4/5 and to address the
noncoincidence of recombinant BDNF and NT-3 unfolding
and refolding curves (Radziejewski et al., 1992) by studying
equilibrium denaturation at low pH. Significant differences
between the neurotrophin structures are revealed by the
spectroscopic properties, conformational stabilities, and be-
havior of these proteins in denaturant solutions.

EXPERIMENTAL PROCEDURES

Proteins and Reagents. The mNGF was purified from
mouse submaxillary glands as the 7S complex; the subunits
were separated as previously described (Stach et al., 1977;
Smith et al., 1968; Woodruff & Neet, 1986) and stored at pH
4, =20 °C. The mNGF was further purified by reversed-
phase high-performance chromatography as described
(Petrides & Shooter, 1986) and lyophilized to dryness. The
mNGF ran as a single band on Coomassie blue-stained sodium
dodecyl sulfate polyacrylamide gels after electrophoresis, and
concentrations were determined using A%’ = 1.6. Recom-
binant human BDNF and NT-3 were provided by Amgen,
Inc. (Thousand Oaks, CA); NT-4/5 was provided by Re-
generon, Inc. (Tarrytown, NY); and hNGF was provided by
Cephalon, Inc. (Westchester, PA). Each of these proteins
was characterized by the manufacturer as greater than 90%
homogeneous; experimental concentrations were based on
dilutions of stock solutions from concentrations determined
by the manufacturers. All solutions were prepared using
distilled, deionized water and ultrapure grade reagents. The
Gdn-HCI was purchased from Boehringer Mannheim, ICN,
and U.S. Biochemicals. Citric acid was purchased from J. T.
Baker, Inc. Sodium acetate and sodium phosphate were
purchased from Sigma Chemical Co.

Equilibrium Denaturation of the Neurotrophins. Equi-
librium denaturation was performed by incubating individual
samples of neurotrophins at the indicated Gdn-HCI concen-
trations. Tomeasure unfolding, samples were equilibrated in
Gdn-HCI for 48-72 h prior to fluorescence measurements.
To measure refolding, the samples were initially incubated
for 2-24 h at Gdn-HCl concentrations sufficient for complete
unfolding (>4 M Gdn-HC!). The samples were then diluted
to the final Gdn-HCI concentration and equilibrated for 72
h. These equilibration times were previously determined to
be adequate for mNGF unfolding and refolding (Timm &
Neet, 1992). Solutions contained 50 mM Na,HPO, and 50
mM NaH,PO, as a buffer at neutral pH, 100 mM sodium
acetate as a buffer at pH 4, and 100 mM citrate/phosphate
bufferin the pH 3—7range. Allincubationsand measurements
were performed at room temperature (23 £ 2 °C).

Fluorescence Measurements. Fluorescence measurements
were made using a Perkin-Elmer LS-5B spectrofluorometer,
and emission spectra were recorded on a Perkin-Elmer GP-
100 printer. Samples were excited at 295 nm for measuring
tryptophan fluorescence. Measurements were made using
Helma quartz microcuvettes containing sample volumes of
250-300 L. The fraction of denatured protein, fy, was
calculated as the ratio of the difference between the observed
fluorescence intensity (¥) and the native intensity (¥;) to the
difference between the native and denatured (Yy) intensities
(Pace, 1986):

-f;l=(Y_Yn)/(Yd—Yn) (1)

Timm et al.

Steady-state fluorescence polarization was measured using
a manual polarizer accessory installed in the emission and
excitation paths. Polarization measurements were made with
excitation and emission wavelengths of 295 and 340 nm,
respectively. Polarization was calculated as

P = [(Iipy - GU)v]/ Uy + GIpy] (2)
where
G= (IH)H/(II)H 3

The emission intensity is measured parallei (/i1)v and per-
pendicular (I1)v to the vertically polarized plane of excitation
light, and the correction factor (G) is calculated by measuring
the parallel and perpendicular emission intensities following
excitation with horizontally polarized light. This correction
factor had a value of 1.4 and accounts for the different
efficiencies that the excitation and emission monochromators
have for horizontally and vertically polarized light (Lakowicz,
1983). The fraction of denatured protein (f3) was calculated
from polarization data using the following equation to account
for the change in relative fluorescence intensity that occurs
upon denaturation (Lakowicz, 1983):

Ja=[(P-P)/(Py- )R+ (P-P))] 4)

Ristheratioof the denatured to native fluorescence intensities
at each denaturant concentration, P is the observed polar-
ization,and P, and Pyare the native and denatured polarization
values, respectively. The correction, R, results in a slight
decrease in the denaturation curve midpoint.

Conformational Stability Calculations. Denaturation
curves were evaluated according to the linear extrapolation
method (Pace, 1986) for dimeric proteins (Bowie & Sauer,
1989). Briefly, an equilibrium constant, Kp, is calculated at
each point in the denaturation curve transition according to
the fraction of unfolded protein, fy. According to the two-
state model for denaturation of dimeric proteins, Kp is defined
as

Kp = 2Pt[f2/(1 - f)] (5)

where Pt is the concentration of protein monomer (Bowie &
Sauer, 1990). Thelinear dependence of the Gibbs free energy
of unfolding (AGp = —-RT In[Kp}) on the denaturant
concentration observed in the transition region is assumed to
continue to zero denaturant concentration (Schellman, 1978),
described as

AGp = AGDH’O — m[denaturant} (6)

where AGpH2© represents the difference in Gibbs free energy
between the unfolded and folded protein in the absence of
denaturant. The neurotrophin conformational stabilities were
determined by iterative fitting of denaturation curves to the
above parameters using the program BASICFIT, which
employs a Marquadt gradient-analytical search (Bevington,
1969).

Circular Dichroism Measurements. Circular dichroism
spectra were recorded using a Jasco J600 spectropolarimeter.
CD data were processed using software provided by Jasco and
a Wyse (IBM compatible) computer. Measurements were
made using neutrophin concentrations of 50 ug/mL in 1-mm
Helma quartz cuvettes. Spectra were recorded as an average
of six scans from 260 to 184 nm at 10 nm/min.

RESULTS

Neurotrophin Intrinsic Fluorescence Properties. Dena-
turation of the recombinant neurotrophins at pH 7 was followed
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FIGURE 1. Neurotrophin equilibrium unfolding curves based on relative fluorescence intensity. The relative fluorescence intensity of (A) 30
ug/mL hNGF, (B) 50 ug/mL BDNF, (C) 50 ug/mL NT-3, and (D) 10 ug/mL NT-4/5 is plotted vs Gdn-HCI concentration. The solutions
were buffered at pH 7 with 100 mM sodium phosphate. The solid lines were generated by nonlinear least-squares analysis of the data according
to the two-state model for denaturation of neurotrophin dimers (Experimental Procedures). The neurotrophin conformational stabilities and
the dependence of their stabilities on denaturant concentration derived from these fits are listed in Table 1.

by measuring intrinsic tryptophan fluorescence intensity and
fluorescence polarization as a function of Gdn-HCI concen-
tration. Fluorescence emission following excitation at 295
nm is due primarily to Trp residues (Brand & Witholt, 1967;
Lakowicz, 1983). Conserved Trp residues are found in the
neurotrophins at positions 21, 76,and 99, relative tothe mNGF
sequence. An additional Trp 101 occurs in NT-3 and NT-
4/5. Fluorescence emission spectra for the mNGF, hNGF,
BDNF, and NT-3 have been presented previously (Timm &
Neet, 1992; Radziejewski et al., 1992; Narhi et al., 1993a,b).
The mNGF and hNGF had the lowest relative fluorescence
intensities, which were approximately 80% of the BDNF and
NT-4/5 intensities and 60% of the NT-3 intensity.? The
mNGF, hNGF, and BDNF fluorescence emission maxima
occurred near 340 nm, and NT-4/5 and NT-3 had maxima
at 338 and 336 nm, respectively. Denaturation of the
neurotrophins results in decreased relative fluorescence
intensity (Figure 1) and an increase in the emission maximum
to about 352 nm (Timm & Neet, 1992; Radziejewski et al.,
1992).

Fluorescence polarization is sensitive to fluorophore rota-
tional mobility, decreasing with increasing mobility (Lakowicz,
1983). The native and denatured steady-state polarization
values for the neurotrophins fell in two groups (Figure 2; Table
1). The fluorescence polarization of NGF, hNGF,and BDNF
decreased from approximately 0.15t0 0.10 upon denaturation.
In contrast, NT-3 and NT-4/5 polarization values increased
slightly upon denaturation from about 0.08 to about 0.10.

Two-State Model (N, = 2D) for Neurotrophin Unfolding
in Gdn-HCI. Monophasic, sigmoidal curves characteristic of
cooperative protein unfolding transitions resulted when the
neurotrophin fluorescence properties were plotted vs Gdn-
HCl concentration (Figures 1 and 2). Consistent with a two-

2 We have not observed the 7-fold lower fluorescence intensity of
recombinant NGF relative to BDNF and NT-3 that was reported by
Narhietal. (1993a). Inourlaboratory authenicmouse NGF, recombinant
mNGF, or recombinant hANGF had fluorescence intensities within 20—
40% that of the other neurotrophins. The differences may be due to the
methods of expression and purification of the recombinant hNGF
preparations.
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FIGURE 2: Neurotrophin equilibrium unfolding curves based on
fluorescence polarization. The fluorescence polarization of (A)
hNGF, (B) BDNF, and (C) NT-3 is piotted vs Gdn-HCI concentra-
tion. The same solutions described in Figure 1 were used in making
these determinations. Data points represent the average of triplicate
readings (£SD) made using a single sample.

state model (N, = 2D), the curves based on relative
fluorescence intensity, fluorescence emission maximum, and
fluorescence polarization are coincident for the individual
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Table 1: Neurotropin Denaturation Characteristics
polarization?
AGpH:0 @ (kcal/mol) m? (kcal mol-! M-1) Gdn50¢ (M) P, Py emission max (nm) coincidence®
mNGF 193 1.1 48%04 2.3/25 0.145 0.095 341 +
hNGF 23.0£ 3.0 43£0.8 5/3.6 0.167 0.107 340 NDs
BDNF 264+24 5.3%£0.6 5/3.6 0.156 0.094 339 -
NT-3 227+ 1.3 45%04 3/3.4 0.077 0.092 336 -
NT-4/5 208+1.2 5.1 0.5 2.5/2.6 0.08 0.10 338 +
pH 3.5
mNGF 12.7£0.7 3404 1.4/ND 0.137 0.094 341 +
BDNF/ 170£ 1.4 4.0+ 0.6 2.2/ND ND ND 339 +
NT-4/5 19.0£ 1.1 5.1x0.3 2.1/ND ND ND 338 +

a Conformational stability. # Dependence of stability on denaturant concentration. The mNGF value at pH 7 represents the average value reported
in Timm and Neet (1992). The hANGF, BDNF, NT-3, and NT-4/5 values and standard deviations were derived from nonlinear regression to the data
in Figure 1 for pH 7 and in Figure 4 for pH 3.5. ¢ Midpoints of theoretical Gdn-HCl unfolding curves are based on the listed AGpH:© and m values
at 10 and 50 pg/mL protein concentrations. ¢ Polarization values observed for the native, Py, and denatured, Py, proteins. ¢ The coincidence of relative
fluorescence intensity unfolding and refolding curves is indicated by +. NT-3 at pH 3.5 was noncoincident (see text). / These values are calculated
by assuming the two-state dimer model. For NGF some divergence of fluorescence intensity and polarization curves has begun at this pH (Figure
8B). For BDNF and NT-4/5 the m and GdnS0 values indicate that they are still two-state conditions. # ND, not determined.
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FIGURE 3: Dependence of BDNF and NT-3 concentrations on the
midpoint of equilibrium unfolding curves. The fraction of native
protein calculated from relative fluorescence intensity data collected
at (A) 2 and 50 pg/mL BDNF and (B) 2 and 50 pg/mL NT-3 is
plotted against Gdn-HCI concentration (Experimental Procedures).
The solutions were buffered at pH 7 with 100 mM sodium phosphate.
Higher concentrations produced fewer noisy data because the
subtraction of the baseline was less significant. Thesolid line represent
simulated curves based on the thermodynamic values obtained for
the 50 ug/mL data presented in Figure 1 and Table 1.

neurotrophins at neutral pH. Fluorescence polarization and
emission properties can be sensitive to identical structural
events but in the case of mNGF are sensitive to different
structural states (see below). Finally, the midpoint of the
BDNF and NT-3 unfolding curves is dependent on protein
concentration (Figure 3), as expected from a two-state
transition between native dimeric and denatured monomeric
protein (Bowie & Sauer, 1989). Similar results have been
reported for MNGF (Timm & Neet, 1992); however, sufficient
quantities of hNGF and NT-4/5 were not available for such
study.

Conformational Stabilities of the Neurotrophins. The
conformational stability (AGpH0) of a protein in the absence

of denaturant can be calculated from solvent denaturation
curves by extrapolation of log Kp data to zero Gdn-HCl
concentration (Pace, 1986). The AGpH:© values for ANGF,
BDNF,NT-3,and NT-4/5 at pH 7 were derived by nonlinear
regression of the data in Figure 1 to the two-state model (see
Experimental Procedures) and are summarized in Table 1.
This analysis revealed significant quantitative differences in
the neurotrophin stabilities, consistent with the qualitative
results presented previously for BDNF and NT-3 (Radzie-
jewskietal.,1992). The mNGF has thelowest conformational
stability of 19.3 kcal/mol (Timm & Neet, 1992), while NT-
4/5,hNGF, NT-3,and BDNF have apparent conformational
stabilities approximately 1, 3, 3, and 7 kcal/mol greater than
that of mNGF, respectively. This trend is also consistent
with the midpoints of the neurotrophin unfolding curves
(Figure 1; Table 1).

Reversibility of Neurotrophin Unfolding. The above
thermodynamic analysis of the neurotrophin denaturation
curves according to the two-state model (N, = 2D) requires
that the unfolding process is reversible. However, the unfolding
and refolding curve of BDNF and NT-3 at pH 7 were
noncoincident (Radziejewski et al., 1992). Although native-
like spectroscopic characteristics were recovered when unfolded
BDNF and NT-3 solutions were diluted to | M Gdn-HCI, the
midpoint of the BDNF and NT-3 refolding curves is about
1 M lower than that of the unfolding curves. In contrast,
mNGF (Timm & Neet, 1992) and NT-4/5 unfolding and
refolding curves were coincident at pH 7 (Figure 4A,C).

The noncoincidence between the BDNF and NT-3 unfolding
and refolding curves at intermediate denaturant concentrations
(between 1 and 4 M Gdn-HCI) may be due to a kinetically
slow refolding step, which would not affect AGpH20 calcula-
tions. However, hysteresis might alsoindicate deviation from
the two-state model. Disulfide bond interchange could be a
source of deviation from the two-state model at neutral pH
but should be inhibited at acidic pH. Therefore, the
coincidence of BDNF and NT-3 unfolding and refolding curves
was aiso tested at low pH to determine if slow kinetic refolding
processes or potential intermediates could be eliminated. The
mNGF and NT-4/5 unfolding and refolding curves remained
coincident at pH 3.5 (Figure 4B,D). The difference between
the midpoints of BDNF unfolding and refolding curves was
reduced by about 80% at pH 4 (data not shown) and is
essentially eliminated at pH 3.5 (Figure 4E). However, NT-3
unfolding and refolding curves remained noncoincident at pH
3.5, and full recovery of native fluorescence properties did not
occur at the lowest Gdn-HCI dilution made (Figure 4F).
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for (A) mNGF at pH 7.0, (B) mNGF at pH 3.5, (C) NT-4/5 at pH 7.0, (D) NT-4/5 at pH 3.5, (E) BDNF at pH 3.5, and (F) NT-3 at
pH 3.5. The solutions contained 10 ug/mL of the neurotrophins and were buffered using 100 mM citrate/phosphate buffer. Samples to be
refolded (@) were first unfolded in greater than 7 M Gdn-HCI for 8 h prior to dilution to the final Gdn-HCI concentration and allowed to
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Noncoincident curves were also obtained for BDNF and NT-3
when urea was used in place of Gdn-HCI at pH 4 (data not
shown). Allof the neurotrophins, except for NT-3, appeared
to undergo two state transitions at low pH: NGF at pH 4,
BDNF at pH 3.5, and NT4/5 at pH 3.5.

The midpoints of the neurotrophin denaturation curves
{Gdn50) decreased at pH 3.5 relative to those at pH 7, as
expected from previous mNGF studies (Timm & Neet, 1992).
However, the differences between the pH 3.5 and 7 Gdn50
values for the individual neurotrophins were not equivalent
(Figures 1 and 4). The mNGF Gdn50 value decreased by 0.9
M (40%) at pH 3.5 relative to that at pH 7; whereas the
NT-4/5Gdn50value decreased by only 0.4 M (16%). BDNF,
on the other hand, with the highest AGpP2© at pH 7,
experienced a 1.4 M (40%) decrease in Gdn50 at pH 3.5 to
a value equivalent to that of NT-4/5.

Neurotrophin Circular Dichroism Spectra. The circular
dichroism (CD) spectra of the neurotrophins were measured
(Figure 5) to evaluate the reversibility of denaturation.
Significant differences exist among the neurotrophin CD
spectra as reported (Radziejewski et al., 1992; Narhi et al.,
1993a,b; Dr. N. Panayotatos, Regeneron Pharmaceuticals,
personal communication). The most striking features are the
maximum around 230-232 nm and the additional minimum
around 197 nm present in the BDNF, NT-3, and NT-4/5

spectra, which are absent in the ANGF (data not shown) and
mNGF CD spectra. These distinctive features are retained
at low pH (Figure 5, solid line) since the CD spectra are
identical to those recorded at neutral pH [data not shown, see
Timmand Neet (1992), Radziejewskiet al. (1992), and Narhi
etal. (1993a,b)]. Native-like CD spectra of mNGF, BDNF,
NT-3, and NT-4/5 were recovered following the refolding of
unfolded samples when Gdn-HCl was completely removed by
dialysis (Figure. S, dashed line), suggesting that reformation
of secondary structure occurred readily.

Denaturation of mNGF at Low pH. The denaturation of
dimeric mNGF at pH 7 and at pH 4 was previously found to
occur according to a two-state dimer model, based on the
coincidence of fluorescence intensity and fluorescence polar-
ization measurements and the dependence of protein con-
centration on the mNGF denaturation curve midpoint (Timm
& Neet, 1992). The effect of pH on the mnNGF structure was
studied further to determine if neurotrophin AGpHzC values
could be better compared at pH 3.5, where BDNF unfolding
and refolding curves were coincident. Denaturation curves
were measured over the range pH 3-7 (Figure 6). The mNGF
denaturation curves measured between pH 3.25 (not shown)
and pH 7 are characterized by linear plateau regions which
precede and follow a transition region. Initial plateau and
final plateau regions are populated predominantly by native
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and denatured protein, respectively (Pace, 1986). However,
mNGF denaturation curves constructed at pH 3.0 lacked the
initial native plateau region (Figure 6). The effect of pH on
the midpoint of mNGF denaturation curves and on the
conformational stability of mNGF (where applicable) is
presented in Figure 7. The curve reveals a relatively small
decrease in stability from pH 7 to 4 with a shallow slope,
followed by a sharper decrease below pH 4 with a curve of
greater slope.

The denaturation curves for mNGF based on relative
fluorescence intensity measurements at pH 3.0 are nonco-
incident with those based on fluorescence polarization mea-
surements (Figure 8A). In contrast to the broad decrease in
fluorescence intensity occurring at low Gdn-HCI concentra-
tion, fluorescence polarization measurements at pH 3.0
revealed a linear native-like plateau region and a sharp
transition with an apparent midpoint around 2.2 M Gdn-
HCI. This midpoint is at least | M higher than that of the
fluorescence intensity curve.

Noncoincidence of normalized fluorescence intensity and
polarization data was reduced but still apparent at pH 3.5
(Figure 8B) and 3.25 (data not shown). As noted previously
(Timm & Neet, 1992), normalization of polarization data
according to eq 4 is necessary to account for the higher
fluorescence intensity of native mNGF. Data at pH 3.0 could
not be normalized because the native plateau region was absent.
The normalized fluorescence intensity and polarization data
were coincident at pH 4 (Figure 8C). A protein concentration
dependent shift in the midpoint of the denaturation curves
was apparent at pH 3.5 (Figure 8D).

DISCUSSION

Neurotrophin sequence alignments indicate that the mem-
bers of this family will likely have three-dimensional structures
similar to the prototypic mNGF structure (McDonald et al.,
1991; Ebendal, 1992; Bradshaw et al.,, 1993). The data
presented here support the concept that NGF, BDNF, NT-3,
and NT-4/5 are indeed similar as nonhelical, dimeric proteins

with high thermodynamic stabilities. However, differences
in the biophysical characteristics of these proteins indicate
significant structural differences will exist compared to the
mNGF structure. Our studies provide a comparison of the
known human neurotrophin structures, provide biophysical
characterization of NT-4/5, and extend previous stability
studies on these factors (Timm & Neet, 1992; Radziejewski
et al., 1992; Narhi et al., 1993a,b).

Significance of the Free Energy of Stabilization. Dena-
turation of the neurotrophins by Gdn-HCI at equilibrium
indicates that these proteins assume structures having different
conformational stabilities (AGpH29) and folding/unfolding
characteristics. Denaturation of mNGF was previously
described by a two-state model (N; = 2D) in which the folded
dimer and unfolded monomer are the only species significantly
populated at equilibrium (Timm & Neet, 1992). Consistent
with this model, the recombinant human neurotrophins yielded
monophasic sigmoidal unfolding curves in Gdn-HCl that were
coincident when based on fluorescence intensity and polariza-
tion measurements- (Figures 1 and 2). Although these
measurements could be sensitive to the same structural
transition, the denaturation of mNGF below pH 4 indicates
that fluorescence intensity and polarization measurements
are sensitive to different structural states (see below).
Additionally, the midpoints of mNGF (Timm & Neet, 1992),
BDNF, and NT-3 unfolding curves were dependent on protein
concentration (Figure 3), as expected from the two-state model
of dimeric protein denaturation and the law of mass action
(Bowie & Sauer, 1989). The agreement between theoretical
curves derived from eqs S and 6 and unfolding data at multiple
protein concentrations (Figure 3) supports both the inter-
pretation of a reversible equilibrium with a two-state,
cooperative transition for dimeric neurotrophins and the
reliability of the calculated AGpH20. Protein concentration
dependence is also expected for the hANGF and NT-4/5 curves,
although sufficient quantities were not available for similar
studies.
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The AGpHC values, calculated from the different neuro-
trophin unfolding curves at neutral pH according to the two-
state model (Table 1), indicate that the individual neurotrophin
structures are stabilized by different amounts of Gibbs free
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energy relative to their respective unfolded conformations.
BDNF has the highest AGpH:0, while ANGF, NT-3, and NT-
4/5 have intermediate AGpH2© values and mNGF has the
lowest AGpH20, The different AGpH2C values may be due to
stabilization of the folded state or destabilization of the
unfolded state. Due tothe different midpoints of the unfolding
and refolding curves for BDNF and NT-3, some uncertainty
isassociated with their reported AGpH0 values. Recombinant
mNGF unfolding and refolding curves are coincident and
yield AGpH20 values consistent with those reported for mNGF
isolated from submaxillary glands (data not shown). There-
fore, the recombinant origin of these proteins is not likely to
account for the different AGpHz0 values or the aberrant BDNF
and NT-3 refolding characteristics. :

The AGpH:0 values reported for small dimeric proteins are
generally higher than those reported for monomeric proteins
(Pace, 1990). The neurotrophin stabilities of 19-26 kcal/
mol (Table 1) are at the upper range of values reported for
dimers (Bowie & Sauer, 1989; Gittelman & Matthews, 1990).
The AGpHz0 for BDNF is higher than any previously reported.
Data simulations based on eqs 5 and 6 (Experimental
Procedures) indicate that a AGpHz0 of greater than 15 kcal/
mol is required to maintain a significant population of folded
dimeric protein in the concentration range of the neurotrophin
receptor dissociation constants. For example, a dimeric protein
having a AGpH29 of 20 kcal/mol will be 98% folded at a
concentration of 10 pM; however, the fraction of native protein
drops to 40% if the AGpH0 is reduced to 15 kcal/mol.
Therefore, high stabilities may be a requirement of low
physiological neurotrophin concentrations and the coupling
of their unfolding/dissociation equilibria.

Neurotrophin Sequences and Stabilities. The highsequence
identity between mNGF and hNGF may enable residues
responsible for the 4 kcal/mol difference in the AGpH20 values
to be identified. In turn, residuesidentified by comparing the
NGF sequences may berelated to the AGpH20 values of BDNF,
NT-3, and NT-4/5. Of the 12 residues differing between
mNGF and hNGF (Table 2), the following are unlikely to
have stabilizing effects: the terminal residues 3,6,9,and 117
are apparently mobile in the mNGF structure (McDonald et
al., 1991); the side chains of residues 65 and 94 have high
solvent accessibilities; conservative changes occur at residue
50 and most of the aforementioned residues.

The substitution of Thr in mNGF by Met in hNGF at
positions 37 and 92 could potentially account for some
differences in AGpH20 values, but these positions do not
correlate with sequences and stabilities of BDNF, NT-3, and
NT-4/5. Less conservative changes occur at positions 40, 60,
and 61, and a correlation may exist between the order of
AGpHO values at pH 7 and the residues present at positions
40 and 60: the mNGF (AGpH:© = 19 kcal/mol) contains Ala
at both of these positions; hNGF and NT-3 (23 kcal/mol)
contain Gly 40 and an acidic residue at 60; NT-4/5 (21 kcal/
mol) contains Gly 40 and Ala 60; BDNF (26 kcal/mol)
contains Glu 40 and Pro 60. Acidic substitutions at positions
40in BDNF and 60in hANGF and NT-3 could also be sufficient
to promote stability. The Glu 40 in BDNF could potentially
stabilize the folded structure through an electrostatic interac-
tion with Lys 26. This combination is lacking in the other
neurotrophins, and titration of Glu 40 could also result in the
larger change in Gdn50 between pH 7 and 3.5 observed for
BDNF. Potential interactions for Asp 60 or Glu 60 are not
readily apparent from the mNGF structure. These residues,
40 and 60, precede turns in mNGF. Therefore, the presence
of Gly 40 in h(NGF, NT-3, and NT-4/5, Pro 60 in BDNF,
and Pro 61 in hNGF could have entropic effects on backbone
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Table 2: Residues Potentially Involved in Differential Stability of the Neurotropins

stability?
pH mNGF hNGF BDNF NT-3 NT-4/5
7 low high highest high interm
35 lowest ND interm interm interm
»  residue
position® mNGF hNGF BDNF NT-3 NT-4/5 PSA¢ proposed intramolecular role in stability
3 T S D E T mobile terminus
6 v I A S A mobile terminus
9 M R R R R mobile terminus
30 D D D D D 0.4 destabilize dimer relative to monomer at low pH
37 T M T T E 61.9 none, minor difference between mNGF and hNGF
40 A G E G G 61.4 entropic or electrostatic (BDNF) effects
50 R K K K R 39.0 none, conservative substitution
60 A D P E A 39.5 entropic (BDNF) or electrostatic (1(NGF, NT-3) effects
61 S P M A P 67.4 entropic effects (AINGF, NT-4/5)
65 E D K K G 1111 none, high side-chain accessibility
92 T M M S A 38.1 none, minor difference between mNGF and hNGF
94 E G K N Q 114.1 none, high side-chain accessibility
117 T v G G G mobile terminus

¢ Relative stability (highest, high, intermediate = interm, or low) based on AGpH:0 at pH 7 or Gdn50 at pH 3.5 (see Table 1). ND, not determined.
b Positions (numbered relative to the mNGF sequence) considered in the list were based on differences between hNGF and mNGF sequences and
potential titratable groups in the pH 3-7 range. ¢ Percent solvent accessibility (Richmond & Richards, 1978) for all side-chain atoms from the mNGF

structure (McDonald, et al., 1991).

conformation stability. NT-4/5 shows an intermediate
AGpH© at pH 7 with relatively little change going to pH 3.5,
suggesting the absence of a titratable group contributing to
stability. No residues with pK, values in the range pH 3-7
are distributed among the neurotrophins in such a way as to
readily explain these variations. These proposed contributions
to stability are testable by site-specific mutagenesis. -
Dependence of NGF Denaturation on pH. The mNGF
transition regions broadened between pH 4 and 3 (Figure 6),
concomitant with a marked decrease in the m value below pH
3.5(Table 1) toa value of 2.0 at pH 3 (data not shown). These
effects indicate decreased cooperativity and a probable loss
of two-state behavior below pH 4 (Pace et al., 1990). An
increasing degree of noncoincidence between fluorescence
intensity and polarization measurements for mNGF at pH

3.5 (Figure 8B), 3.25 (data not shown), and 3.0 (Figure 8A)
confirms this possibility. The denaturation curves suggest a
marginal stability of dimeric NGF below pH 3 even in the
absence of denaturant.

These observations at low pH have been interpreted in terms
of a three-state model (N = [2I] = 2D) involving a monomeric
mNGF intermediate. Theinitial transition from folded dimer
tocompact monomer would result in the decreased fluorescence
intensity measurements, and the final unfolding transition
would produce the fluorescence polarization changes (Figure
8). Tryptophan residues 21, 76, and 99 are located in the
hydrophobic dimeric interface of the mNGF structure
(McDonaldetal., 1991). Exposure of these residues to solvent
upon dissociation of the native mNGF dimer (N2) toa partially
structured monomer could account for the observed decrease
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in fluorescence intensity that occurs at Gdn-HCI concentra-
tions preceding complete unfolding. The data do not distin-
guish between single or multiple monomeric intermediates
([21]) having residual structure that restricts the Trp mobilities
and results in native-like fluorescence polarization. Complete
unfolding at higher Gdn-HCI concentrations then results in
increased Trp mobility and fluorescence depolarization with
loss of secondary structure. The mNGF concentration
dependence of the fluorescence intensity unfolding curves
below pH 4 indicates that a dimeric species is involved in this
equilibrium (Figure 8D). CD measurements indicate that
the native mNGF structure is unaltered between pH 7 and
3 in the absence of denaturant and undergoes only slight
changes at pH as low as 1.5 (data not shown). Thus, nNGF
secondary structure does not appear to be greatly altered at
low pH without denaturant. This observation is in contrast
to the marked change in CD spectra of NGF generated by
guanidine denaturation at neutral pH (Timm & Neet, 1992).

Surprisingly, this interpretation suggests that the formation
of compact monomer is relatively more favorable at low pH,
asindicated by the 2l intermediate. AtpH 7 folded monomers
are calculated to be stabilized by about 3 kcal/mol relative
to unfolded monomer (Timm & Neet, 1992). The electro-
static nature of the intrasubunit interactions in the crystal
and the hydrophobic interactions across the dimer interface
(McDonald et al., 1991) would indicate that native monomer
would be destabilized to a greater extent than folded dimer
at low pH. Since the opposite situation apparently occurs,
the destabilization of quaternary interactions at low pH is
probably due to the presence of ionizable group(s) having
increased pK, values in the monomeric state and a shift to an
altered conformation, I. Titration of Asp 30 might indirectly
affect the stability of dimerization, since this conserved residue
is buried within the monomer, is involved in main-chain
hydrogen bonds in the 8-turn of residues 30-33, and probably
has an electrostatic interaction with Lys 34.

After this paper was submitted, kinetic evidence was
presented for a molten globule intermediate monomer state
of BDNF in renaturation from Gdn-HCI (Philo et al., 1993)
and in acid denaturation in trifluoroacetic acid (Narhi et al.,
1993b). This monomer is collapsed with significant amounts
of secondary structure, but not the correct tertiary structure
for dimerization (Philo et al., 1993; Narhi et al., 1993b). The
intermediate we propose for NGF denaturation at low pH
could represent the same state, although it is not characterized
sufficiently to confirm this interpretation. The decrease in
stability at low pH of all the neurotrophins (Figures 4 and 6;
Table 1) could reflect the formation, lowered stability, and
lack of tertiary or quaternary interactions of the molten globule
monomer.

Noncoincidence of Unfolding and Refolding Curves. Non-
coincidence of the unfolding and refolding curves for BDNF
and NT-3 occursat pH 7 (Figure 4; Radziejewskiet al., 1992).
However, in spite of the noncoincidence, the denaturation
process is reversible, since native-like spectroscopic charac-
teristics are recovered upon removal of denaturant by dialysis
at pH 4 or 7 (Figure 5; Radziejewski et al., 1992). Since
NT-3 achieved nearly full recovery of the far-UV CD spectra
in 48 h (Figure 5C) but not fluorescence in the refolding
period of 72 h (Figure 4F), the attainment of secondary
structure does not appear to be limiting. Interestingly, NT-
4/5,like mNGF, refolds relatively rapidly without hysteresis,
even though it is the only neurotrophin that contains an insert
of seven amino acids in the loop region at position 61. Several
days are required for equilibrating mNGF samples in the
denaturant transition region (Timm & Neet, 1992; Experi-
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mental Procedures); indeed, although mNGF is the fastest
equilibrating of the neurotrophins, it is much slower than most
other proteins that have been studied. Refolding mNGF
samples require longer periods of time to equilibrate than do
unfolding samples, as judged by recovery of the fluorescence
signal. Moreover, protein folding kinetics generally appear
to be more complex than unfolding kinetics (Kim & Baldwin,
1982). Therefore, a slow refolding step, exaggerated at
intermediate Gdn-HCI concentrations, is likely to account
for the hysteresis between these unfolding and refolding curves
of BDNF and NT-3 at pH 7.

As the equilibration problems occur only at intermediate
denaturant concentrations in the transition region, a denatur-
ant-independent and relatively faster process such as proline
isomerization (Kim & Baldwin, 1982) is unlikely to account
for hysteresis between these curves. Disulfide bond inter-
change was also considered in terms of the noncoincident
refolding and unfolding curves. However, denaturationstudies
under acidic conditions where interchange would be inhibited
did not entirely alleviate these problems (Figure 4). The
existence of the cystine-knot motif in NGF (McDonald &
Hendrickson, 1993) suggests the possibility that interaction
of the polypeptide chain through the restricted loop might
hinder the rate of movement and attainment of equilibrium.
We surmise, therefore, that the kinetic barrier may involve
quaternary associations or a final rearrangement of the tertiary
conformation of side chains near the tryptophans.

Comparisonof NeurotrophinSpectra. Differencesbetween
the neurotrophins were also revealed by differences in their
intrinsic fluorescence and circular dichroismspectra. Protein
tryptophan fluorescence intensity and emission maxima are
sensitive to the degree of fluorophore solvent accessibility
(Lakowicz, 1983). The relative fluorescence intensities and
emission maxima of the neurotrophins indicate that the degree
of solvent exposure of Trp increases slightly from NT-3 to
NGF (Table 1). Exposure of mNGF Trp residues to solvent
has been indicated (Frazier et al., 1973; Cohen et al., 1980),
in spite of their location in the dimeric interface (McDonald
et al., 1991). The additional Trp 101 present in NT-3 and
NT-4/5 does not account for all differences, as NT-3 has a
higher relative fluorescence intensity and a lower emission
maximum thanNT-4/5. The unexpected increaseinthe NT-3
and NT-4/5 polarization values that accompanies unfolding
is an indication that mobility of the dominant fluorophore
decreases upon unfolding of NT-3 and NT-4/5. Some local
residual interactions in Gdn-HCl may restrict the Trp rotation.
In contrast, the unfolding of mNGF, hNGF, and BDNF results
in fluorescence depolarization, indicating fluorophore mobility
increases upon unfolding. The low native fluorescence
polarization and the increase upon denaturation of NT-3 and
NT-4/5 correlate with the presence of the additional Trp
101; however, if this Trp 101 fluorophore contributes strongly
to the depolarization, it should not be quenched as suggested
by Narhi et al. (1993a).

The circular dichroism spectra presented here were included
to demonstrate the reversibility of the unfolding process.
However, qualitative differences in the secondary structures
of these proteins are also implied by these spectra. The ANGF
spectrum is similar to that of mNGF, with a single minimum
at 205 nm and a maximum at 190 nm (data not shown). The
BDNF, NT-3, and NT-4/5 spectra have signals at 230-232
and 197 nm that are absent from the NGF spectrum (Figure
5). Furthermore, the 197- and 205-nm signals in the NT-3
and NT-4/5 spectra are more distinct than in the BDNF
spectrum. Therefore, the NT-3 and NT-4/5 structures are
expected to be most similar, while the NGF structure is
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expected to be the least similar to the other neurotrophins.
The 197- and 230-232-nm signals present in the BDNF, NT-
3,and NT-4/5 spectra are at positions characteristic of either
B-turns (Compton & Johnson, 1986) or random and aromatic/
disulfide contributions (Perczel et al., 1992), as determined
from deconvoluted protein CD spectra. Therefore, the
structures located in the loop regions of BDNF, NT-3, and
NT-4/5 may differ from those found in the mnNGF structure.
The seven-residue insert in the loop region of NT-4/5 at
position 61 does not produce markedly different CD spectra,
although NT-4/5 does have a slight shift of the trough from
197 to 195 nm. The conformations of the N or C termini may
also contribute to differences in the CD spectra. Secondary
structural estimates based on the CD spectra of mNGF, hNGF,
BDNF, and NT-3 have been presented previously (Timm &
Neet, 1992; Timm et al., 1994; Radziejewski et al., 1992;
Nabhrietal., 1993a,b) and are consistent with primarily 8-sheet
proteins.

Conclusions. Neurotrophin sequence variations are con-
centrated in loop regions of the mNGF structure and in the
amino and carboxy termini, which are not defined in the mNGF
crystal structure (McDonald et al., 1991). Variablestructures
in these loop regions may confer receptor binding specificities
associated with the various neurotrophins (McDonald et al.,
1991; Ebendal, 1992; Bradshaw et al., 1993) and account for
differences in conformational changes observed upon binding
to the low-affinity neurotrophin receptor (Timm et al., 1994).
Indeed, mutations in one loop region of NGF decrease binding
tothe low-affinity neurotrophin receptor (Ibafezetal., 1992),
while deletion or mutation of the amino terminus of NGF
decreases the binding of NGF to Trk A (Kahle et al., 1992;
Ib4fiez et al., 1993). The studies presented here suggest that
structural variations in the loop regions and termini may
contribute both to neurotrophin receptor binding specificity
and to stability of the neurotrophins in solution. Engineered
neurotrophins were recently proposed (Ibdfiez et al., 1993) to
have advantages in the potential therapeutic use of these
proteins in treating nerve injury or degeneration. The
differences in neurotrophin stabilities reported here may also
be of therapeutic significance, as the half-life of an introduced
foreign protein may be related to its thermodynamic stability.
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ABSTRACT: Transfer RNAs (tRNAs) contain a set of defined tertiary hydrogen-bonding interactions that
are established between conserved and semiconserved nucleotides. Although the crystal structures of tRNAs
describe each of the tertiary interactions in detailed molecular terms, little is known about the underlying
structural parameters that stabilize the tertiary interactions. Escherichia coli (E. coli) tRNACY has an
unusual tertiary interaction between G15 in the dihydrouridine (D) loop and G48 in the variable loop that
is critical for cysteine aminoacylation. All other tRNAs have a purine 15 and a complementary pyrimidine
48 that establish a tertiary interaction known as the Levitt base pair [Levitt, M. (1969) Nature 224,
759-763; Klug et al. (1974) J. Mol. Biol. 89, 511-516]. In this study, the G15-G48 tertiary interaction
in E. coli tRNACYs was used to investigate the structural elements that contribute to its variation from the
Levitt base pair. Analysis with chemical probes showed that substitution of U21 with A21 in the D loop
and formation of a Watson—Crick base pair between nucleotides 13 and 22 in the D stem switch the
hydrogen-pairing of G15:G48 to a Levitt-like G15:G48 base pair. This switch was accompanied by a
decrease of the catalytic efficiency of aminoacylation by 2 orders of magnitude. In contrast, insertion of
additional nucleotides in the D or variable loops had little effect. The resultsshed new light on the significance
of A21 in tRNA structure, and suggest that the ability to establish tertiary interactions at U8-A14:A21
and at positions 13-22-46 that enhances the stacking interactions in the D-anticodon helix is a major determinant
for the tertiary interaction between positions 15 and 48.
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All tRNAs fold into an “L”-shaped structure through
tertiary hydrogen interactions (Rich & RafBhandary, 1976).
In the “L”-shaped three-dimensional structure of yeast
tRNAPhe 3 G15-C48 Levitt base pair stacks with a U8-A 14
reverse-Hoogsteen base pair to stabilize the joining of two
long helical stems of L, the acceptor—TWC stem and the
D-anticodon stem (Kim et al., 1974a; Robertus et al., 1974,
Ladner er al., 1975; Quigley & Rich, 1976). The stacking
interaction is such that G15is protected from chemical probes.
Studies with yeast tRNAPhe and with several others, have
shown that the N7 of purine 15 is not reactive with the chemical
probe dimethyl sulfate (DMS)! (Theobald et al., 1988; Puglisi
et al., 1993). However, G15 in Escherichia coli tRNACY is
reactive with DMS (Hou et al., 1993). The reactivity with
DMS suggests an alteration of the backbone structure at G15
such that it disrupts the stacking interaction of G15 with A14.
Analysis of this tRNA with the chemical probe kethoxal
suggests that G15 can form two hydrogen bonds with G438 to
establish a tertiary interaction that involves protons donated
from the exocyclic N2 and accepted by the guanine ring N3
(Hou et al., 1993). This hydrogen donor-acceptor scheme
has not been found in any other existing RNA structures, and
is quite distinct from the predicted Levitt G15-G48 tertiary
interaction, which would involve a hydrogen donor from N1
and a hydrogen acceptor of O6 (Figure 1). Thus, the unusual
G15-G48 tertiary interaction in E. coli tRNA®Ys is a variation
of the Levitt base pair, and provides an opportunity in
investigate the structural basis that contributes to this base
pair.

t This work was supported by Grant GM47935 from the National
Institutes of Health.

@ Abstract published in Advance ACS Abstracts, March 15, 1994.

! Abbreviations: DMS, dimethyl sulfate; DTT, dithiothreitol; SDS,
sodium dodecyl sulfate.
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FIGURE I: Proposed tertiary hydrogen-bonding interactions between
G15 and G48 that mimic the Levitt base pair (a) or hydrogen
interactions that involve a novel pairing scheme that was proposed
for G15-G48 in E. coli tRNA* (b) (Hou ef al., 1993). Only the
(b) configuration is capable of reacting the N1 and N1 hydrogens
of guanines with kethoxal, RC,(H);(OH),, to form a five-membered
ring adduct (shaded in circles).

The unusual G15-G48 base pair in E. coli tRNACY has a
critical role in the specific aminoacylation by E. coli cysteine—
tRINA synthetase (Hou ef al., 1993; Hou, 1993). Alteration
of this base pair to G15-C48 or C15-G48 essentially eliminates
aminoacylation in vitro, while substitution of this base pair
with G15-U48 or U15-G48 retains partial activity. The
dependence of aminoacylation on G15-G48 is probably related
tothe unique backbone structure of G15. Structural modeling
shows that the sugar—phosphate backbone at position 15 in
the partially active mutants is aligned with that in the wild
type, but substantially altered in the defective mutants (Hou
etal., 1993). Itshould be noted thatinthe Levitt configuration,
alteration of nucleotides within the confines of base comple-

© 1994 American Chemical Society
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mentarity does not have a significant effect on aminoacylation
(Sampson et al., 1990).

To elucidate the structural basis in E. coli tRNACs that
contributes to the unusual G15.G48 base pair, the rationale
was to introduce site-directed nucleotide substitutions to the
tRNA and look for substitutions that switch the unusual
G15-G48 base-pairing to the Levitt configuration. The
nucleotide substitutions that confer the switch of base-pairing
were interpreted as the structural elements that were required
for the unusual base pair. The two types of base-pairings can
be distinguished by chemical probes and by in vitro amino-
acylation with cysteine—~tRN A synthetase. The present studies
show that substitution of U21 with A21 in the D loop and
creation of a complementary U13-A22 base pair that replaces
the mismatched A13:-A22 collectively switch the unusual
G15-G48 to a Levitt-like base pair. The switch is manifested
by changes of hydrogen bonds and by an enhanced stacking
interaction between G15 and A14 such that the N7 of G15
is protected from DMS. The switch results in decreased
aminoacylation of E. coli tRNAS¥, and confirms the depen-
dence of the cysteine enzyme on the unusual G15-G48 for
aminoacylation. Theresults wereinterpreted in the framework
of stacking interactions in the crystal structure of tRNAs,
and provided some insight into the predictions of RNA
structure.

MATERIALS AND METHODS

Construction of tRNA Mutants. Plasmid derivatives of
pTFMa that encode the genes for mutants of E. coli tRNACs,
flanked by the T7 RNA polymerase promoter and a BstNI
restriction site, were prepared by procedures described
previously (Hou et al., 1993; Putz et al., 1991; Sampson et
al., 1988). Transcription of tRNA mutants was carried out
at 37 °C for 3 h in 250-uL reaction mixtures that contained
25 ug of BstNI-cleaved plasmid DNA, 4 mM each NTP, 16
mM GMP, 40 mM Tris-HC], pH 8.1, 30 mM MgCl,, 1 mM
spermidine, 5mM DTT (dithiothreitol), 0.01% Triton X-100,
0.4 unit/uL RNasin (Promega), and 80 units/ul. T7 RNA
polymerase. The transcription products were phenol-extract-
ed, ethanol-precipitated, and separated by a 12% PAGE/7M
urea gel. Full-length transcripts were eluted from gel slices
by a Schleicher & Schuell electroelution apparatus, and
ethanol-precipitated. The yield is typically 50-100 ug for a
full-length transcript.

Aminoacylation with Cysteine. Aminoacylation was as-
sayed at 37 °C in 24 uL of a buffer containing 20 mM KCl,
10 mM MgCl,, 25 mM DTT, 2 mM ATP, 20 mM Tris-HCI
(pH 7.5), 50 uM cysteine, 0.385 uM [3S]cysteine (New
England Nuclear, greater than 600 Ci/mmol), and 1-10 uM
purified tRNA transcript [in 10 mM Tris-HCI (pH 8.0)/1
mM EDTA] that was previously heated (70 °C, 2 min) and
reannealed at room temperature (Hou et al., 1993). Ami-
noacylation was initiated by adding 4 uL of an appropriately
diluted purified E. coli cysteine—tRNA synthetase (e.g., 4
nM for the wild-type transcript) (Hou et a/., 1991). Atvarious
time points, aliquots of 4 uL of the aminoacylation reaction
were removed to a 20-uL stop solution of 0.24 M iodoacetic
acid/0.1 M sodium acetate (pH 5.0) in formamide, and the
alkylation reaction was incubated at 37 °C for 30 min. A
portion of the alkylation reaction (12 ul.) was spotted onto
a Whatman 3MM filter pad, precipitated with trichloroacetic
acid, and washed as previously described (Schreier &
Schimmel, 1972).

Chemical Modificationwith Dimethyl Sulfate (DMS). The
tRNAs were labeled at the 3/ end with [5/-32P]pCp (New
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England Nuclear) by T4 RNA ligase (New England Biolabs)
at 4 °C overnight (Pan & Uhlenbech, 1992). The labeled
tRNAs were purified by denaturing gel electrophoresis (12%
PAGE/8 M urea), eluted by extraction of the gel slices with
0.125 M NH4OAc, 0.125 mM EDTA, and 0.025% SDS,
ethanol-precipitated, and counted. Modification with DMS
was carried out with 4 uM tRNAs, 30 000 Cerenkov counts
of the 3'-labeled tRNA in 10 mM MgCl,/50 mM sodium
cacodylate, pH 7.2, and 0.5% DMS (diluted in ethanol) for
5 min for the native condition. For the semi denaturing
condition, tRNA was heated at 90 °C in water for 2 min,
cooled on ice for 2 min, equilibrated in 1 mM EDTA and 50
mM sodium cacodylate, pH 7.2, and then treated with 0.5%
DMS for 2 min. DMS resulted in chain scissions which, after
aniline treatment (Peattie & Gilbert, 1980), generated labeled
tRNA fragments that could be separated by gel electrophoresis
and detected by autoradiography.

Chemical Modification with Kethoxal. Modification with
kethoxal was carried out with 2.4 uM tRNAs in 50 mM sodium
cacodylate, pH 7.2, and 0.02% kethoxal for 10 min at room
temperature with 10 mM MgCl, for the native condition, and
with 1 mM EDTA for the semidenaturing condition (previously
heat—cool-treated as described for the DMS reaction)
(Theobald et al., 1988). Modifications were stopped by adding
KOH-borate (pH 7.0) to a final concentration of 15 mM,
followed by ethanol-precipitation. After modifications, tR-
NAs were denatured and annealed with a 5-end-labeled
oligonucleotide primer that was complementary to the 3’-end
sequence of the tRNA from p61 to p76. The primer was
extended by AMYV reverse transcriptase (2 units, Life Sciences)
in 6.3 mM Tris-HCI (pH 8.0), 6 mM MgCl,, 40 mM KClI,
20 mM KOH-borate, and 0.25 mM each dNTP at 42 °C for
30 min. Primer extension stopped at the site of modification.
The extended fragments were separated by denaturing gel
electrophoresis and were detected by autoradiography
(Theobald et al., 1988; Wakao et al., 1989; Ehresmann et al.,
1987).

RESULTS

E. colitRNACy hasa D3V4 configuration (three base pairs
in the D stem and four nucleotides in the variable loop) rather
than the D4V$ configuration that is observed in the cloverleaf
structure for the majority of other tRNAs, including yeast
tRNAPhe At position 13-22, where the D4V5 tRNAs have
a complementary base pair, E. coli tRNACY has an A13.A22
mismatch. Adjacent to this mismatch is a U21 in the D loop,
whereas more than 99% of alltRNAs have A21 or G21 (Sprinzl
et al., 1991). Inspection of available sequences of tRNAs
shows that the coexistence of U21 and the D3V4 configuration
is unique to E. coli tRNASY, and is absent from all other
tRNAs (Sprinzl et al., 1991). Site-directed mutagenesis was
performed in E. coli tRNACYs to introduce substitution of
A13 with U13 and of U21 with A21, and the addition of G47
to create a D4V5 configuration that carries an A21 (Figure
2). Individual nucleotide substitutions were also generated
for comparison. Moreover, a U17 was added to the D4V5
configuration so that the size and shape of the D~V loops in
E.colitRNASs would resemble those in yeast tRN AP, These
nucleotide substitutions were tested for their ability to switch
the base-pairing at G15-G48 to the Levitt configuration.

The switch was monitored by kethoxal reactivity at G48.
Kethoxal can react with N1G and N2G to form a five-
membered ring adduct (Figure 1) that can be detected during
primer extension of the modified tRNA. The adduct was
detected as the reverse transcriptase stopped the primer
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FIGURE 2: Nucleotide sequence and cloverleaf structure of E. coli
tRNACs, The G15 and G48 that establish an unusual tertiary
interaction are indicated by shading. Nucleotide substitutions at
Al13 and U21 are indicated by open boxes, and insertion of G47 and
U17 is shown by arrows.

extension on the tRNA template at the site of the kethoxal
adduct. At G48 of the wild-type E. coli tRNACYs, kethoxal
was reactive, indicating the presence of free N1G and N2G
in the hydrogen-pairing scheme between G48 and G15 (Hou
et al., 1993). If the base-pairing had been converted to
G15-G48 ina Levitt configuration, neither G48 nor G15 would
have a free N1G, and thus neither would be reactive with
kethoxal. Introduction of U13 or A21 alone had no effect on
the kethoxal reactivity at G48 (Table 1). However, the
combination of Ul3 and A2l substitutions reduced the
kethoxal reactivity at G48 toa marginal level, indistinguishable
from a control which did not react with kethoxal. It should
be noted that the primer extension reaction had nonspecific
stopsat G48 due to random pauses by the reverse transcriptase
(gels not shown), and therefore the reactivity of kethoxal at
G48 was measured relative to the control. Further addition
of G47 and U17 eliminated residual kethoxal reactivity at
G48.

The elimination of kethoxal reactivity at G48 suggests that
the N1 of G48 was involved in hydrogen-pairing with G15.
If this base-pairing is maintained by sugar—phosphate back-
bones that mimic those in the Levitt base pair at positions 15
and 48, then the purine ring of G15 would stack with the
purinering of Al4such that the N7 of G15 would be protected
from the chemical probe DMS. The reactivity with DMS at
G15 was therefore determined for the mutants. The DMS
reaction resulted in scission in the polynucleotide chain at
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FIGURE 3: Phosphorimager analysis of the DMS reactivity at G15
in the wild type (lanes 1-3), U13 mutant (lanes 4-6), A21 mutant
(lanes 7-9), UI3A21 mutant (lanes 10-12), and UI13A21/+G47
mutant (lanes 13-15) of E. coli tRNAS*, Lanes 1,4, 7, 10,and 13
show controls, where individual tRNAs were not subjected to DMS
treatment; lanes 2, 5, 8, 11, and 14 show the reactivity of individual
tRNAs with DMS under native conditions; lanes 3, 6,9, 12, and 15
show the reactivity of individual tRNAs with DMS under semide-
naturing conditions. Arrows indicate the DMS cleavage products
that end at G15, G18/G19, and G45, respectively.
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G135, which could be detected as a truncated fragment on a
denaturing polyacrylamide gel. The tRNA was end-labeled
for the DMS reaction, and the intensity of the radioactivity
for the DMS cleavage productat G15 wassubjected toanalysis
by phosphorimager (Figure 3). The intensity was normalized
to an internal control at G34 that also reacted with DMS.
Introduction of U13, or A21, or the addition of G47 had no
substantial effect on the reactivity with DMS at G15 (Table
1). Thedouble substitution U13A21 markedly decreased the
ability of G15 to react with DMS to only 5% of that of the
wild type. The 20-fold decrease in the DMS reactivity at
G15 would be consistent withan increased stacking interaction
between G15and A14. Whileother possibilities for a decrease
in DMS reactivity at G15 exist, an increase in the stacking
interaction would provide evidence for the switch of base-
pairing at G15G48 to a Levitt configuration. Subsequent
addition of G47 and U17 did not enhance the stacking
interaction further, and the mutant retained the 5% DMS
reactivityat G15as exhibited by the U13A21 mutant. Under

Table 1: Nucleotide Substitutions That Lead to Conversion of the Tertiary Base-Pairing at G15-G48 in E. coli tRNACys

aminoacylation kethoxal DMS
nucleotide substitutions relative ke / Km? reactivity at G48% reactivity at G15¢

wild type 1.0 >1.0 1.0
Al13—Ul3 0.33 >1.0 0.73
U2l — A21 0.22 >1.0 0.67
addition of G47 0.81 nd9 1.0
Al13—Ul3and U21 — A21 0.0067 1.0 0.05
A13—Ul13,U21 — A21 and addition of G47 0.0069 0.41 0.05
Al13—Ul3, U21 — A21, and addition of G47 and U17 0.0064 <0.10 <0.05

@ The initial rate of aminoacylation was measured with 4 nM cysteine-tRNA synthetase [specific activity, 1.8 nmol min-! (ug of protein)-! and tRNA
concentrations that ranged from 1 to 16 uM. The Ky, of the wild-type tRNA transcript for the enzyme is 5 uM. The kcy /K Was obtained from the
slope of the initial rates vs tRNA concentrations and had an accuracy of 10%. ? The kethoxal reactivity at G48 was indicated as a relative ratio to
the reactivity of G48 in the control that did not react with kethoxal. The “>1.0” denotes a greater reactivity than the control whereas a ratio that
is equal to or smaller than 1.0 means no reactivity. ¢ The DMS reactivity at G15 was measured by the phosphorimager to estimate the intensity of
the reaction, which was then normalized to an internal control at G34. The reactivity is then given as a ratio to the wild type. 4 Not determined
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the same reaction conditions, yeast tRNAPh showed no
reactivity with DMS at G15 (not shown).

The residual 5% DMS reactivity at G15 in the U13A21
double mutant suggests some variation from the normal Levitt
base pair. It is not known whether this variation reflects the
intrinsic difference between a G-G base pair and a G-C base
pair in the Levitt configuration. It should be noted that, by
using Pb2* cleavage of tRNA as an indicator for the overall
structural integrity, a G15-G48 variant of yeast tRNAP" had
a 5-fold reduced rate of cleavage compared to that of the wild
type (Behlen et al., 1990).

While the switch of G15-G48 to the Levitt configuration
in the U13A21 mutant was supported by the kethoxal and
DMS reactivities, it was also accompanied by a decrease in
the aminoacylation activity with cysteine. The catalytic
efficiency of aminoacylation for the cysteine enzyme (Kca:/
Kn) was investigated with a series of tRNA concentrations
that were below the K, of the mutant. Under this condition,
the initial rate was proportional to kcat/Km and was used to
compare the catalytic efficiency of the mutant relative to the
wiid type. The U13A21 mutant and the mutants with these
two substitutions and the addition of G47 and U17 all showed
a more than 100-fold reduction in ke /Km (Table 1). This
decrease in kca/Kp is in the same range as the decrease of
Kcar/ Kmdue toalteration of G15-G48 in the wild-type tRNACYs
to either G15-G48 or C15-G48. The extents of reduction in
aminoacylation among these three mutants were essentially
the same. On the other hand, single substitution of U13 or
A21 had a less than 2-fold effect on k¢a/Km. The results
highlighted the importance of the U13A21 double substitution
in catalysis. Because catalysis is concomitant with tRNA
conformational change, the lack of aminoacylation catalysis
in the double mutant suggested a structural defect. Thus, the
results of aminoacylation were consistent with the results of
kethoxal and DMS chemical probes that showed a structural
switch at G15-G48 upon introduction of U13 and A21.

DISCUSSION

The tRNAsinvestigated in this study are run-off transcripts
that contain no modified bases. The native E. coli tRNACY
has modifications at positions 8, 20, 21, 32, 37, 39, 54, and
55. Previous study has shown that the native tRNA reacted
to DMS and kethoxal in the same manner as the wild-type
transcript, and has only a 5-fold higher catalytic efficiency of
aminoacylation (Hou et al.,1993). Allthe mutants thataffect
the G15-G48 base pair have a more than 100-fold decrease
in catlaytic aminoacylation. Thus, it appears that although
the modified bases are believed to contribute to the stability
of overall tRNA tertiary structure (Rich & RajBhandary,
1976), they do not have a major role in the formation of the
G15-G48 base pair.

Comparison of the sequence of E. coli tRNACY with all
other tRNAs suggests that there are perturbations of the
stacking interactions in the D stem and loop of this tRNA
(see below). The perturbation is best demonstrated by the
reactivity of G15 to DMS in the wild-type tRNA, whereas
purine 15 is normally unaccessible to chemical probes in other
tRNAs. Introduction of U13 and A21 shifts the accessible
G15. One likely consequence of this shift is that G15 would
stack with A14. On the basis of the DMS reaction, the level
of stacking would be within 95% of that in the yeast tRNAPhe,
The U13A21 mutant has a D4V4 configuration, which is one
nucleotide short of the D4V 5 configuration of yeast tRN APhe
in the variable loop. Addition of G47 in the variable loop
does not further enhance the stacking interaction between
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FIGURE4: Proposed stacking interactions between various nucleotides
in the UI3A21 mutant of E. coli tRNAS¥, where nucleotides U13
and A21 are shaded. The region of the D stem—loop that differs in
stacking interactions between the mutant and the wild type is indicated
by a box. The proposed perturbation of the stacking interactions in
the wild type is shown in the insert. The stacking interactions that
are predicted to preserve as in the analogous positions in the crystal
structure of yeast tRNAPhe are shown by black bars. Only nucleotides
that are involved in the stacking interactions are shown. The
connectivity of the nucleotide sequence is indicated by the number.

G15 and Al4. In the crystal structure of yeast tRNAPhe,
nucleotide 47 is not involved in the tertiary hydrogen or stacking
interactions, and is projected away from the center of the
tRNA. If the reduced accessibility at G15 reflects enhanced
stacking interaction, it is likely that the U13A21 mutant of
E. coli tRNASY has acquired most, or all, of the stacking
interactions in the D stem-loop that are observed in yeast
tRNAPhe,

Figure 4 shows the proposed stacking interactions in E. coli
tRNACY and in the UI3A21 mutant. The figure is drawn
on the basis of the stacking interactions in yeast tRN AP, but
with substitution of the nucleotide sequence for E. coli
tRNAC», The U13A21 mutant shares the composition of
A21, U8, and A14 with yeast tRNAPh and therefore can be
proposed to establish a hydrogen bond between the N1 of A21
and the 2’-OH of ribose 8 as is observed in yeast tRNAPhe
(Kimetral.,1974a,b; Robertuset al., 1974). The A21-U8-A14
tertiary interaction in yeast tRNAPhe forms a plane, which
enables A21 to stack under the Levitt base pair (Kim et a/.,
1974b; Ladner et al., 1975). If the proposed model is correct,
A21inthe U13A21 mutant would also stack under the Levitt-
like G15-G48. Below this A21-U8-A14 tertiary interaction
in yeast tRNAPre js a C13-G22 base pair that forms two
hydrogen bonds in the major groove between G22 and a
positively charged m’G46 (Kim et al., 1974a,b; Robertus et
al.,1974). This C13.G22-G46 tertiary interaction contributes
further to the stacking interactions in the D stem. A similar
tertiary interaction of U13-A22-A46 can be proposed for the
U13A21 mutant, whereby the N1 and N6 of A46 would form
a hydrogen bond, respectively, with the N6 and N7 of A22
(Kim et al., 1974b). In fact, the combination of A46 and
U13-A22 is found in the sequence of yeast tRNAA™®, which
alsohas A21 and U8-A 14 (Sprinzlet al.,1991). Thissuggests
that the proposed hydrogen and stacking interactions in the
U13A21 mutant arerepresented in a naturally existing tRNA.

In contrast, the wild-type tRNAC¥s contains a U21, which
is modified as dihydrouridine (D) in the native tRNA.
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Although U21 (or D21) in principle can form a hydrogen
bond with the 2’-OH of ribose 8, it is not known if this hydrogen
bond would maintain U21 on the same plane of U8-Al4.
Considerable variation in the ribose phosphate backbone at
U21 can be envisaged that can interfere with the stacking
interaction between U8:A 14 and G15-G48. Conversely, the
mismatched A13.A22 does not mean that nucleotides 22 and
46 cannot be stacked. All of the D3V4 tRNAs have
mismatched nucleotides at 13 and 22, yet they maintain a
Levitt base pair. For example, the crystal structure of E. coli
tRNAGI? shows that the mismatched A13-A22, which pairs
with U46, is stacked under A21-U8-A14 while maintaining
a normal Levitt G15-C48 base pair (Rould ef al., 1989). 1t
is possible that the bulkier A at positions 13, 22, and 46 cannot
be easily accommodated in the same plane. Introduction of
a complementary U13 may remove some of the constraints
and enhance the stacking interaction at 13.22.46. Thus,
installation of both A21.U8:A14 and a U13-A22 base pair
that could stabilize the stacking interaction at 13.22.46 is
necessary to maintain a Levitt-like G15:G48 base pair.

Examination of the DMS chemical probe data (Figure 3)
suggests that, except for the switch at G15.G48, all tRNA
mutants that were investigated here maintain an overall
tertiary structure similar to that of the wild type. This is
indicated by their relative reactivities to DMS at various
positions. For example, phosphorimager analysis of band
intensity shows that G24 in the wild type reacts to DMS almost
twice as strongly as G42. This ratio of 2 for G24 vs G42 is
preserved in all four mutants under the native conditions.
However, it is fair to say that the U13A21 and U13A21/
+G47 mutants may have acquired additional structural
changes from the wild type at positions outside of G15-G48.
Thesechanges are reflected by the enhanced DMS reactivities
at G24 and G34 under semidenaturing conditions. Because
these changes are not as significant as the changes at G15 for
these mutants, they are probably minor. It is possible that
the additional minor changes are brought about by the switch
at G15.G48.

Inspection of tRNA sequences shows that, besides E. coli
tRNACY, only three other tRNAs have a pyrimidine at position
21. Allthese tRNAs have an unusual nucleotide composition
at positions 15 and 48; e.g., U15:A48 for Aedes albopictus
tRNAGY that has U21, A15.-A48 for yeast tRNAFro that has
C21,and U15-C48 for a bovine tRNASer that has U21 (Sprinzl
etal.,1991). Althoughthedetailed structure of these tRNAs
is not known, the presence of pyrimidine 21 appears to promote
variations from the normal Levitt base pair. Thus, the use
of G15.G48 to elucidate U8:-A14-A21 as one of the structural
elements that contribute to the Levitt base pair has useful
applications. It will be interesting to establish the structural
requirements in a tRNA that contribute to other tertiary
interactions. The understanding of these requirements would
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ultimately assist in our ability to design and predict RNA
tertiary structure.
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Structural Characteristics of the Nucleotide-Binding Site of Escherichia coli

Primary Replicative Helicase DnaB Protein. Studies with Ribose and
Base-Modified Fluorescent Nucleotide Analogs'
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Department of Human Biological Chemistry & Genetics, The University of Texas Medical Branch at Galveston,
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ABSTRACT: Structuralcharacteristics of the base- and ribose-binding regions of the high-affinity noninteracting
nucleotide-binding site of Escherichia coli primary replicative helicase DnaB protein have been studied,
using the base-modified fluorescent nucleotide analog 1, N%-ethenoadenosine diphosphate (¢ADP) and the
ribose-modified fluorescent analogs 3/(2")-O-(/V-methylantraniloyl)adenosine 5’-diphosphate (MANT-ADP),
3’-0-(N-methylantraniloyl)deoxyadenosine 5/-diphosphate (MANT-dADP), 3/-0-(N-methylantraniloyl)-
deoxyadenosine 5'-triphosphate (MANT-dATP), and 2/(3")-O-(2,4,6-trinitrophenyl)adenosine 5'-diphosphate
(TNP-ADP). The obtained data indicate contrasting differences between these two regions. Binding of
¢ADP to the DnaB helicase causes only ~21% increase of the nucleotide fluorescence intensity and no shift
of the emission spectrum maximum. The fluorescence of bound ¢ADP is characterized by a single lifetime
of 24.2 & 0.6 ns, only slightly shorter than the fluorescent lifetime of the free ¢eADP in solution (25.5 +
0.6 ns). Solute-quenching studies of bound eADP, using different quenchers, acrylamide, I, and TI,
indicate limited accessibility of ethenoadenosine to the solvent. These results strongly suggest that the
base-binding region of the DnaB nucleotide-binding site is located in the polar cleft on the enzyme’s surface.
Moreover, the limiting emission anisotropy of bound eADP is 0.21 £ 0.02, compared to the anisotropy of
0.3 of completely immobilized eADP at the same excitation wavelength (Ax = 325 nm, A, = 410 nm),
indicating that the adenine preserves substantial mobility when bound in the base-binding site. In contrast,
fluorescence intensity at the emission maximum of TNP-ADP and MANT-ADP, which has modifying
groups attached to the 2’ and/or 3’ oxygens of the ribose, increases upon binding to DnaB by factors of
~4.,7 (Aex =408 nm) and ~2.6 (Aex =356 nm), respectively. Moreover, the maximum of emission spectrum
of bound TNP-ADP is blue-shifted by ~11 nm and that of MANT-ADP by ~12 nm. Comparisons
between spectral properties of TNP-ADP and MANT-ADP bound to DnaB and in different solvents suggest
that the ribose-binding region of the DnaB nucleotide-binding site has relatively low polarity. Solute
quenching studies of MANT-ADP fluorescence, using acrylamide, I-, and T1*, indicate that the MANT
group has very little accessibility to the solvent when bound to DnaB. Taken together, these results suggest
that the ribose-binding region constitutes a hydrophobic cleft, or pocket, with very limited, if any, contact
with the solvent. Moreover, fluorescence anisotropy of bound TNP-ADP and MANT-ADP is 0.32 £ 0.02
and 0.33 £ 0.02, respectively. These values are very close to the fundamental anisotropies of TNP-ADP
and MANT-ADP, indicating that the fluorophores attached to the ribose have very restricted motional
freedom. Fluorescence of MANT-ADP free in solution decays with a nearly homogenous single lifetime
of 3.9 £ 0.2 ns. However, upon binding, the emission is characterized by two components (r, = 13.1 £
0.5 ns, amplitude = 0.76, and 7, = 6.0 £ 0.2 ns, amplitude = 0.24). Very similar double-exponential
fluorescence decays have been obtained with bound MANT-dADP and MANT-dATP. The data indicate
that the chromophores attached to the ribose experience two different environments when bound to the
DnaB helicase, which may reflect the existence of two different conformations of the ribose-binding region
of the DnaB helicase nucleotide-binding site. This resuit is in contrast to a single environment and probably
a lack of discrete conformational heterogeneity at the base-binding region, as probed by eADP fluorescence.
Thus, the data indicate that conformational heterogeneity is localized around the ribose and not transmitted
to the base-binding region, suggesting limited communication between base- and ribose-binding sites. The
reported results provide the first insight into the nature of the significant structural differences between
base- and ribose-binding regions of the nucleotide-binding site of the DnaB helicase. The importance of
these differences, in terms of the biological functioning of the DnaB protein, is discussed.

The DnaBprotein is a key replication proteinin Escherichia
coli (Kornberg & Baker, 1992), which is involved both in

t This work was supported by NIH Grant R01 GM-46679 (to W.B.).

* Send correspondence to this author at Department of Human
Biological Chemistry & Genetics, The University of Texas Medical Branch
Galveston, 301 University Boulevard, Galveston, TX 77555-0653.

1 On leave from Laboratory of Physical Chemistry, Drug Science
Institute, Department of Pharmacy, Warsaw Medical School, Banacha
1, Warsaw, Poland.

initiation and elongation stages of DNA replication and also
plays a fundamental role in the replication of phage and
plasmid DNA (McMacken et al., 1977; Ueda et al., 1978;
Kaguni et al., 1982; Matson & Kaiser-Rogers, 1990). The
protein is the E. coli primary replicative helicase, i.e., the
factor responsible for unwinding the DNA duplex in front of
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the replication fork (LeBowitz & McMacken, 1986; Baker et
al.,, 1987). DnaB protein is the only helicase required to
reconstitute DNA replication in vitro from the chromosomal
origin of replication (oriC). Inits roleasa “mobile replication
promoter”, DnaB protein binds tossDNA.! The nucleoprotein
complex is then specifically recognized by the primase (Arai
& Kornberg, 1981b).

DnaB protein displays multiple activities in vitro which
reflect its interactions with different ingredients in the
primosome and the protein—nucleic acid complexes formed at
the origins of bacterial and phage DNA replication. These
activities include (1) binding of INTPs (particularly ATP)
and dNTPs (Arai et al., 1981a; Arai & Kornberg, 1981a—;
Reha-Krantz & Hurwitz, 1978b; Bujalowski & Klonowska,
1993), (2) ATPase and ribonucleotide triphosphatase activities
(Arai & Kornberg, 1981a—c; Reha-Krantz & Hurwitz, 1978b;
Bujalowski & Klonowska, 1993), (3) binding toss- and dsDNA
(Arai & Kornberg, 1981a,b; Reha-Krantz & Hurwitz, 1978b;
LeBowitz & McMacken, 1986), (4) interactions with DnaC
protein (Wahle et al., 1989a,b; Allen & Kornberg, 1991),
primase (DnaG protein) (Arai & Kornberg, 1981b; LeBowitz
& McMacken, 1986), phage A-encoded P protein (Wickner,
1978; Malloryetal., 1990), and phage P1-encoded ban protein
(Lanka et al., 1978), and (5) possible interactions with single-
stranded binding (SSB) protein which strongly stimulates
DnaB helicase activity (LeBowitz & McMacken, 1986).

In solution, the native DnaB protein exists as a stable
hexamer composed of six identical subunits with a monomeric
molecular weight of 52 265. The hexamer is most probably
the species active in vivo (Arai et al., 1981a; Reha-Krantz &
Hurwitz, 1978a; Bujalowski and Klonowska, submitted).

The binding, or binding and hydrolysis, of ATP is the key
element regulating DnaB protein activities, including affinity
toward nucleic acids and other components of the replication
apparatus (Arai & Kornberg, 1981a—c; Arai et al., 1981b;
Reha-Krantz & Hurwitz, 1978b; LeBowitz & McMacken,
1986). It has been proposed that ATP acts as a very specific
positive allosteric effector which induces a conformational
change in the protein and increases its affinity for ss nucleic
acids. Moreover, the unwinding of duplex DNA by the DnaB
helicase is fueled by the hydrolysis of ribonucleoside triphos-
phates, with ATP being the most efficient (LeBowitz &
McMacken, 1986; Matson & Kaiser-Rogers, 1990).

It is clear that understanding the nucleotide interactions
with DnaB protein, and its regulatory role, is indispensable
for understanding different activities of the enzyme. Although
the importance of the control and regulation of the DnaB
protein functions by nucleotide phosphates has been recog-
nized, the mechanism and the nature of this control still remain
unknown at the molecular level.

Quantitative studies of the nucleotide binding to the DnaB
helicase have established that the hexamer has six nucleotide-
binding sites, presumably one on each protomer (Arai &
Kornberg, 1981b; Bujalowski & Klonowska, 1993). On the
basis of thermodynamically rigorous fluorescence titrations,
we have determined that the binding process is biphasic, with
the first three nucleotide molecules binding in the high-affinity

1 Abbreviations: TNP-ADP, 2/(3")-0-(2,4,6-trinitrophenyl)adenosine
5’-diphosphate; eADP, 1,NS-ethenoadenosine diphosphate; MANT-ADP,
3/(2)-O-(N-methylantraniloyl)adenosine 5’-diphosphate; MANT-dADP,
3’-0-(N-methylantraniloyl)deoxyadenosine 5’-diphosphate; MANT-
dATP ¥-O-(N-methylanttraniloyl)deoxyadenosine 5’-triphosphate; SSB,
E. coli single-stranded binding protein; Tris, tris(hydroxymethyl)-
aminomethane; ssSDNA, single-stranded deoxyribonucleic acid; dsDNA,
double-stranded deoxyribonucleic acid.
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step and the next three nucleotides binding in the low-affinity
step. The biphasic behavior of binding isotherms results from
the negative cooperative interactions among binding sites. The
physiological role of the high- and low-affinity binding sites
is still unknown. The statistical thermodynamic model, the
hexagon, in which the negative cooperativity is limited to
neighboring subunits, provides an excellent description of the
binding process of nucleotides to the DnaB helicase (Bujalowski
& Klonowska, 1993).

Early steady-state enzyme kinetic studies suggested sig-
nificant differences between the base- and ribose-binding
regions of the DnaB nucleotide-binding site in affecting the
enzyme activities. Thus, the hydrolysis of nucleoside triphos-
phates, as well as the helicase activity, was relatively
independent of the nature of the base (Arai & Kornberg,
1981a; LeBowitz & McMacken, 1986). On the other hand,
DnaB could not hydrolyze either deoxynucleoside triphos-
phates or TNP-ATP, with a fluorescent group (TNP) attached
to the 2’ and 3’ oxygens of the ribose (Arai & Kornberg,
1981a; Bujalowski & Klonowska, 1993). Also, the enzyme
could not unwind duplex DNA in the presence of only
deoxynucleotides, indicating intimate involvement of the sugar
moiety of the nucleotide in the enzyme catalysis (LeBowitz
& McMacken, 1986). Both y-phosphate and intact ribose,
but not the base moiety, appeared to be decisive elements in
inducing allosteric interactions between the nucleotide and
the ssDNA-bindingsite (Arai & Kornberg, 1981b; Bujalowski
and Klonowska, manuscriptin preparation). Clearly, different
structural regions of the bound nucleotide molecule seem to
beable toact either independently, triggering specific responses
of the DnaB helicase through highly localized conformational
changes, or together ina concerted way. Inorder tounderstand
these complex interactions, the structure of the DnaB helicase
nucleotide-binding site has to be determined.

In this communication, we describe the systematic studies
of the structural characteristics of both the base- and ribose-
binding regions of the high-affinity noninteracting nucleotide-
binding site of the E. coli DnaB helicase, using different
fluorescent nucleotide analogs: 1,N®-ethenoadenosine diphos-
phate (¢ADP), 3'(2’)-O-(/N-methylantraniloyl)adenosine 5’-
diphosphate (MANT-ADP), 3’-O-(N-methylantraniloyl)-
deoxyadenosine 5’-diphosphate (MANT-dADP), 3/-O-(N-
methylantraniloyl)deoxyadenosine 5'-triphosphate (MANT-
dATP), and 2/(3’)-0-(2,4,6-trinitrophenyl)adenosine 5'-
diphosphate (TNP-ADP). These analogs differ by type and
location of the modifying groups. In the case of TNP and
MANT derivatives, the fluorescent groups are located on the
ribose, while in the etheno derivative, the fluorescent modi-
fication is on the adenine residue (Bujalowski & Klonowska,
1993).

The obtained results provide the first characterization of
the structural differences between the base- and ribose-binding
regions of the nucleotide-binding site of the DnaB helicase.
While the data indicate that the base is located in a rather
polar environment and has relatively high motional freedom,
the ribose is located in a hydrophobic region and has strongly
constrained mobility. Solute quenching studies suggest that
the base is significantly shielded but still has some access to
the solvent. However, analogous studies suggest, within
experimental accuracy, inaccessibility of the ribose-attached
fluorophores to the solvent molecules. Moreover, fluorescence
lifetime measurements of the MANT group indicate that the
fluorophore senses two different environments, possibly two
different conformations of the ribose-binding region. Only a
single fluorescence lifetime was detected for the bound ¢ADP,
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suggesting that the conformational heterogeneity around the
ribose is not transmitted to the base-binding region of the
nucleotide-binding site of the DnaB helicase.

MATERIALS AND METHODS

Reagents and Buffers. All chemicals were reagent grade.
All solutions were made with distilled and deionized 18 MQ
(Milli-Q) water. The standard buffer (T2) was 50 mM Tris
adjusted to pH 8.1 at appropriate temperatures with HCI, 5
mM MgCl,, and 10% glycerol. The temperatures and the
concentrations of NaCl in the buffer are indicated in the text.

Nucleotides. TNP-ADP was from Molecular Probes
(Eugene, OR). The nucleotide was additionally purified, as
described by Hiratsuka and Uchida (1973). ¢ADP, from
Sigma, was used without further purification. MANT-ADP,
MANT-dADP, and MANT-dATP were synthesized by the
method of Hiratsuka (1983). All nucleotides used in the
binding studies were >95% pure as judged by TLC on silica.

DnaB Protein. The E. coli DnaB protein was purified from
overproducing strain RLM 1038, generously provided by Dr.
Roger McMacken (Johns Hopkins University), using a slightly
modified Arai-Kornberg procedure (Arai et al, 1981a;
Bujalowski & Klonowska, 1993). The protein was >97% pure
as judged by SDS polyacrylamide gel electrophoresis with
Coomassie Brilliant Blue staining. The concentration of the
protein was determined spectrophotometrically using the
extinction coefficient e30 = 1.85 X 105 cm~! M-! (hexamer)
(Bujalowski and Klonowska, submitted).

Steady-State Fluorescence Measurements. Allsteady-state
fluorescence measurements were performed using the SLM
480008 spectrofluorometer as we previously described (Bu-
jalowski & Porschke, 1988a,b; Bujalowski & Klonowska,
1993). In the fluorescence intensity measurements, to avoid
possible artifacts due to the fluorescence anisotropy of the
sample, polarizers were placed in excitation and emission
channels and set at 90° and 55° (magic angle), respectively.
All steady-state intensity data were corrected, if necessary,
for dilution and inner filter effects, using the following formula
(Parker, 1968; Lakowicz, 1983)

Fo = (F = B)(V/V,)10%%(e) )

where F,, is the corrected value of the fluorescence intensity,
F is the experimentally measured fluorescence intensity, B is
the background, Vis the volume of the sample, ¥, is the initial
volume of the sample, b is the total length of the optical path
in the cuvette expressed in centimeters, and Ajex is the
absorbance of the sample at excitation wavelengths. The
temperature of all measurements was controlled to £0.1 °C.

Steady-State Fluorescence Anisotropy Measurements. All
steady-state fluorescence anisotropy measurements were
performed in L format using Glan-Thompson polarizers placed
in the excitation and emission channel of the SLM 48000S
spectrofluorometer. The fluorescence anisotropy of the sample
was calculated using eq 2

r=(lyy—-Glyy) /U, + 2Gl,y) (2)

were [ is the fluorescence intensity and the first and second
subscripts refer to vertical (V) polarization of the excitation
and vertical (V) or horizontal (H) polarization of the emitted
light (Bujalowski & Lohman, 1989a,b). The factor G = Iyy/
Iyy corrects for the different sensitivity of the emission
monochromator for vertically and horizontally polarized light
(Azumi & McGlynn, 1962; Lakowicz, 1983).

Bujalowski and Klonowska

Quantum Yield Determination. The quantum yields of
free and bound nucleotide analogs, g,, were determined by the
comparative method of Parker and Reese (Parker & Reese,
1960) using the following relationship

gs = gg[( | FsaN) 102549 /( [ Fan) 109540} (4p / Ag)
3)

where g is the quantum yield of a standard, (f Fsd\)100-5(4s)
and (fFrdA)100364R) are the areas under the corrected
emission spectra, corrected for inner filter effects of the
standard and the fluorophore, respectively, As and Ag are the
absorbances of the standard and the studied fluorophore at
a given excitation wavelength, respectively, and b is the optical
path in centimeters. Quinine bisulfate in 0.1 N H,SO4 was
used as a reference for the excitations between 300 and 360
nm (absolute quantum yield gr = 0.7; Scott et al., 1970), and
fluorescein in 0.1 N NaOH was used for the excitation
wavelength above 400 nm (absolute quantum yield gg = 0.92;
Weber & Teale, 1957).

Solute Accessibility Studies. Collisional, or dynamic,
quenching of fluorescence results from random collisions
between the quenching ligand Q and the fluorophore during
the excited-state lifetime of the fluorophore (Parker, 1968;
Lakowicz, 1983). If only the dynamic quenching process is
present, the deactivation of the excited state of the fluorophore
is described by eq 4 (Stern & Volmer, 1919)

Fo/F =1+ KsI[Q] 4)

where F, and F are the steady-state fluorescence intensities
in the absence and presence of the quenching ligand at
concentration [Q]. Ksv is the Stern-Volmer quenching
constant and is related to the bimolecular quenching rate
constant k4 and to the fluorescence lifetime of the fluorophore
7 by the relationship Ksv = kqt.

The simultaneous presence of staticand dynamic quenching
processes may lead to the deviation from ideal Stern—Volmer
behavior and can be closely approximated by (Lakowicz, 1983;
Eftink, 1991)

Fo/F = (1 + Ksy[Q]) exp(VQ]) &)

where V is the static quenching constant.

The efficiency of the solute quenching, v, is a measure of
the exposure of the bound fluorescent ligand and is defined
as

y=kS/kS (6)

where ko and k,fare the bimolecular quenching rate constants
for bound and free fluorophores.

To obtain information about the accessibility and nature
of the microenvironment surrounding different regions of the
bound fluorescent nucleotide, quenchers having different
physical properties have beenselected. The quenching studies
have been performed with neutral acrylamide, negatively
charged iodide, I-, and positively charged thallium, TI*
(Robbins et al., 1985; Philips et al., 1987; Eftink, 1991). As
a control, titrations with ionic quenchers have also been
performed in the presence of higher NaCl concentrations ( ~ 80
mM). Nosignificant effect of the increased salt concentrations
on determined quenching parameters has been observed.

Fluorescence Lifetime Measurements. Fluorescence life-
time determinations of nucleotide analogs, free and bound to
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DnaB protein, have been performed using a SLM 48000S
multifrequency, lifetime spectrofluorometer. Excitation was
produced using a 450-W mercury-xenon lamp. The emission
was detected through a Schott KV399-nm filter. To avoid
fluorescence anisotropy artifacts in the phase-modulation
measurements, Glan-Thompson polarizers were placed in
excitation and emission channelsand set at 90° and 55° (magic
angle), respectively (Spencer & Weber, 1970). The modula-
tion frequency was varied between 10 and 100 MHz at 1- and
2-MHzintervals. Usually, the data were collected for at least
50 different frequencies in a single experiment. The fluo-
rescence lifetimes have been calculated from the phase shifts
and demodulations of the emitted light from the sample with
respect to scattered light from glycogen as a standard (7 =
0). The dependences of the phase shift and demodulation, as
a function of the modulation frequency, were fitted to single
or multiexponential decay functions, using the nonlinear least-
squares fit routine provided by the manufacturer.
Determination of the Average Number of the Nucleotide
Molecules Bound to DnaB Helicase. Studies described in
this work focus on the structural characteristics of the high-
affinity noninteracting nucleotide-binding site of the DnaB
helicase (Bujalowski & Klonowska, 1993). In order to
eliminate the interference of the free nucleotide on the
fluorescence properties of the bound molecule, the concentra-
tions of the protein and the nucleotide have to be selected to
assure that the concentration of bound nucleotide [Ny] is
practically equal to its total concentration [N;]. Moreover,
the average number of nucleotide analog molecules (Xv)y
bound per DnaB hexamer should not exceed 1.5-2.0 (see
below). We previously described thermodynamic studies of
the stoichiometries and the mechanism of nucleotide binding
to the DnaB protein hexamer using fluorescent nucleotide
analogs (Bujalowski & Klonowska, 1993). Using the rigorous
thermodynamic method (Bujalowski & Lohman, 1987a,b),
the absolute binding isotherms have been determined from
fluorescence titrations, independent of the assumption of strict
proportionality between the observed quenching of the protein
fluorescence and the number of bound nucleotides (Bujalowski
& Klonowska, 1993). The exact average number of given
nucleotide analog molecules bound to DnaB protein (Lv)y
and the concentration of the bound nucleotide {N}] used in
this work have been calculated according to the hexagon model,
using the intrinsic binding constants K’s and the cooperativity
parameters o’s, previously determined, according to the
following equations (Bujalowski & Klonowska, 1993)

(S v = (6x + 6(3 + 20)x* + 6(1 + 60 + 36)x* +
12(30% + 26%)x* + 300*x° + 66°%%) /Z;; (7a)

Zy=1+6x+303+20)x*+2(1+60+3c)x* +
3(36% + 26°)x* + 60*x° + o%x5 (7b)

[N.] = (O_»)H[DnaB],, (7¢)

where x = K[N¢] and [Ny] is the free nucleotide concentration.
[{DnaBliota is the total DnaB protein concentration in the
sample. Thequantity Zy is the partition function of the DnaB
hexamer—nucleotide system (Bujalowski & Klonowska, 1993).

RESULTS

Base-Binding Region of the Nucleotide-Binding Site of E.
coli DnaB Protein. Aswe mentioned above, the subject of the
studies in this work is the structural characterization of the
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FIGURE 1: Schematic diagram showing the configuration of the
hexagon with three high-affinity noninteracting sites of the DnaB
hexamer saturated with ligand (closed circles). The statistical weight
of this configuration is 2x3 (see eq 7b in the text).

high-affinity noninteracting nucleotide-binding site of the
DnaB helicase. Binding of six nucleotides to the DnaB
hexamer is described by a statistical thermodynamic model,
the hexagon, in which the cooperative interactions are limited
toneighboring binding sites (Bujalowski & Klonowska, 1993).
Due to negative cooperativity, the binding process is biphasic,
i.e., three molecules bind in the high-affinity step, and the
subsequent three nucleotides bind in the low-affinity step.

This behavior of the binding process results from the fact
that in the hexagon model, due to the low density of cooperative
interactions, there will be a configuration with three nucleotide
molecules bound which has much lower free energy than others
with three nucleotides bound (see eq 7b; Bujalowski &
Klonowska, 1993). This configuration is schematically
presented in Figure 1 and corresponds to the situation where
all three bound molecules are separated by an empty binding
site (subunit), and hence, there are no cooperative interactions
in this particular configuration of the hexamer—nucleotide
system. Ifthedegree of binding is low ((L#;)y < 2), thenonly
the first terms in eq 7b, which do not contain o, will have any
significant contribution to the partition function of the system.
Therefore, to eliminate possible interference of cooperative
interactions, and to exclusively examine noninteracting high-
affinity nucleotide-binding sites, all studies of bound nucle-
otides were performed on samples with the average number
of nucleotide molecules bound per DnaB hexamer significantly
lower than 2 (see below).

Corrected fluorescence emission spectra (Aex = 325 nm) of
¢ADP free and bound to the DnaB helicase in buffer T2 (20
mM NaCl,pH 8.1, 20 °C) are shown in Figure 2a. Inapplied
DnaB protein and nucleotide concentrations, >97% of eADP
is bound. The average number of the bound nucleotide
molecules (Z»;)y is ~0.11, thus assuring that, in the case of
a protein—nucleotide complex, fluorescence properties of bound
¢ADP in a noninteracting nucleotide-binding site are being
examined. Binding of eéADP to DnaB is accompanied by only
a ~21% increase of the nucleotide fluorescence intensity, and
there is no detectable shift of the maximum of the fluorescence
spectrum, suggesting that the ethenoadenine-binding region
has polarity similar to the bulk solvent (Sencrist et al., 1972;
Spencer et al., 1974). This conclusion is further strongly
supported by fluorescence lifetime measurements of the free
and bound ¢eADP. The emission of free ¢ADP in buffer T2
(20 mM NaCl, pH 8.1, 20 °C) is characterized by a single
lifetime, 7 = 25.5 £ 0.6 ns (Table 1). The emission of eADP
bound to DnaB is also characterized by a single lifetime, only
~5% shorter (7 = 24.2 £ 0.6 ns). Thus, binding of eéADP
to the DnaB helicase has little effect on the nucleotide
fluorescence lifetime. This is in striking contrast to the effect
of placing eADP in nonpolar solvents which causes a dramatic
change in 7. The lifetime decreases from ~24 ns in water
solution to ~15 ns in dioxane (Spencer et al., 1974). Thus,
lack of a substantial change in ¢ADP’s lifetime, when bound
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Table 1: Stern-Volmer Quenching Constants Ksy, Bimolecular Quenching Rate Constants kg, Fluorescence Lifetimes 7, and Solute Quenching
Efficiencies v of eéADP Free and Bound to DnaB Helicase in Buffer T2 (20 mM NaCl, pH 8.1, 20 °C)

quencher
nucleotide quencher concentration (mM) F,/F 7 (ns) 7o/ T8 Ksy (M) kg M1 s0) ¥¢
¢ADP (free) acrylamide 0 1 25.5 1
30 243 11.2 2.28 47.7 2.19 X 10°
I- 0 1 25.5 1
30 5.10 6.2 4,10 136.5 53%x10°
TI+ 0 1 25.5 1
30 3.84 6.7 3.8 94.7 4.8 % 10°
¢ADP (bound) acrylamide 0 1 24.2 1
30 1.19 20.7 1.17 6.3 0.31 x 10° 0.14
I- 0 1 24.2 1
30 1.71 14.8 1.64 23.5 1.16 X 10° 0.22
TI* 0 1 24.2 1
304 1.75 14.0 1.73 249 1.32 X 10° 0.28

4 7, corresponds to the eADP lifetime determined in the absence of the quencher. ® The values of k4 have been calculated using lifetime quenching
data and corrected for the viscosity of the solvent (10% glycerol). ¢ v is defined by eq 6 (see text). 4 Because TICI precipitates in our standard buffer
(T2) at concentrations above ~8 mM, the titrations with T1* have been performed in two buffer systems; in buffer T2 with TI* concentration up to
5-6 mM and as a control in buffer (50 mM Tris/acetate, pH 8.1, 20 mM sodium acetate, 5 mM magnesium acetate, and 10% glycerol, 20 °C) with
Ti* up to 35 mM. In the range of T1* concentration from 0 to 6 mM, the quenching parameters as well as the fluorescence lifetimes were identical
in both buffer systems. Binding of ¢ADP is unaffected by the exchange of CI- for acetate in the buffer in the studied salt concentration range.
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FiGURE2: (a) Corrected fluorescence emission spectra of eADP (1.1
X 106 M) (——-) free and bound (—) to DnaB helicase in buffer
T2 (20mM NaCl,pH8.1,20°C); Ax=325nm. DnaB concentration
is 1.0 X 10~ M (hexamer). (b) Fluorescence anisotropy of eADP
bound to DnaB helicase (— — —) as a function of emission wavelength;
Aex = 325 nm, buffer T2 (20 mM NaCl, pH 8.1, 20 °C). The DnaB
protein and eADP concentrations are 1.0 X 10-5 (hexamer) and 1.2
X 10-5 M, respectively. The emission spectrum (—) of the bound
¢ADP recorded at the same excitation wavelength is also included.

to DnaB, strongly suggests polar character of the base-binding
region in the nucleotide-binding site of the DnaB helicase.

Emission anisotropy of eADP bound to DnaB, as a function
of emission wavelength, with the excitation at the red edge of
the nucleotide absorption spectrum (Aex = 325 nm), is shown
in Figure 2b. Although the accurate measurement of the
anisotropy at both the blue and red sides of the emission
spectrum is difficult, due to the low signal level in these regions,
it is clear that the anisotropy varies significantly across the

emission band, ranging from 0.18 £ 0.02 at 360 nm to 0.1
0.02 at 500 nm (0.16 £ 0.01 at the maximum) (Figure 2b).
Although this phenomenon has been observed before, it is still
not completely understood (Gafni et al., 1979; Perkins et al.,
1984). The fluorescence anisotropy of such a system is
operationally defined by its value around the emission
maximum (Sencrist et al., 1972; Perkins et al., 1984; Cheung
& Liu, 1984). Inthecase of eADP bound to the DnaB helicase,
the anisotropy at the emission maximum (~400-410 nm) r
= 0.16 £ 0.01 is much lower than the anisotropy 7, = 0.3 %
0.01 of completely immobilized €A at the same excitation and
emission wavelengths (Sencrist et al., 1972; Cheung & Liu,
1984). However, it should be pointed out that bound eADP
has a fluorescence lifetime of + = 24.2 ns, which provides a
long enough time window to observe rotational diffusion of
the whole DnaB hexamer with a molecular weight of 313 590
(Nakayama et al., 1984a; Bujalowski & Klonowska, 1993).
Thus, due to the rotation of the protein molecule, the observed
anisotropy of bound eADP can be lower than its true limiting
anisotropy. The effect of the protein rotational diffusion on
the depolarization of bound ¢ADP fluorescence can be
estimated using the Perrin equation (Lakowicz, 1983)

Pim/r =1+ (7/9) (8)

where ryny is the limiting anisotropy of the bound ¢éADP and
¢ =nV/RTis the rotational correlation time,  is the viscosity
of the bulk solvent, R is the gas constant, and V'is the volume
of the protein molecule. Extrapolation of the Perrin plot (Aex
= 325 nm, A = 410 nm) to infinite viscosity, at constant
temperature (20 °C), provides the limiting anisotropy of bound
eADP rjim = 0.21 £ 0.02 (plot not shown) (Table 3). As we
mentioned above, the anisotropy of completely immobilized
€Aisrg=0.3£0.01 (\ex = 325 nm, A¢y = 410 nm), indicating
that ethenoadenosine has substantial mobility when ¢éADP is
bound to the DnaB nucleotide-binding site (Sencrist et al.,
1972; Cheung & Liu, 1984).

Solute Accessibility of the Adenine Ring in DnaB Helicase
Nucleotide-Binding Site. Acrylamide, I-, and TI* are very
effective quenchers of ethenoadenosine fluorescence (Ando
& Asai, 1980; Perkins et al., 1984), differing dramatically in
their physical properties. Acrylamide is a neutral molecule,
while I-and T1*, being significantly smaller than acrylamide,
are negatively and positively charged, respectively. Fluores-
cence quenching studies using these quenchers should provide
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FIGURE 3: (a) Stern—Volmer plots of iodide and acrylamide quenching
of the fluorescence of ¢eADP free and bound to DnaB helicase in
buffer T2 (20 mM NaCl, pH 8.1, 20 °C); Aex = 325 nm, Aem = 450
nm. Iodide quenching: () free ¢éADP and (@) bound ¢ADP.
Acrylamide quenching: (0O) free eADP and (O) bound eADP. Solid
lines are linear least-squares fits of Stern—Volmer equation (eq 4 in
text) to the data points using the parameters included in Table 1;
DnaB and ¢ADP concentrations are 4.8 X 106 (hexamer) and 1.6
X 10-¢ M, respectively. (b) Stern—Volmer plots of TI* quenching of
the fluorescence of eADP free and bound to DnaB helicase in buffer
T2 (20 mM NacCl, pH 8.1, 20 °C); A;x = 325 nm, Aep = 450 nm;
(m) free eADP and (O) bound ¢ADP. Solid lines are linear least-
squares fits of Stern-Volmer equation (eq 4 in text) to the data
points using the parameters included in Table 1; DnaB and eADP
concentrations are 4.8 X 10% (hexamer) and 1.6 X 10¢ M,
respectively.

the information not only on the accessibility of the adenine
ring but also on the environment of the base location in the
nucleotide-binding site (Eftink & Ghiron, 1981; Eftink, 1991;
Robbins et al., 1985; Philips et al., 1987).

Stern—Volmer plots of fluorescence quenching of ¢ADP,
free and bound, in DnaB nucleotide-binding sites, as a function
of acrylamide, I, and T!* concentrations, are shown in Figure
3a,b. Fluorescence intensities and lifetimes of ¢éADP in the
presence of different quenchers, together with Stern—Volmer
quenching constants Kgy and bimolecular quenching rate
constants kg, areincluded in Table 1. Stern—Volmer quenching
constant Kgv, as well as bimolecular quenching rate constant
kg, for acrylamide is significantly lower than that determined
for I-and TI*. Thisisanexpected result because of the larger
size and slower diffusion of the acrylamide molecule compared
toI-and T1*. Thelower values of Kgv and kq may also reflect
lower quenching efficiency of ethenoadenosine fluorescence
compared to that of I-and TI*, as previously indicated (Ando
& Asai, 1980; Perkins et al., 1984). The bimolecular
quenching rate constants for I-and TI* are close to the diffusion
limits, with I- being slightly more efficient.
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In the case of acrylamide and I-, the ratio of intensities
F,/F ata given quencher concentration is slightly higher than
the corresponding ratio of lifetimes (Table 1). This result
indicates that collisional quenching is predominant, as shown
by the linear character of Stern—Volmer plots in Figure 3a.
However, there is a small static component in the quenching
mechanism of the fluorescence of free eADP by both quenchers.

Binding of eADP to the DnaB helicase nucleotide-binding
site causes a dramatic decrease in the solute quenching
efficiency of eADP fluorescence by studied quenchers as shown
by Stern—Volmer plots in Figure 3 and quenching parameters
included in Table 1. This effect is particularly pronounced
in the case of acrylamide with Kgv and kq values decreasing
by a factor of ~7 compared to their values obtained for free
¢ADP in solution. The corresponding quenching constants
for I- and TI* decrease by factors of ~4.5 and ~3.6,
respectively (Table 1). Linear Stern—Volmer plots (Figure
3),aswellas F/F =~ 7,/ 7, indicate the collisional mechanism
of the quenching processes of the bound nucleotide fluores-
cence.

The quenching data indicate that the solvent accessibility
of the base’s location in the DnaB nucleotide-binding site is
limited. However, the fact that I~ and TI*, which are
preferentially quenching surface-located chromophores, can
still significantly quench the fluorescence of bound ¢ADP
suggests that the base is located in a cleft on the surface of
the enzyme and preserves some limited access to the solvent
(Lakowicz, 1983; Eftink, 1991).

It is interesting that I- and TI* both have very similar
bimolecular quenching rate constants for bound ¢éADP (Table
1). This result suggests that although the base binding site
is polar, as indicated by fluorescence emission spectra and
lifetime studies (see above), the distribution of the charges
does not induce significant preference for quenchers having
positive or negative charges.

Ribose-Binding Region of the Nucleotide-Binding Site of
E. coli DnaB Helicase. To probe the structural environment
around ribose-binding regions in the nucleotide-binding site
of the DnaB helicase, we used ribose-modified fluorescent
nucleotide analogs having TNP or MANT groups attached
to the 2’ and/or 3’ oxygen of ribose rings (Bujalowski &
Klonowska, 1993). Corrected fluorescence emission spectra
{(Aex =408 nm) of TNP-ADP free and bound to a high-affinity
noninteracting nucleotide-binding site of the DnaB helicase
in buffer T2 (20 mM NaCl, pH 8.1, 20 °C) are shown in
Figure 4a. Binding of the nucleotide analog is accompanied
by a strong increase (by a factor of ~4.7) of its fluorescence
intensity and quantum yield (Table 3). The emission spectra
of free and bound TNP-ADP, normalized at the maximum,
are shown in Figure 4b. The emission maximum shifts by
~11 nm from 563 nm for free to 552 nm for DnaB bound
TNP-ADP.

The fluorescence properties of TNP nucleotide analogs are
very sensitive to the solvent polarity and are suitable as
reporters of the physical nature of the binding site (Hiratsuka,
1976). To obtain more information about the physical
character of the ribose-binding region, as sensed by bound
TNP-ADP, we recorded corrected fluorescence emission
spectra of TNP-ADP, in solution, containing different
concentrations of ethanol (Figure 5a). As the concentration
of the ethanol in solution increases, the fluorescence intensity
of the nucleotide analog strongly increases with concomitant
shift of the emission maximum toward shorter wavelengths.
It should be noted that both the intensity and the maximum
of the emission spectrum change gradually with the change
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FIGURE 4: (a) Corrected fluorescence emission spectra of TNP-
ADP (3.8 X 106 M) (- — -) free and bound (—) to DnaB helicase
in buffer T2 (20 mM NaCl, pH 8.1, 20 °C); Aix = 408 nm. DnaB
concentration is 4.8 X 106 M (hexamer). (b) Normalized corrected
fluorescence emission spectra of TNP-ADP (3.8 X 10¢ M) (-~-)
free and bound (—) to DnaB helicase in buffer T2 (20 mM NaCl,
pH 8.1, 20 °C); Ax = 408 nm. DnaB concentration is 4.8 X 10-6
M (hexamer).

of the composition of the solvent, and there is no significant
change in the shape of the emission spectrum, indicating that
the general solvent effect is observed (Hiratsuka, 1976;
Lakowicz, 1983). The dependence of the emission maximum
and relative fluorescence intensity of TNP-ADP upon solvent
polarity is shown in Figure 5b. The solvent polarity has been
expressed, using Kosower’s empirical polarity Z scale (Ko-
sower, 1958; Turner & Brand, 1968). Both the location of
the emission maximum and the emission intensity of the
fluorescent analog show very good correlation with the Z value.

Although direct comparison should be treated with caution,
the plot in Figure 5b may be used to estimate the Z value for
the microenvironment surrounding the ribose-attached TNP
group. The data for TNP-ADP bound to the DnaB helicase
areincluded in Figure 5b (closed symbols). Itshould be noted
that both the intensity and the emission maximum correspond
to the very similar value of Z (90-90.8). The strong increase
of TNP-ADP’s fluorescence intensity and the blue shift of the
emission maximum upon binding to DnaB protein strongly
suggest that the ribose-binding site has a predominantly
hydrophobic character which corresponds to a Z at ~90-
90.8 on Kosower’s empirical polarity scale.

Emission anisotropy of TNP-ADP bound to DnaB in buffer
T2 (20 mM NaCl, pH 8.1, 20 °C), as a function of emission
wavelength, with excitation at the red edge of the nucleotide
absorption spectrum (Aex = 490 nm), is shown in Figure 6.
The anisotropy is relatively constant throughout the spectrum,
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FIGURE 5: (a) Corrected fluorescence emission spectra of TNP-
ADP in water solutions (1 mM Tris/HC], pH 8.1, 25 °C) containing
different concentrations of ethanol; Ay = 408 nm. TNP-ADP
concentrationis 1.96 X 105 M. Ethanol concentrations are (—) 0%,
(=) 10%, (——) 20%, (~~) 30%, (- - -) 40%, (- — -) 50%, (— ——)
60%, and (—-—) 70%. (b) Dependence of the position of the
emission maximum (O) and the relative fluorescence intensity at the
maximum (I:l) of TNP-ADP as a function of the solvent polarity
expressed using Kosower’s empirical polarity scale Z (Kosower, 1958;
Turner & Brand, 1968). Solid lines are the linear least-squares fits
to.the data points. Closed symbols are the data obtained for TNP-
ADP bound to DnaB protein (see Figure 4a,b).
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FIGURE 6: Fluorescence amsotropy of TNP-ADP bound to DnaB
helicase (- — - as a function of emission wavelength; A,y = 490 nm,
buffer T2 (20 mM NaCl, pH 8.1, 20 °C). The DnaB protein and
TNP-ADP concentrations are 4.8 X 10-% ¢(hexamer) and 3.8 X 10-¢
m; respectively. The emission spectrum (—) of the bound TNP-
ADP recorded in the same buffer conditions is also included.

although the error in this measurement is higher than in the
case of eéADP or MANT-ADP (see below), due to the low
fluorescence intensity of the TNP-ADP. The emission
anisotropy of the bound TNP-ADP, r = 0.32 % 0.02, is very
close to its fundamental anisotropy, 7, = 0.35, at the same
excitation wavelength (Moczydlowski & Fortes, 1981). This
result indicates that when TNP-ADP is bound in the DnaB
nucleotide-binding site, the ribose-attached TNP group has
very limited motional freedom.
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FIGURE 7: (a) Corrected fluorescence emission spectra of MANT-
ADP (1.1 X 106 M) (- —-) free and bound (—) to DnaB helicase
in buffer T2 (20 mM NaCl, pH 8.1, 20 °C); Ax = 356 nm. The
DnaB concentration is 1.0 X 10-5 M (hexamer). (b) Normalized
corrected fluorescence emission spectra of MANT-ADP (1.1 X 10-¢
M) (—) free and bound (— - -) to DnaB helicase in buffer T2 (20
mM NaCl, pH 8.1, 20 °C); Aex = 356 nm. DnaB concentration is
1.0 X 105 M (hexamer).

The fluorescence properties of bound MANT-ADP cor-
roborate well with the results obtained for TNP-ADP,
described above. Corrected fluorescence emission spectra (Aex
= 356 nm) of MANT-ADP free and bound to the DnaB
helicase in buffér T2 (20 mM NaCl, pH 8.1, 20 °C) are
shown in Figure 7a. As in the case of TNP-ADP, binding of
the analog is accompanied by a dramatic increase in the
fluorescence intensity (by a factor of ~2.7; see Table 3) and
alarge (~12 nm) blue shift of the emission spectrum (Figure
7b). These data indicate that, upon binding to DnaB, the
MANT group has been placed in a hydrophobic environment
(Hiratsuka, 1983; Cremo et al., 1990). The correlation
between MANT-ADP fluorescence intensity and the position
of the emission maximum with solvent polarity is similar to
the one observed for TNP-ADP (data not shown). However,
we could not follow the effect of solvent polarity on MANT-
ADP fluorescence at higher (>50%) ethanol concentrations
due to the significant propensity of this nucleotide analog to
precipitate in these solution conditions.

Excitation fluorescence anisotropy spectra (Aem = 450 nm)
of MANT-ADP free and bound to the DnaB helicase in buffer
T2 (20 mM NaCl, pH 8.1, 20 °C) are shown in Figure 8.
Clearly, there is a dramatic change in the MANT-ADP
fluorescence anisotropy accompanying the binding. For
excitation in the region above 355 nm, anisotropy of the free
MANT-ADP has a constant value of 0.015 + 0.005. In the
same excitation region, the anisotropy of the MANT-ADP
bound to DnaB reaches the constant value of 0:33 % 0.02,
This value is close to the fundamental anisotropy of MANT-
ADP, 0.35-0.4 (Cremoetal., 1990), indicating that the ribose-
attached fluorophore has very constrained mobility.
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FIGURE 8: Excitation fluorescence anisotropy spectra of MANT-
ADP free (®) and bound (M) to DnaB helicase in buffer T2 (20 M
NaCl, pH 8.1, 20 °C); A; = 450 nm. The DnaB and MANT-ADP
concentrations are 4.8 X 10 (hexamer) and 1.5 X 10 M,
respectively.
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FIGURE 9: Stern—Volmer plots of iodide and acrylamide quenching
of the fluorescence of MANT-ADP free and bound to DnaB helicase
in buffer T2 (20 mM NaCl, pH 8.1, 20 °C); Ay = 356 nm, Aem =
450 nm. Iodide quenching: (W) free MANT-ADP and (O) bound
MANT-ADP. Acrylamide quenching: (®) free MANT-ADP and
(©) bound MANT-ADP. DnaB and MANT-ADP concentrations
are 4.8 X 106 (hexamer) and 1.0 X 106 M, respectively. Solid lines
are linear least-squares fits of Stern—Volmer equation (eq 4 in text)
to the data points using the parameters included in Table 2.

Solute Accessibility of the Ribose-Binding Region in DnaB
Helicase Nucleotide-Binding Site. Accessibility of the ribose-
attached fluorophore, free and bound to the DnaB nucleotide-
binding site, to different solute quenchers has been determined
using MANT-ADP. The analogous studies with TNP-ADP
were hindered by the fact that the fluorescence lifetime of the
TNP group is in the range of tens of picoseconds (Nakamoto
& Inesi, 1984). This fluorescence lifetime is too short for
solute quenching studies in the concentration ranges of the
quenchers which do not perturb the equilibrium of nucleotide—
DnaB protein interaction and/or the conformation of the
enzyme (~0.08-0.1 M).

Stern—Volmer plots of the fluorescence quenching of
MANT-ADP free and bound to DnaB nucleotide-binding sites
as a function of acrylamide and KI concentrations are shown
inFigure9. Theplotsarelinear within the range of acrylamide
and KI concentrations studied, indicating the collisional
character of the quenching process. The collisional mechanism
of the quenching process is fully confirmed by the fluorescence
lifetime studies of MANT-ADP in the presence of the studied
quenchers (Table 2). The Stern—Volmer quenching constants
obtained from steady-state intensity measurements are, within
experimental error, identical to the quenching constants
determined in lifetime experiments. This is expressed by the
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Table 2: Stern-Volmer Quenching Constants Ksv, Bimolecular Quenching Rate Constants kg, Fluorescence Lifetimes 7, and Solute Quenching
Efficiencies ¥ of MANT-ADP Free and Bound to DnaB Helicase in Buffer T2 (20 mM NaCl, pH 8.1, 20 °C)

quencher
nucleotide quencher  concentration (nM) F,/F 7 (ns) 7o/ T8 Ksy (M) k¢ (M-1s1) ¥¢
MANT-ADP (free) acrylamide 0 1.0 3.90 1.0
30 1.1 3.58 1.09 3.30 0.77 x 10°
I- 0 1.0 3.90 1.0
30 1.06 3.71 1.05 1.9 0.57 X 10°
T+ 0 1.0 3.90 1.0
30 1.4 2.6 1.5 13.3 5.6 X 10°
MANT-ADP (bound) acrylamide 0 1.0 6.0/13.1 1.0
30 1.0 6.0/13.1 1.0 ~0 ~0 ~0
I- 0 1.0 6.0/13.1 1.0
30 1.0 6.0/13.1 1.0 ~0 ~0 ~0
TI* 0 1.0 6.0/13.1 1.0
304 1.04 5.7/12.6 1.05/1.04 1.3 0.27/0.14 X 10° 0.05/0.030

a 1, corresponds to the MANT-ADP lifetime determined in the absence of the quencher. ? The values of k, have been calculated using lifetime
quenching data and corrected for the viscosity of the solvent (10% glycerol). ¢ v is defined by eq 6 (see text). ¢ Because TICI precipitates in our standard
buffer (T2) at concentrations above ~8 mM, the titrations with TI* have been performed in two buffer systems; in buffer T2 with TI* concentration
up to 5-6 mM and as a control in buffer (50 mM Tris/acetate, pH 8.1, 20 mM sodium acetate, 5 mM magnesium acetate, and 10% glycerol, 20 °C)
with TI* up to 35 mM. In the range of T1* concentration from 0 to 6 mM, the quenching parameters as well as the fluorescence lifetimes were identical
in both buffer systems. Binding of MANT-ADP is unaffected by the exchange of ClI-for acetate in the buffer in the studied salt concentration range.

Table 3: Fluorescence Properties of the Fluorescence Analogs eADP, MANT-ADP, MANT-dADP, and TNP-ADP Free and Bound to DnaB
Helicase in Buffer T2 (20 mM NaCl, pH 8.1, 20 °C)

¢ADP MANT-ADP MANT-dADP TNP-ADP
property free bound free bound free bound free bound
quantum¢ yield 0.53£0.03 0.59£0.03 022+0.02 0.61%£003 027+0.02 0.86%0.05 (7%2)X10* (3.8%04) %10
limiting anisotropy (7£2) %103 0.21 +£0.02% 0.015%0.005 0.33 +£0.02 0.016 £ 0.005 0.33 + 0.02 0.32£0.02
emission® maximum (nm) 400 400 453 441 452 442 563 552

4 Excitation wavelengths for ADP, MANT-ADP, MANT-dADP, and TNP-ADP were 325, 356, 356 and 408 nm, respectively. ¢ Determined from
the extrapolation of isothermal Perin plot to infinite viscosity. The viscosity of the solvent has been changed using buffer T2 (20 mM NaCl, pH 8.1,
20 °C) containing different concentrations of glycerol (see eq 8 and the text for details). The controls have been performed to test that the increased
glycerol concentration does not perturb DnaB-nucleotide equilibrium. The errors associated with the determination of quantum yields and limiting
anisotropies are standard deviations obtained from three to four repeated measurements.
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the corresponding quencher concentration (Table 2). Itshould 1o =
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hat th il f the rib bindi . t Methods for experimental details). The solid lines are nonlinear
suggest that the accessibility of the ribose-binding region o double-exponential least-squares fits to the phase and modulation

the DnaB helicase nucleotide-binding site is significantly lower data using 7, = 3.9 ns, a; = 0.98, 7, > 20 ns, and o = 0.02 for free

when compared to the solute accessibility of the base-binding MANT-ADP and 7, = 6.0 ns, & = 0.24, 7, = 13.1 ns, and o, = 0.76
region. for bound MANT-ADP, respectively (see Table 4). Dashed line

p represents a single exponential fit to phase-modulation data for bound
Fluorescence Lifetime of MANT-ADP Free and Bound to QT ARp'E 0% 10 1o B and MANT-ADP concentrations
DnaB Helicase. Frequency—domain data of fluorescence are 4.6 X 10-6 (hexamer) and 1.0 X 106 M, respectively.
decays of MANT-ADP free (closed symbols) and bound (open
symbols) to DnaB protein in buffer T2 (20 mM NaCl, pH in solution is almost exclusively characterized by a single
8.1, 20 °C) are shown in Figure 10. As the modulation lifetime, 7 = 3.9 = 0.2 ns (amplitude ~0.98). This value is
frequency increases, the phase angle increases and the in very good agreement with the previously determined 3.8 ns
modulation decreases. The data have been analyzed using (Hiratsuka, 1984) and 4.06 ns (Cremo et al., 1990). Less
the exponential decay laws, assuming ground-state hetero- than 2% of the total amplitude required a longer lifetime (>20

geneity (Lakowicz, 1983). The emission of free MANT-ADP ns), which probably results from the presence of small buffer
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Table 4: Fluorescence Lifetimes 7 and Fractional Amplitudes « of MANT-ADP, MANT-dADP, and MANT-dATP Free and Bound to DnaB
Protein Nucleotide-Binding Site (Aex = 356 nm) in Buffer T2 (20 mM NaCl, pH 8.1, 20 °C)¢

free bound
nucleotide 71 (ns) a) 7, (ns) 1 (ns) a 72 (ns) az
MANT-ADP 39+0.2 0.97 = 0.01 >20 0.03 £ 0.01 6.0%+0.2 0.24 £ 0.01 13.1£0.5 0.76 £ 0.01
MANT-dADP 4.1+0.2 0.98 % 0.01 >20 0.02 £ 0.01 6.3x0.2 0.27 £ 0.02 129+ 0.5 0.73 £ 0.02
MANT-dATP 42+0.2 0.97 £ 0.02 >20 0.03 £ 0.01 6.5+0.2 0.28 £ 0.02 128 0.5 0.72 £ 0.02

4 The errors associated with the determination of lifetimes and amplitudes are standard deviations obtained from four to five repeated experiments.

impurities (Table 4). Binding of MANT-ADP to DnaB
dramatically changes fluorescence lifetime characteristics of
the nucleotide. The fluorescence decay of the bound nucleotide
becomes biexponential with the shorter component character-
ized by 7; = 6.0 = 0.2 ns and amplitude o = 0.24 and the
longer component characterized by r, = 13.1 £ 0.5 ns and
a;=0,76, respectively (see Figure 10 and Table 4). Including
a third component did not significantly improve the statistics
of the fit. For comparison, the fit with only a single decay
time (7 = 10.5 ns) has been included (dashed line in Figure
10). We also performed phase-modulation studies of the
fluorescence lifetime characteristics of MANT-dADP and
MANT-dATP free and bound to the DnaB helicase. Within
experimental accuracy, the lifetime characteristics of all
studied MANT derivatives are very similar. The fluorescence
of free nucleotide is characterized by a nearly homogeneous
lifetime of ~4 ns, while, when bound to DnaB, the nucleotide
emission is characterized by two decay times, ~6 and ~13
ns (Table 4).

The presence of two decay times in the emission of the
bound nucleotides indicates that the MANT groups attached

to the ribose sense two different environments, suggesting .

that the ribose-binding region of the nucleotide-binding site
exists in two different conformations. Both lifetimesare much
longer than the fluorescence lifetime obtained for free MANT
derivatives (Table 4). Thisisincontrast totheresult obtained
for the base-binding region, where the single fluorescence
lifetime of eADP very close to the lifetime of the free eADP
was detected, indicating a lack of discrete conformational
heterogeneity in the base-binding region. Thus, the data
suggest that conformational heterogeneity of the ribose-binding
region is not transferred to the base-binding site (see
Discussion).

On the basis of chemical studies, MANT-ATPand MANT-
ADP were originally postulated to exist solely as 3’ isomers
(Hiratsuka, 1983). Recent NMR studies indicate that
MANT-ATP and MANT-ADP may exist as a mixture of 2’
and 3’ isomers, with the 3/ isomer being predominant (Cremo
et al., 1990). The single lifetime for this analog could result
exclusively from the fraction of analog existing as the 3’ isomer
with the 2’ isomer fraction being completely quenched. To
test this possibility, we determined the quantum yield of
MANT-ADP, MANT-dADP, and MANT-dATP. If there
is a significant fraction of nonfluorescent 2’ isomer, the
quantum yield of MANT-ADP should be lower when
compared to the quantum yield of deoxy analogs by this
fraction. The obtained data indicate that the quantum yield
of MANT-ADP is indeed lower than that of MANT-dADP
and MANT-dATP by ~19% (Table 3). Thus, it is possible
that a lower quantum yield of MANT-ADP by ~19%
compared to those of MANT-dADP and MANT-dATP
reflects the existence of part of MANT-ADP in solution as
a nonfluorescent 2’ isomer, as proposed originally by Cremo
et al. (1990).

DISCUSSION

Binding of small ligands to biological macromolecules plays
a crucial role in macromolecular activities (Schellman, 1975).
In the case of proteins and nucleic acids, ligand binding can
regulate both the thermodynamics and kinetics of the
conformational stability and interactions (Bujalowski et al.,
1986a,b; Bujalowski & Porschke, 1984, 1988a,b; Wong &
Lohman, 1992). Regulation and control of multiple activities
and interactions of E. coli DnaB protein are realized through
binding and/or hydrolysis of nucleoside triphosphate molecules
(Arai & Kornberg, 1981a,b; LeBowitz & McMacken, 1986;
Wahle et al., 1989a,b; Bujalowski & Klonowska, 1993).
Allosteric interactions between nucleotide-binding sites and
different parts of the DnaB protein are the key elements in
theenzyme action. Itisclear that understanding the function
of the DnaB protein requires understanding of the nature and
structure of the nucleotide-binding sites and the conformation
of the bound nucleotide.

Although treated as a “small” ligand, the nucleotide is a
complex molecule with distinctive structural regions (base,
ribose, phosphates), each of which can be responsible for
triggering specific responses of the DnaB hexamer and control
its activities either independently or in a concerted way. Thus,
it has been shown that hydrolysis of nucleoside triphosphate
is relatively independent of the nature of the base; however,
the DnaB protein could not hydrolyze deoxynucleotides or
the ribose-modified nucleotide TNP-ATP (Arai & Kornberg,
1981a; Bujalowski & Klonowska, 1993). Moreover, the
presence of the y-phosphate and the ribose is indispensable
in inducing allosteric interactions between nucleotide- and
ssDNA-binding sites. In the presence of ATP, or nonhy-
drolyzable ATP analogs, the affinity of DnaB for ssDNA is
increased significantly, while no such effect has been observed
in the presence of ADP or dATP (Arai & Kornberg, 1981a).

Application of fluorescent analogs can provide information
about the binding mechanism, nature, structure, and dynamics
of the nucleotide-binding site, unavailable by other approaches
(Moczydlowski & Fortes, 1981; Perkins et al., 1984; Aguirre
et al., 1989; Nakamoto & Inesi, 1984; Cremo et al., 1990;
Bujalowski & Klonowska, 1993).

In this report, we probed the structural characteristics of
the base- and ribose-binding regions of the high-affinity
noninteracting nucleotide-binding site of the DnaB helicase,
using fluorescent nucleotide analogs, which differ by type and
location of the modifying group. To characterize the base-
binding region, etheno-ADP, which has a modified adenine
ring, has been used (Sencrist et al., 1972; Leonard, 1984, and
references therein). To probe the region near the ribose-
binding site, TNP-ADP and MANT-ADP, which have
fluorescent groups trinitrophenyl (TNP) and methylantra-
niloyl (MANT) attached to the ribose 2’ and/or 3’ oxygens,
have been selected.

The experiments reported in this work provide first insight
into the nature of significant structural differences between
base- and ribose-binding regions of the DnaB helicase’s
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nucleotide-binding site. Emission spectrum of eADP bound
to a noninteracting binding site of the DnaB helicase shows
only a slight increase in the nucleotide fluorescence intensity
(~21%) and no detectable change in the position of the
emission maximum as compared to that of free eADP in
solution. Also, the fluorescence of the bound nucleotide is
characterized by a single lifetime of 24.2 % 0.6 ns, which is
only ~5%shorter than the single lifetime of the free nucleotide
(25.5 £ 0.6 ns; see Table 1). The effect of solvent polarity
on fluorescence properties of ethenoadenosine derivatives has
beenintensively studied by Leonard and collaborators (Sencrist
etal., 1972; Spencer et al., 1974; Leonard, 1984). In solvents
of low polarity (e.g., dimethylformamide, dioxane), the
fluorescence quantum yield decreases by ~15% with con-
comitant blue shift of the emission maxima. Moreover, the
fluorescence lifetime of ethenoadenosine decreases signifi-
cantly from 24 nsin H,O (pH 7.0) to 15 ns in dioxane (Spencer
et al., 1974).

Thus, the fluorescence properties of bound eADP strongly
suggest that the base-binding region of the DnaB nucleotide-
binding site has relatively high polarity, similar to the polarity
ofthe bulk solvent. However, solute accessibility studies, using
acrylamide, I-, and TI*, indicate that bound adenine is
significantly shielded from the solvent. Both Stern—Volmer
quenching constants Kgy and bimolecular quenching rate
constants kq, for studied quenchers, are strongly decreased
for bound eADP, compared to free nucleotide in solution.
Within experimental accuracy, the quenching mechanism of
bound eADP fluorescence is collisional. The lowest efficiency
of quenching (0.14) is observed for neutral acrylamide, while
negatively charged I-and positively charged T1* show similar
quenching efficiency (0.22 and 0.28, respectively).

I-and T1* aresimilar in size and diffusion coefficients (Ando
& Asai, 1980); thus, any significant difference in collisional
quenching efficiency between these two ionic quenchers would
result from differences in electrostatic interactions with the
chromophore environment. Lack of significant differences
between I- and TI* quenching efficiencies of bound eADP
fluorescence suggests that the polar environment of the base-
binding site has charge distribution, which does not provide
strong preference for negatively or positively charged quench-
ers. The data indicate that a substantial decrease of the
quenching constants of I~ and T1* for bound ¢ADP results
from steric constraints at the adenine-binding site and, in
effect, limited accessibility to the solvent. Itshould be pointed
out that both ionic quenchers, I- and TI*, are incapable of
penetrating the protein matrix; hence, they preferentially
quench surface-located chromophores (Lakowicz, 1983; Eft-
ink, 1991). The fact that the fluorescence of bound ¢eADP is
still quenched by I-and T1* indicates that the adenine is located
in the cleft on the surface of the enzyme and preserves some
contact withthesolvent. Inthiscontext, the lowest accessibility
of bound eADP observed for acrylamide is expected because
it has larger dimensions than I~ and TI*; thus, it should
experience more steric constraints.

It is interesting that the adenine of bound eADP, although
significantly shielded from the solvent, still retains substantial
mobility as indicated by fluorescence anisotropy data. The
limiting anisotropy 7yim of eADP bound to the DnaB helicase
obtained from the isothermal Perrin plot is 0.21 £ 0.02 (A
= 325 nm, Ay = 410 nm). This value is significantly lower
than the fundamental anisotropy, 7, = 0.3 & 0.01, characteristic
for completely immobilized ethenoadenine at the same
excitation and emission wavelengths (Sencrist et al., 1972;
Cheung & Liu, 1984). If oneassumes that this depolarization

Bujalowski and Klonowska

results from a motion of emission dipole over a surface of a
cone, the half angle of the cone, 6. ~ 27°, can be calculated,
using the relationship rjin/r, = [cos 6.(1 + cos 6.)]%/2, as
derived by Kinosita et al. (1977). The fact that, when bound,
the adenine retains significant mobility suggests the lack of
short-range specific interactions between the protein matrix
and the base in the base-binding site. Also, nucleotides having
different base residues bind with similar intrinsic affinity to
the DnaB helicase (Bujalowski and Klonowska, manuscript
in preparation). Thus, the data indicate that the interactions
in the base-binding site of the DnaB helicase are not unique
for a specific base, which corroborates well with experimentally
observed low base specificity of ATPase and helicase activities
of the DnaB protein (Arai & Kornberg, 1981a; LeBowitz &
McMacken, 1986).

As we mentioned above, the importance of the ribose region
of the DnaB protein nucleotide-binding site for the enzyme
catalysis was indicated in the early studies of DnaB activities
(Arai & Kornberg, 1981a; LeBowitz & McMacken, 1986).
Structural characteristics of the ribose region of the DnaB
nucleotide-binding site have been probed using two different
fluorescent nucleotide analogs, TNP-ADP and MANT-ADP
(Hiratsuka & Uchida, 1973; Hiratsuka, 1983). There are
contrasting differences between ribose- and base-binding
regions of the DnaB helicase nucleotide-binding site. Fluo-
rescence intensity of bound TNP-ADP increases by a factor
of ~4.7 (Aex = 408 nm), and the maximum of the emission
spectrum is blue-shifted by ~11 nm compared to that of free
TNP-ADP in solution (see Figure 4 and Table 3). Inthecase
of MANT-ADP, the corresponding increase of the fluorescence
intensity is by a factor of ~2.6 and the blue shift of emission
spectrum is by ~12 nm. Both TNP-ADP and MANT-ADP
show good correlation between their fluorescence intensity
and the positions of emission maximum with the solvent
polarity, using the empirical solvent polarity Z scale as defined
by Kosower (Kosower, 1958; Turner & Brand, 1968). Thus,
these results indicate that the environment near the ribose—
binding site has a predominantly hydrophobic character,

Solvent accessibility studies indicate that the MANT group
attached totheribose has very little, if any, solvent accessibility
when MANT-ADP is bound in the DnaB helicase nucleotide-
binding site. In the case of acrylamide and I-, the Stern—
Volmer quenching constant Kgyis ~0 (Table 2). Quenching
efficiency for TI* is detectable (~0.05), suggesting the
presence of negatively charged amino acid groups near the
ribose-binding region. At this point, it should be noted that
solute quenching studies of the fluorescence of DnaB tryp-
tophans, which are located in/close to the nucleotide-binding
site, also show strong preferential quenching by T1*, compared
toI- (Bujalowski and Klonowska, submitted). Thus, thedata
suggest that protein tryptophans may constitute part of the
hydrophobic microenvironment around the ribose-binding
region,

Fluorescence anisotropy of MANT-ADP and TNP-ADP
bound to DnaB is 0.33 & 0.02 and 0.32 % 0.02, respectively.
The values are very close to the fundamental anisotropies of
these nucleotide analogs, ~0.35-0.4, indicating that both
fluorophores attached to the ribose have very limited motional
freedom (Moczydlowski & Fortes, 1981; Cremoet al., 1990).
These results are particularly interesting in the case of MANT-
ADP, whose major emission component (fractional amplitude
={0.76) decays with a lifetime of 13.1 & 0.5 ns (Table 4). This
is a time window long enough to sense rotational motion with
correlation time up to ~ 50 ns (Lakowicz, 1983). Thus, the
data strongly suggest that the entire ribose-binding region
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has substantially limited mobility with respect to the protein
matrix.

Fluorescence of MANT-ADDP, free in solution, decays with
a nearly homogeneous single lifetime of 3.9 £ 0.2 ns (buffer
T2,20 mM NaCl, pH 8.1, 20 °C) which is very similar to the
values previously obtained by Cremo et al. (4.06 ns) and
Hiratsuka (3.8 ns) (Cremo et al., 1990; Hiratsuka, 1983).
Very similar values of fluorescence lifetimes have been obtained
for MANT-dADP and MANT-dATP (Table 4). Bindingto
the DnaB helicase induces dramatic changes in the MANT-
ADP emission decay characteristics. The decay becomes
heterogeneous and is described by two components, 7; = 6.0
+ 0.2 ns (amplitude 0.24) and 7, = 13.1 £ 0.5 ns (amplitude
0.76). Thus, both fluorescence lifetimes are increased with
respect to the lifetime of free MANT-ADP. The presence of
two lifetimes is not a result of the possible different locations
of the MANT groupin 2’ and 3’ isomers in the ribose-binding
region. Both MANT-dADP and MANT-dATP, which have
a MANT group attached exclusively to the 3 oxygen show,
within experimental accuracy, the presence of the same two
decay components (Table 4). The fluorescence lifetime is a
very sensitive measure of the heterogeneity of the environment
surrounding the fluorophore (Lakowicz, 1983). The presence
of two lifetimes for the MANT-ADP, MANT-dADP, and
MANT-dATP bound to the DnaB helicase strongly suggests
that the chromophore experiences two different environments,
possibly two different conformations, of the ribose-binding
region of the DnaB helicase nucleotide-binding site. This
result is in contrast to a single environment and probably to
a lack of discrete conformational heterogeneity at the base-
binding region, as probed by eADP fluorescence. The data
indicate that conformational heterogeneity is localized in the
ribose-binding region and that it is not transmitted to the
base-binding region, suggesting limited communication be-
tween base- and ribose-binding sites.

DnaB helicase is a free-energy transducing enzyme which
can catalyze the unwinding of duplex DNA fueled by ATP
hydrolysis (LeBowitz & McMacken, 1986; Bakeretal., 1987).
A common feature of such enzymes is that they undergo a
conformational transition in their active sites during the
catalysis (Hill, 1977). Toour knowledge,nodata areavailable
on the nature and conformation of the nucleotide-binding sites
of other helicases. Therefore, comparison of results obtained
in this work on the DnaB helicase to the functionally and /or
structurally homologous enzymes is not possible at this time.
However, the energetics of the two-state conformational
transition of the ATP-binding site have been characterized in
the case of the other free-energy transducing system, the
myosin subfragment S-1, and were proposed to be involved
inthe “power stroke” of the contractile cycle (Shriver & Sykes,
1982; Aguirreetal., 1989; Lin & Cheung, 1990). Itispossible
that conformational heterogeneity in the ribose-binding region
of the DnaB helicase nucleotide-binding site, described in this
work, reflects conformational changes involved in the “power
stroke” in the DnaB helicase action (Hill & Tsuchiya, 1982).
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ABSTRACT: Oxidative metabolism is known to generate mutagenic compounds within cells, among which
is 8-oxodeoxyguanosine. Here the mutagenic potential of the triphosphate form of this base analog (8-
0O-dGTP) is investigated during replication in vitro of the lacZ a-complementation sequence in M13mp2
DNA. Adding 8-O-dGTP at equimolar concentration with the normal dNTPs to polymerization reactions
decreases the fidelity of DNA synthesis by exonuclease-deficient Klenow, T4, and Thermus thermophilus
DNA polymerases. Sequence analysis of mutants suggests that 8-O-dGMP is misincorporated opposite
template adenines, yielding A — C transversions. The degree of polymerase selectivity against this error
is enzyme-dependent, with rates varying by >25-fold. Todetermineif the A-8-O-dGMP mispair is proofread,
a direct comparison of the fidelity of proofreading-proficient and proofreading-deficient Klenow and T4
DNA polymerases was made. Although the exonuclease activity of Kienow polymerase did not substantially
reduce overall misincorporation of 8-O-dGMP, misincorporation was lower for the proofreading-proficient
T4 enzyme as compared to its proofreading-deficient derivative. These data suggest that the A-8-O-dGMP
mispair can be proofread. The mutagenic potential of 8-O-dGTP with eukaryotic systems was also examined.
Misincorporation of 8-O-dGTP opposite adenine was observed during SV40 origin-dependent replication
of double-stranded DNA in Hel a cell extracts. When present during replication at a concentration equal
to the four normal dNTPs, 8-O-dGTP was at least 13-fold more mutagenic for A:T — C.G transversions
than was a 100-fold excess of normal dGTP. These data suggest that 8-O-dGTP could be highly mutagenic
during nuclear genomic replication in eukaryotes, with a specificity similar to that in Escherichia coli.
DNA polymerase v, the replicative polymerase for mitochondrial DNA, also readily misincorporated 8-O-
dGMP opposite adenine despite the presence of a highly active proofreading exonuclease activity. Given
the amount of oxidative metabolism occurring in mitochondria, this result has implications for the stability
of the mitochondrial genome and for the origin of degenerative diseases resulting from mitochondrial
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mutations.

Certain analogs of the four bases normally found in DNA
are capable of provoking mutations during DNA synthesis
due to their ambivalent pairing capacity (Freese, 1959). For
many years they have been used as tools to examine DNA
replication fidelity and the genetic consequences of inaccurate
replication (Drake & Greening, 1970; Bessman et al., 1974;
Pavlov et al., 1991). Interest in base analogs also stems from
recent evidence that they are formed in vivo under both normal
and abnormal physiological conditions and, thus, are a potential
source of spontaneous mutations.

One process known to produce a base analog in vivo is
oxidative metabolism, which generates reactive oxygen species
that damage a variety of macromolecules. Among the many
byproducts of oxidative metabolism, one that has received
considerable recent attention is 8-oxodeoxyguanine, the so-
called “GO”! lesion [Kasai & Nishimura, 1984; for reviews,
see Kasai and Nishimura (1991) and Michaels and Miller
(1992)]. A series of studies in Escherichia coli have
demonstrated that this modified guanine nucleotide can be
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mutagenic by base pairing with either cytosine or adenine,
the latter possibly occurring when GO is in the syn conforma-
tion (Kouchhakdjian er al., 1991). Thus, E. coli strains
defective in repair of the GO lesion are among the strongest
mutators known. For example, the products of the mutM
and mutY genes are involved in repair of base pairs containing
the GO lesion, and the double mutant is a >10000-fold mutator
for G — T transversions (Michaels et al., 1992a). These
result when the modified guanine is present as a template
base and mispairs with incoming dATP (Wood et al., 1990;
Shibutani et al., 1991: Moriya et al., 1991; Moriya, 1993).

Alternatively, as a triphosphate precursor for synthesis by
E. coli DNA polymerases (Maki & Sekiguchi, 1992; Cheng
et al., 1992), 8-O-dGTP is incorporated opposite template
adenine, leading to A:T — C-G transversions. The product
of the mutT gene has nucleoside triphosphatase activity
(Bhatnagar & Bessman, 1988; Akiyama et al., 1989) that
hydrolyzes 8-O-dGTP to 8-O-dGMP (Maki & Sekiguchi,
1992). Because a mutT- strain is a 100—10000-fold mutator
for A.-T — C-G transversions (Yanofsky et al., 1966) that
result from misincorporation of some form of dGTP opposite
template A (Schaaper & Dunn, 1987; Akiyama et al., 1989),
Maki and Sekiguchi (1992) suggested that the 8-O-dGTPase
activity eliminates this potentially mutagenic base analog from
the dNTP precursor pool used for DNA replication.

We initiated the present study of the fidelity of DNA
synthesis in vitro in the presence of 8-O-dGTP to address

0006-2960/94/0433-4695%04.50/0 © 1994 American Chemical Society



4696 Biochemistry, Vol. 33, No. 15, 1994

three unresolved issues. First, we wanted to quantitatively
establish the mutagenic potential of 8-O-dGTP in model
polymerization reactions. In a previous study (Cheng et al.,
1992), 8-O-dGTP was shown to be incorporated opposite
template adenine by the exonuclease deficient large fragment
of E. coli DNA polymerase I. However, this was detected
only when the analog was substituted completely for dGTP
and in 10-100-fold excess over the other three normal dNTPs.
Likewise, the catalytic subunit of E. coli DNA polymerase
III also incorporated 8-O-dGTP opposite template adenine
(Maki & Sekiguchi, 1992), but that study examined insertion
(but not mispair extension) at a single template site in a reaction
containing only dATP and 8-O-dGTP. Given the potential
importance of this analog in vivo and the lack of information
on its possible concentration relative to the four normal ANTPs,
we wanted to extend the earlier studies to establish mutagenic
potential in quantitative terms in reactions in which the analog
was present in equimolar concentration with all four normal
dNTPs. The fidelity assay used here also permits an
examination of the effects of local sequence context on
misincorporation.

Second, we wanted to determine if, once formed by a DNA
polymerase, the A.8-O-dGMP mispair was subject to exo-
nucleolytic proofreading. Ina study of the miscoding potential
of 8-0-dG as a template nucleotide during DNA synthesis in
vitro, Shibutani et al. (1991) concluded that misinsertions of
dAMP opposite template 8-O-G were not proofread by the
3’ — 5§’ exonuclease of E. coli DNA polymerase I. They
suggested that this is because the exonuclease does not
recognize the 8-0-dG-dAMP mispair asa substrate. However,
the situation in the present study is different in that the
modified nucleotide is the incoming dNTP. It is well-known
that DNA polymerases discriminate to different extents
against substitutions involving the same two nucleotides
depending on which is the template and which is the incoming
triphosphate [for a review, see Kunkel and Bebenek (1988)].
This could result in differential proofreading. In fact, from
a more recent study of revertants at trpA sites using mutator
strains of E. coli, Fowler et al. (1992) suggested that
proofreading by the dnaQ gene product (the 3’ — ¥
exonuclease subunit of DNA polymerase I1T holoenzyme) does
reduce the frequency of A:T — C.G transversions in mutT
strains in vivo. Because these transversions have been
suggested to result from misincorporation of 8-O-dGTP
opposite template adenine (Maki & Sekiguchi, 1992), we
wanted to determine whether 8-O-dGMP, once inserted
opposite adenine, would be removed by the exonucleolytic
proofreading activity associated with DNA polymerases. This
determination is made possible by the availability of mutant
DNA polymerases that have normal DNA polymerase activity
but lack proofreading activity due to amino acid substitutions
within the exonuclease active sites [e.g., Derbyshire et al.
(1988) and West Frey et al. (1993)].

The identification of a human enzyme functionally equiva-
lent to the MutT protein (Mo et al., 1992) and the recent
cloning and expression of its cDNA (Sakumi et al., 1993)
suggest that eukaryotes may need protection against mutagenic
forms of dGTP generated by oxidative stress. Since the
mutagenic potential of 8-O-dGTP has not been examined
beyond the studies in the powerful E. coli genetic system, we
wanted to determine whether 8-O-dGTP is mutagenic during
eukaryotic DNA replication. Todoso, we performed reactions
with proteins involved in replication of either of two genomes.
The first uses the well-characterized in vitro model for
duplication of nuclear DNA, the SV40 origin-dependent
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replication system (Kelly, 1988); Stillman, 1989; Hurwitz e¢
al., 1990). Here circular, double-stranded DNA can be
completely replicated ina series of complex reactions catalyzed
by a number of host cell proteins. We have previously found
that such replication in HeLa cell extractsis accurate for base
substitution errors (Roberts & Kunkel, 1988; Thomas et al.,
1991), including the A.T — C-G substitutions characteristic
of 8-O-dGTP misincorporation. This provides a low back-
ground, such that analog-induced errors can be readily
detected. The second is gap-filling, single-stranded DNA
synthesis catalyzed by DNA polymerase v, the central enzyme
for replication of mitochondrial DNA. DNA polymerase v
is normally very accurate for substitution errors due to the
presence of a highly active proofreading exonuclease (Kunkel
& Soni, 1988). This determination is particularly intriguing
because oxygen radicals are a natural byproduct of the
extensive oxidative phosphorylation that occurs in mitochon-
dria and hence might generate mutagenic nucleotide precursors
in this organelle. Mutagenesis induced by 8-O-dGTP during
mitochrondrial DNA replication could contribute to the

; degenerative diseases associated with mitochondrial DNA

mutations [for a review, see Wallace (1992)].

EXPERIMENTAL PROCEDURES

Bacterial Strains and Reagents. E. coli strains CSHS50,
NR9099, NR9162, and MC1061 were as described (Kunkel
& Soni, 1988). E. coli strain CCl104 mutM- (ara
A(gpt-lac)s rpsL [F'lacI378 lacZ461 proA*B*] mutM) was
from Jeffrey H. Miller (UCLA). NR9373 (ara thi
A(pro-lac) mutY::Tn5) was provided by Roel M. Schaaper
(NIEHS). A mutantstrain deficientin both mutM and mutY
was made by P1 transduction of mutM with a P1 lysate grown
on NR9373, selecting for tetracycline and kanamycin resis-
tance. Resulting transductants were colony-purified and tested
for spontaneous mutation rate, which was found to be 1000-
fold higher than in the parent strain, in agreement with a
previous study (Michaels et al., 1992a). The 8-O-dGTP was
prepared as described (Mo et al., 1992) using a 4-um Waters
Radial NovaPack column instead of a Spherisorb SAX
column. Thesources of all other reagents and the preparation
of DNA substrates were as described (Kunkel & Soni, 1988;
Roberts & Kunkel, 1993).

DNA Polymerases. Thewild-typelarge (Klenow) fragment
of E. coli DNA polymerase I and its exonuclease-deficient
variant (D355A, E357A changes; Derbyshire et al., 1988)
were from U.S. Biochemical Corp. (Cleveland, OH). The
thermostable DNA polymerase from Thermus thermophilus
(Bechtereva et al., 1989) was from Biomaster (Moscow,
Russia) or Amersham. Wild-type T4 DNA polymerase and
its exonuclease-deficient derivative (containing a D219A
change; West Frey et al., 1993) were gifts from Michelle
West Frey and Stephen J. Benkovic (Pennsylvania State
University). Chickembryo DNA polymerase vy was described
previously (Kunkel & Soni, 1988). For replication studies,
HeLa cell cytoplasmic extract was prepared according to the
method of Liand Kelly (1985). SV40T antigen was purchased
from Molecular Biology Resources.

DNA Synthesis Reactions. Reactions (25 uL) contained
equimolar concentrations of dATP, dGTP, dCTP, TTP, and
8-0-dGTP, either 50 uM (for Klenow, T4, and Tth poly-
merases) or 100 uM (for pol v and SV40 replicationreactions).
DNA polymerase reactions contained 150 ng (~67 fmol) of
gapped M13mp2 DNA; the replication reaction contained 40
ng of double-stranded M13mp2 SV DNA. Other reaction
components, incubation temperatures, and time were as
follows. Klenow polymerase: 20 mM Hepes (pH 7.8), 2 mM
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Table I: Fidelity of Exonuclease-Deficient Klenow Polymerase in
the Presence of 8-O-dGTP?

plaques
strain 8-O-dGTP  total mutant mutant freq (X10%)
wild-type - 12570 116 92
+ 2152 107 500
mutM- - 7250 53 73
+ 2387 96 400
mutM-Y- - 4215 39 93
+ 2923 47 160

@ Reactions, electroporations, and platings were performed as described
under Experimental Procedures.

dithiothreitol, 10 mM MgCl,, and 0.7 pmol of polymerase;
37°C; 10 min. T4 DNA polymerase: 67 mM Tris-HCI (pH
8.8), 10 mM B-mercaptoethanol, S mM MgCl,, 60 mM NaCl,
and 0.9 pmol of polymerase; 37 °C; 30 min. Tth polymerase:
20 mM Tris-HCI (pH 8.0), 2 mM dithiothreitol, 10 mM
MgCl,, and 0.2 pmol of polymerase; 70 °C; 10 min. DNA
polymerasey: 20mM Tris-HCI (pH 8.0), 2 mM dithiothreitol,
10 mM MgCl,, and § units of polymerase; 37 °C; 30 min.
Replication reaction: 30 mM Hepes (pH 7.8), 7mM MgCl,,
4 mM ATP, 200 uM CTP, GTP, and UTP, [«-32P]dCTP
(4000 cpm/pmol), 40 mM creatine phosphate, 100 ug of
creatine phosphokinase/mL, 15 mM sodium phosphate (pH
7.5), 1 ug of SV40 T antigen, and 10 uL of extract; 37 °C;
6 h.

Product Analysis. Polymerase reactions were terminated
with EDTA, and a portion of each reaction was analyzed by
agarose gel electrophoresis (Kunkel, 1985a) to monitor the
extent of synthesis. In all cases, the products migrated
coincident with the full-length circular DNA standard,
indicating that the 390-nucleotide gap molecules had been
filled. Replication reaction products were analyzed by
diagnostic restriction endonuclease digestion and agarose gel
electrophoresis as described (Roberts & Kunkel, 1993).
Aliquots of each reaction were used for electroporation of
competent cells as described (Roberts & Kunkel, 1993).

Fidelity Assay. The assay scores errors during synthesis
of the minus-strand of the wild-type lacZa gene sequence in
M13mp2. Correct polymerization during gap-filling synthesis
by purified polymerases or during SV40 origin-dependent
replication of double-stranded DN A produces DNA that yields
dark blue M13 plaques upon transfection of an appropriate
E. coli host strain followed by plating on indicator plates.
Errors are scored as lighter blue or colorless plaques. All
possible types of substitutions as well as frameshifts at many
different sites can be scored (Roberts & Kunkel, 1993).

RESULTS

Misincorporation of 8-0-dGTP during Synthesis by
Exonuclease-Deficient Klenow Polymerase. To examine the
mutagenic potential of 8-O-dGTP during DNA synthesis in
vitro, we began with the well-defined enzyme studies by Cheng
et al. (1992) of the Klenow fragment of E. coli DNA
polymerase I. This polymerase (Table 1) is devoid of
exonucleolytic proofreading activity by virtue of the double
amino acid change D355A,E357A within the exonuclease
activesite. Theenzyme is otherwise normal both structurally
and kinetically (Derbyshire et al., 1988), and its fidelity with
normal dNTP substrates has been extensively characterized
(Bebenek et al., 1990; Joyce et al., 1992; Eger & Benkovic,
1992).

In reactions using M13mp2 DNA with a 390-nucleotide
single-stranded gap containing the lacZ a-complementation
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sequence, gap-filling DNA synthesis with the D355A,E357A
Klenow polymerase and normal dNTPs generates reaction
products that, upon electroporation of a wild-type E. coli
a-complementation strain, yield a mutant frequency of 92 X
10~ (Table 1). Sequence analysis of over 100 independent
mutants demonstrated that none contained an A — C
transversion. Thus, this polymerase rarely misincorporates
dGTP opposite template A.

In a parallel reaction, inclusion of 8-O-dGTP at a con-
centration equal to that of the four normal dNTPs yielded a
5-fold increase in mutant frequency (Table 1). Sequence
analysis of 19 mutants demonstrated that 17 contained one
or more A — C substitutions. These data are consistent with
formation of A-8-O-dGMP mispairs during synthesis in vitro.
They also demonstrate that the mispair survived transfection
and was expressed, i.e., that the newly incorporated 8-O-
dGMP templated the incorporation of dCTP during subse-
quent replication invivo. Thesedata are completely consistent
with observations reported by Cheng et al. (1988).

At least two repair activities in E. coli could influence
recovery of mutants. The MurM gene encodes a glycosylase
that removes 8-O-dGMP from a C.8-O-dGMP pair (Tchou
etal., 1991). The MutY gene encodes an adenine glycosylase
(Au et al., 1988) that removes the adenine from a A-8-O-
dGMP mispair (Michaels et al., 1992a,b; Moriya & Grollman,
1993). Introduction of aliquots of the polymerase reaction
products into a mut M- strain yielded mutant frequencies that
weresimilar to those obtained with the wild-type strain (Table
1). Thus, the MutM gene product does not substantially affect
the ability to score mutants originating from misincorporation
of 8-O-dGTP during synthesis in vitro. Introduction of an
aliquot of the 8-O-dGTP-containing reaction products into a
mutM-mutY- double-mutant strain yielded mutant frequen-
cies lower than those obtained with the wild-type strain (Table
1, compare 160 X 10~ to 500 X 10%). This antimutator
effect is consistent with the possibility that, upon transfection
of DNA into a wild-type strain, the glycosylase removes the
“correct” (i.e., adenine) nucleotide from the A.8-O-dGMP
mispair made invitro, which is then replaced by dCMP during
repair synthesis in vivo. Thus, MutY action in the wild-type
strain actually enhances the ability to score misincorporation
of 8-O-dGTP in vitro.

Incorporation of 8-O-dGTP opposite template C during
DNA synthesis invitro, followed by misincorporation of dAMP
opposite template 8-O-dGMP during subsequent replication
in vivo, would yield C-G — A.T transversions. When the
products of the Klenow polymerase reactions were used to
transfect the wild-type E. coli strain and DNAs from 40
independent mutants were sequenced, none contained C:G —
AT transversions. This does not exclude the possibility that
8-O-dGTP may be incorporated opposite template C, since
this base pair could be converted to a normal C-G pair in vivo
by MutM action or by replication. Alternative approaches
will be required to study misincorporation of 8-O-dGTP
opposite template C. Nonetheless, the data with the exo-
nuclease-deficient Klenow polymerase validate the M13mp2
forward mutation assay for addressing several issues on
misincorporation of 8-O-dGMP opposite adenine.

Contribution of Base Selectivity to 8-0-dGTP Misincor-
poration Error Rate. We first wanted to examine the 10le of
DNA polymerase selectivity in determining the degree of 8-O-
dGTP-induced infidelity, in the absence of proofreading
activity. To do so, we performed reactions with and without
8-O-dGTP using three different proofreading-deficient DNA
polymerases, the 3’ — 5’ exonuclease-deficient mutant forms
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Table 2. Differential Mutagenic Potential of 8-O-dGTP with
Prokaryotic DNA Polymerases4

mutant frequency (X104)

DNA exonuclease-deficient exonuclease-proficient
polymerase —8-O-dGTP + 8-O-dGTP -8-O-dGTP + 8-O-dGTP
Klenow 92 500 27 340
T4 (expt 1) 70 120 7 22

(expt 2) 46 120 8 19
Tth 73 1100

4 Reactions were performed as described under Experimental Proce-
dures. All frequencies are derived from scoring several thousand plaques
per variable. The data in Table 1 represent typical results.

of Klenow polymerase and bacteriophage T4 DNA poly-
merase, and the normally exonuclease-deficient thermostable
Tth DNA polymerase. All three enzymes generate higher
mutant frequencies in reactions containing the base analog
than in reactions that do not (compare the second and third
columns in Table 2). The differences were 5.4- and 15-fold
for Klenow and Tth polymerases, respectively. Since the
difference was only 1.7-fold in the initial experiment with T4
DNA polymerase (120 X 104 vs 70 X 10-%), a second
experiment was performed. This experiment (T4 experiment
21in Table 2) confirmed the small 8-O-dGTP-dependent effect.
It also illustrates, as in a number of previous studies [see
Thomas er al. (1991)], that M13-based transfection assays
are reproducible, with repeat experiments seldom varying by
more that 50% and multiple determinations yielding standard
deviations less than 20% of mean values.

Previous studies have shown that DNA polymerases
generate a variety of errors during synthesis with normal
dNTPs. To quantitatively establish the full miscoding
potential of 8-O-dGTP, sequence analysis of mutants obtained
from reactions with and without the analog was performed.
The results (Table 3) revealed that the increases resulted
predominantly from A — C substitutions. The analog-
dependent increasesin error rate were 2600-, 270-,and 2730-
fold for the exonuclease-deficient Klenow, T4, and Tth
polymerase, respectively. Thus, these three DNA polymerases
all misincorporate 8-O-dGTP opposite template adenine.
However, they do so at rates that vary by more than 25-fold,
ranging from 2.8 X 10~ for exonuclease-deficient T4 DNA
polymerase to 73 X 10~ for Tth DNA polymerase (Table 3).
In this type of fidelity assay, these rates reflect the probability
of misinsertion followed by successful extension to fix the
mispair. Thus, the observed enzyme-dependent differences
could result from rate differences at one or both steps in the
reaction.

As of this writing, there are 25 template adenines in the
lacZ a-complementation reporter gene used in this study at
which A — Csubstitutions can be detected as a mutant plaque
phenotype. The sequence analysis of mutants from reactions
containing 8-O-dGTP revealed a distinctly nonrandom dis-
tribution of misincorporation of the base analog. Forexample,
4 of the 17 A— Csubstitutions (24%) recovered from reactions
with the exonuclease-deficient Klenow polymerase were at
one position, a template adenine at position 109 (where +1
is the first transcribed nucleotide of the gene). Similarly, 4
ofthe 16 A — C substitutions (25%) recovered from reactions
with the exonuclease-deficient T4 DNA polymerase were at
a single site. However, this was a different nucleotide, a
template adenine at position 130.

Contribution of Exonucleolytic Proofreadingto 8-0O-dGTP
Misincorporation Error Rate. We next wanted to use this
model system to determine whether 8-O-dGMP, once inserted

Pavlov et al.

opposite adenine, would be removed by the exonucleolytic
proofreading activity associated with DNA polymerases. To
examine this possibility, we made pairwise comparisons using
two different wild-type DNA polymerases and their exo-
nuclease-deficient counterparts. For the first comparison we
used the Kienow polymerase, where the proofreading defi-
ciency of the mutant enzyme results from two amino acid
differences in the exonuclease active site. Since these changes
affect neither the structure of the polymerase active site nor
polymerization activity (Derbyshire et al., 1988), any dif-
ferences in fidelity are interpreted as reflecting the proof-
reading defect rather than altered base selectivity, although
the latter cannot be completely excluded.

Using identical reaction conditions, both wild-type and
exonuclease-deficient Klenow polymerases yield a high rate
of A — C errors in reactions performed with 8-O-dGTP
(Tables 2 and 3). However, the rate is only slightly higher
for the exonuclease-deficient enzyme (compare 19 X 10 to
30 X 10~* in Table 3), suggesting that proofreading of A-8-
O-dGMP mispairs by the exonuclease activity of Klenow
polymerase is inefficient.

The second comparison uses T4 DNA polymerase. The
wild-type enzyme has a 3’ — 5’ exonuclease, while its mutant
counterpart does not (West Frey ef al., 1993) as a result of
a change of an amino acid (D219A) that is highly conserved
among DNA polymerases containing associated 3’ — 5’
exonuclease activity. Under identical reaction conditions, both
forms of the T4 polymerase yield A — C errors in reactions
performed with 8-O-dGTP (Table 3). However, the rate with
the mutant polymerase is 4.5-fold higher than for the wild-
type enzyme (compare 0.6 X 10~ to 2.7 X 10~ in Table 3).
This suggests that more than 80% of misinsertions of 8-O-
dGMP opposite template adenine by the T4 DNA polymerase
are proofread by its associated exonuclease activity. (Again,
this interpretation assumes no difference in polymerase base
selectivity between the wild-type and mutant enzyme.)
However, evenina polymerization reaction where proofreading
would contribute greatly to accuracy for mispairs involving
normal dNTPs, 8-O-dGTPretains a high mutagenic potential.

8-0-dGTP Misincorporation Error Rates during Eukary-
otic Replication. Toexamine whether 8-O-dGTP is mutagenic
during eukaryotic DNA replication, we used the simian virus
40 (SV40) replication system. Inclusion of 8-O-dGTP in a
replication reaction at a concentration equal to that of the
other dINTPs reduces replication efficiency by less than 2-fold,
as measured by incorporation of radiolabeled dCTP. When
analyzed by agarose gel electrophoresis, the products of
reactions containing 8-O-dGTP (not shown) are indistin-
guishable from those obtained with normal dNTPs [e.g., see
Figure 1 in Roberts and Kunkel (1988)]. The monomer-
length circular products are resistant to digestion by the
restriction endonuclease Dpnl and are thus inferred to be the
hemimethylated products of semiconservative replication.

The results of transfection of these products are shown in
Table 4. In the first experiment, the mutant frequency is
2.8-fold higher for products of reactions containing 8-O-dGTP
than for replication with normal dNTPs (compare 23 X 10~
t08.2 X 10~*in Table 4). This 8-O-dGTP-dependent increase
is T antigen-dependent (not shown), demonstrating that it
reflects replication errors. We had previously found that
replication using normal dNTPs is accurate for base substi-
tution errors (Roberts & Kunkel, 1988; Thomas et al., 1991),
including the A-T — C.G substitutions characteristic of
misincorporated 8-O-dGTP. In contrast, sequence analysis
of mutants from reactions containing 8-O-dGTP suggests that



Replication Errors via Misincorporation of 8-O-dGTP

Biochemistry, Vol. 33, No. 15, 1994 4699

Table 3: Error Rates for A—~C Transversions with Several DNA Polymerases

without 8-O-dGTP

with 8-0-dGTP

mutants sequenced

mutants sequenced

DNA polymerase total A—C error rate® for A—~C (X10~%) total A—C error rate? for A—C (X104)
wild-type Klenow ND# ND 20¢ 17 19

exo- Klenow 118 0 =<0.05 19¢ 17 30

wild-type T4 13 0 <0.04 32 15 0.6

exo~ T4 104 0 <0.04 47 16 2.7

Tth 50 0 <0.10 20¢ 20 73

poly ¥ 1624 14 ~0.01 20¢ 20 37

4 The error rate was calculated by multiplying the mutant frequencies from Tabie 2 by the proportion of mutants containing A—C substitutions,
dividing by 0.6 to correct for expression of errors in these E. coli cells (Kunkel & Soni, 1988), and dividing by 25, the number of sites at which A—~C
substitutions can be detected. ® ND, not determined. ¢ Because some mutants contained more than one A—C substitution, the error rate is a minimum

estimate. ¢ From Kunkel (1985b).

Table 4: Mutagenic Potential of 8-O-dGTP during Replication of Double-Stranded DNA

plaques
addition total mutant mutant freq (X104) sequencing (A-T—C-G per total sequenced) error rate? (X10-5)

expt 1

normal dNTPs? 47635 39 8.2 2/78 <0.9¢

plus 8-O-dGTP 11988 28 23 13/27 46

100 X dGTP 45830 79 17 0/20 <35
expt 2

normal dNTPs 16 699 27 164 NDe

plus 8-O-dGTP 12 802 74 58 25/59 100

4 Calculated as described in the footnote to Table 3, but expression of errors upon transfection is 50% (Roberts & Kunkel, 1988) and there are 48
detectable sites for A—C errors, 25 on the plus strand and 23 on the minus strand (Roberts & Kunkel, 1993; and this study). ® From Thomas et al.
(1991). < This is a “<” value because it differs by less than 2-fold from the background frequency obtained with unreplicated DNA [see Thomas et
al. (1991)]. 4 This frequency is from an original plating of transfected cells. Typically when mutant candidates are replated, some are found to be
plating artifacts. In addition, a few mutants are sequenced and found to have no change in the gene from position -84 to 170. Thus, this frequency
may slightly overestimate the actual a-complementation mutant frequency. ¢ ND, not determined. / Slightly fewer than half the mutants analyzed from
8-O-dGTP-containing replication reactions contained A:T—C-G substitutions. Of the remaining 48 mutants from experiments 1 and 2, 41 had no
change within the sequenced analyzed. These could have had A—C substitutions or other changes downstream in the unsequenced region of the lacZ

a-complementation gene in the vector.

the rate for A-T — C.G substitutions increases at least 50-
fold when 8-O-dGTP is present during replication. When the
experiment was performed a second time (Table 4, experiment
2), theestimated error rate with 8-O-dGTP was slightly higher.
These AT — C.G substitution rates with equimolar 8-O-
dGTP are much higher than that obtained from a reaction
containing no 8-O-dGTP but a 100-fold excess of normal dGTP
(1000 uM) over the other three normal ANTPs (10 uM each).
This illustrates the substantial mutagenic potential of 8-O-
dGTP during replication of double-stranded DNA.

Because oxygen radicals are a natural byproduct of the
extensive oxidative phosphorylation that occurs in mitochon-
dria and hence might generate mutagenic nucleotide precursors
in this organelle, we also inquired whether 8-O-dGTP was
mutagenic with the replicative DNA polymerase for the
mitochrondrial genome, DNA polymerase vy. Transfection
of the DNA products of reactions performed with and without
8-0-dGTP yielded mutant frequencies of 25 X 10~* and 560
X 104, respectively. Sequence analysis of mutants (Table 3)
indicates that the A — C substitution error rate for chick
embryo pol v is increased more than 1000-fold for synthesis
in the presence of the analog at a concentration equal to that
of the normaldNTP. This increase occurs despite the presence
of an associated proofreading exonuclease (Kunkel & Soni,
1988) which renders the polymerase highly accurate during
DNA synthesis with normal dNTPs.

DISCUSSION

The present study addresses several issues regarding the
mutagenic incorporation of 8-O-dGTP. First, the data in
Tables 2 and 3 extend earlier studies by Cheng et al. (1992)

and Maki and Sekiguchi (1992) by demonstrating that this
modified nucleotide is primarily misincorporated opposite
template adenine by a variety of DNA polymerases. The
data provide a quantitative estimate of the average rate of
stable misincorporation at 25 detectable template adenines,
when 8-O-dGTP is present at a concentration equimolar to
the four normal dNTPs. This provides a basis for a future
estimation of the mutagenic potential of 8-O-dGTP in vivo
inrelation to the concentration of the normal dNTPs, if indeed
8-O-dGTP is found to be stably present in the dNTP pool.

The different error rates obtained with exonuclease-deficient
DNA polymerases (Table 3) illustrate that the analog’s
mutagenic potential in model polymerization reactions depends
onthe DNA polymerase catalyzing the reaction. The limited
error specificity data described above, i.e., the “hot spots”
observed with two different DNA polymerases, also suggest
that, as for errors with normal dNTPs [e.g., Joyce et al. (1992);
for reviews, see Kunkel and Bebenek (1988) and Echols and
Goodman (1991)], the rate of misincorporation of 8-O-dGTP
depends on the surrounding sequence. Extrapolating to the
invivosituation, 8-O-dGTP-dependent mutagenesis may vary
depending on where it is misincorporated and on which of the
several replicative and repair DNA polymerases utilizes it.
The unique signature of 8-O-dGTP-dependent mutagenesis,
AT — C.G transversions, makes this compound anideal choice
for model studies to try to understand how sequence context
affects base selectivity and perhaps proofreading activity and
to examine fidelity during different phases of replication
(Kunkel, 1992). The high rate of A-T — C.G transversions
generated in reactions catalyzed by the 7th DNA polymerase
at 72 °C suggests that this base analog may also be useful for
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in vitro mutagenesis of genes using the polymerase chain
reaction,

The observation that the rate for A.8-O-dGMP errors is
4.5-fold higher for exonuclease-deficient T4 DNA polymerase
than for its proofreading-proficient counterpart (Table 3) is
consistent with the possibility that 8-O-dGMP misinserted
opposite adenine can be excised by the proofreading exonu-
clease associated with this polymerase. This possibilityisalso
supported by a recent study (Fowler et al., 1992) suggesting
that proofreading by the E. coli dnaQ gene product (the 3’
— 5’ exonuclease subunit of DNA polymerase II1 holoenzyme)
reduces the frequency of A-T — C.G transversions in mutT
strains in vivo. Comparison of mutant vs wild-type Klenow
polymerase, which has a less active 3/ — 5’ exonuclease than
does the T4 DNA polymerase, revealed little difference in
error rates (Table 3). Interestingly, Shibutani et al. (1991)
concluded that misinsertions of dAMP opposite template
8-0O-G were not proofread by the 3’ — 5’ exonuclease of E.
coli DNA polymerase I. Perhaps a difference might be
observed if the T4 DNA polymerase were used in their
approach. However, the situation in the present study is
different from their study in that here the modified nucleotide
is the incoming dNTP. It is well-known that DNA poly-
merases can discriminate to different extents against substitu-
tions involving the same two nucleotides depending on which
is the template and which is the incoming triphosphate [for
a review, see Kunkel and Bebenek (1988)]. Differential
polymerase discrimination at the extension step for the two
mispairs or different rates of excision of dAMP vs 8-O-dGMP
as terminal nucleotide could result in differential proofreading.

The A-T — C-G transversions generated during replication
in HeLa cell extracts containing equimolar concentrations of
8-O-dGTP and the four normal dNTPs (Table 4) suggest
that it will be mutagenic in human cells if it is indeed stably
generated by oxidative stress in vivo. The magnitude of the
increase shown in Table 4 should not be overinterpreted,
because the extract may contain proteins that process the
nucleotide analog before or after incorporation. For example,
the human protein with 8-O-dGTPase activity (Mo et al.,
1992) is likely to be present in HeLa cell extracts and may
degrade the analog. Nonetheless, degradation would lead to
an underestimate of the mutagenic potential of 8-O-dGTP,
and the analogis clearly highly mutagenic during SV40 origin-
dependent replication. In fact, at equimolar concentration,
it is much more mutagenic for A-T — C-G transversions than
isa 100-fold excess of dGTP. This high degree of mutagenesis
occurs despite observations suggesting that mispairs involving
undamaged nucleotides are efficiently proofread during
replication (Roberts & Kunkel, 1991). It remains to be
determined whether A:8-O-dGMP mispairs are proofread
during replication in human cells.

The 8-O-dGTP-dependent mutagenesis observed during
DNA synthesis catalyzed by eukaryotic DNA polymerase v
is consistent with the possibility that 8-O-dGTP is mutagenic
during mitochondrial DNA replication in vivo. Again, the
high rate of A — C transversions is striking in light of the
large contribution to fidelity with normal mispairs provided
by the 3’ — 5’ exonuclease activity associated with DNA
polymerase v (Kunkel & Soni, 1988). It is also interesting
in light of the substantial oxidative metabolism occurring in
mitochondria. Mutagenesis resulting from such metabolism
has been suggested to contribute to the degenerative diseases
associated with mitochondrial DN A mutations {for a review,
see Wallace (1992)]. The present study suggests that one
route to mitochondrial mutagenesis may be misincorporation

Pavlov et al.

of modified dNTPs. This raises the question of whether
enzymes exist to sanitize mitochondrial dNTP pools.
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ABSTRACT: The discovery of selective lanosterol 14a-demethylase inhibitors may lead to novel hypolipidemic
drugs. RS-21607, (25,4S)-cis-2[(1 H-imidazol-1-yl)methyl]-2-[2-(4-chlorophenyl)ethyl]-4-[[(4-amino-
phenyl)thio]lmethyl]-1,3-dioxolane, was characterized as a tight-binding, competitive inhibitor of lanosterol
14a-demethylase purified from rat liver. The apparent K; was determined to be 840 pM and found to be
similar in hepatic microsomes from human, rat, and hamster. RS-21607, which contains two chiral centers,
was a more effective lanosterol 14a-demethylase inhibitor than its three stereoisomers. In vitro, RS-21607
had a greater affinity for lanosterol 14a-demethylase than the other cytochromes P450 evaluated: CYP7,
CYP27,CYP11A1,CYP19,CYP17,CYP11B1,CYP21,CYP3A4,CYP4A,CYP2D6,CYP1A2, CYP2C9,
and 27-hydroxycholesterol 7a-hydroxylase. The other stereoisomers were not as selective as RS-21607.
Doses of 3-30 mg/kg RS-21607 given orally to hamsters caused a dose-dependent decrease in cholesterol
biosynthesis with a corresponding accumulation of 24,25-dihydrolanosterol. RS-21607 inhibited the enzyme
and cholesterol biosynthesis in hamster liver by 50% at 18 h following a 30 mg/kg oral dose. This was
interpreted to indicate that RS-21607 is able to distribute to the site of action in hamsters and inhibit the
target enzyme. In the same dose range, the plasma concentrations of testosterone, corticosterone, and
progesterone, the endpoints for the cytochromes P450 involved in steroid biosynthesis, were relatively
unaffected. Thesedatashow RS-21607 to bean effective and selective inhibitor of lanosterol 14a-demethylase,
both in vivo and in vitro. RS-21607 interacted with the purified enzyme to produce a type II binding
spectrum, consistent with an interaction between the imidazole moiety and the heme. The electrostatic
contribution of the imidazole binding was investigated using the desimidazole analog of RS-21607. The
apparent K; for the desimidazole compound (65 uM) was similar to the apparent Ky, for the substrate DHL
(79 uM). Together, these data confirm that the ligand attached to the imidazole in RS-21607 is a good
non-sterol substitute for DHL, i.e., binding to the enzyme with similar affinity, and that the coordination
of the imidazole to the heme provides a major electrostatic contribution for the inhibition of lanosterol
14a-demethylase by RS-21607. RS-21607 was also observed to increase the accumulation of 38-hydroxy-
24,25-dihydrolanost-8-en-32-al, the second intermediate in the multistep oxidation, but not the first
intermediate, 24,25-dihydrolanost-8-ene-383,32-diol. The accumulation of this regulatory oxysterol indicates

that RS-21607 inhibits both the first and third steps in the multistep reaction sequence.

Elevated serum cholesterol is implicated in many cardio-
vascular diseases including atherosclerosis (Anderson et al.,
1987). Therapies which reduce serum cholesterol have been
shown to reduce the incidence of the disease (Lipid Research
Clinics Program, 1984). Blocking the synthesis of cholesterol
with HMG-CoA reductase inhibitors has proven to be effective
in lowering serum cholesterol (Endo, 1985; Wangworth &
Bacon, 1987). Thereare numerous other enzymaticreactions
of cholesterol biosynthesis which have the potential to be
therapeutic targets. One such enzyme is lanosterol 14a-
demethylase (LDM)! which catalyzes the first modification
of the sterol nucleus in mammals and yeast. Demethylation
of lanosterol by LDM occurs via three successive oxidations
at the C-32 methyl group resulting in loss of formic acid and
formation of 4,4-dimethyl-5a-cholesta-8,14,24-trien-38-ol
(Figure 1)2 (Yoshida & Aoyama, 1984; Aoyama et al., 1984;
Trzaskos et al., 1986a). Inhibition of any of these three
oxidation steps should result in a block of cholesterol
biosynthesis.
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@ Abstract published in Advance ACS Abstracts, April 1, 1994,

Many antifungal azole compounds including ketoconazole,
clotrimazole, fluconazole, and miconazole have been found to
interact with fungal LDM (Vanden Bossche, 1988). It has
been determined that these compounds cause fungal cell death
by blocking the biosynthesis of ergosterol at the lanosterol
14a-demethylation step. Upon theapproval of the orally active
antifungal agent ketoconazole, the interaction with lanosterol
14a-demethylase in humans could be investigated. Keto-

! Abbreviations: LDM, lanosterol 14a-demethylase; DHL, 24,25-
dihydrolanosterol; 8,14-diene, 4,4-dimethyl-5a-cholesta-8,14-dien-38-ol;
32-alcohol, 24,25-dihydrolanost-8-ene-38,32-diol; 32-aldehyde, 38-
hydroxy-24,25-dihydrolanost-8-en-32-al; RS-21607, (2S,4S)-cis-2-{(1H-
imidazol-1-yl)methyl]-2-[2-(4-chlorophenyl)ethyl}-4-[ [ (4-aminophenyl)-
thio]methyl]-1,3-dioxolane; desimidazole or trans-2R,45-DI, (2R,4S)-
trans-[2-(4-chlorophenyl)ethyl]-2-methyl-4-[ [ (4-aminopheny!)thio] methyl]-
1,3-dioxolane; cis-2S5,4S-DI, (25,4S)-cis-[2-(4-chlorophenyl)ethyl]-2-
methyl-4-[[(4-aminophenyl)thio] methyl}-1,3-dioxolane; DTT, di-
thiothreitol; EDTA, ethylenediaminetetraacetic acid; BHT, butylated
hydroxytoluene; TV = tritium isotope effect upon Vmax; T(V/K) = tritium
isotope effect upon Vmax/Km.

2 Dihydrolanosterol is used instead of lanosterol as the enzyme substrate
inthis study because it is similar tolanosterol in enzyme activity (Trzaskos
etal., 1986b) and dihydrolanosterol, not lanosterol, primarily accumulates
after RS-21607 treatment to hamsters. The accumulation of DHL is
thought toresult from the shunting of lanosterol to the side-chain reductase
pathway when oxidation by LDM is blocked.

0006-2960/94/0433-4702804.50/0 © 1994 American Chemical Society
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FIGURE 2: Structures of the stereoisomers of RS-21607 and
desimidazoles.

conazole has been shown to reduce serum total cholesterol by
approximately 30% in humans, with a corresponding increase
in serum lanosterol concentrations (Kraemer & Pont, 1986;
Miettinen, 1988; Gylling etal., 1991). However, ketoconazole
is a relatively nonspecific cytochrome P450 inhibitor in that
at therapeutic doses it interferes with the synthesis of adrenal
steroid hormones and testosterone (Feldman, 1986).

We report here the details of the interactions of another
azole, RS-21607, and its three stereoisomers (Figure 2) with
mammalian lanosterol 1 4a-demethylase. Theresults obtained
show the 25,4S-diastereomer, RS-21607, to be a potent and
selective non-steroidal inhibitor of mammalian lanosterol 14a-
demethylase. This compound has also been found to effectively
lower cholesterol in hamster (Walker et al., 1993) and man
(Dr. K. Schwartz, personal communication).

MATERIALS AND METHODS

Materials. RS-21607 and its stereoisomers were prepared
as previously described (Walker et al., 1993) as were [32-
3H3;]DHL, the 8,14-diene (DeKeczer et al., 1993), the 32-
alcohol (Takano & Morisaki, 1991), and nafimidone (Walker
et al., 1980; Rush et al., 1987). The radiochemicals with the
exception of {24,25-*H;)DHL and [78-*H]-7a-hydroxycho-
lesterol were purchased from New England Nuclear (Boston,
MA). [16,22-*H]-27-Hydroxycholesterol was prepared from

Biochemistry, Vol. 33, No. 15, 1994 4703
krypotogenin by the method of Scheer et al. (1956). Steroids

~ and sterols were purchased from Steraloids (Wilton, NH) or

Research Plus (Bayonne, NJ). Debrisoquine and 4-hydroxy-
debrisoquine were obtained from Biomol (Plymouth. Meeting,
PA), and 1-heptanesulfonic acid sodium salt, 1-hydrate was
obtained from Eastman Kodak (Rochester, NY). All other
chemicals were obtained from Aldrich Chemical Co. (Mil-
waukee, WI) and Sigma Chemical Co, (St. Louis, MO). RIA
kits for progesterone and testosterone were supplied by
Diagnostic Products Corporation (Los Angeles, CA), and the
kits for corticosterone were purchased from ICN Biomedicals,
Inc. (Costa Mesa, CA).

Enzyme Source. Tissues were minced with a Brinkman
polytron and then homogenized in 3-5 mL/g of tissue of 50
mM Tris buffer (0.25 M sucrose, 1.15% KC}, pH 7.5, at 4
°C). The homogenate was centrifuged at 1000g for 10 min
at 5-10 °C. The pellet was discarded, and the supernatant
was centrifuged at 9000g for 20 min at 5-10°C. Theresulting
mitochondrial pellet was resuspended in at least 10 pellet
volumes of homogenizing buffer and recentrifuged at 9000g
for 10 min. The final mitochondrial pellet was suspended in
one to two pellet volumes of 0.25 M sucrose and stored at —80
°C. Microsomes were prepared from the initial 9000g
supernatant which was centrifuged at 100000g for 80 min.
The resulting microsomal pellet was washed by suspension in
10 mM EDTA (pH 7.4, 1.15% KCIl) and recentrifugation at
100000g for 80 min. The final microsomal pellet was
suspended and stored as described for mitochondria. Samples
stored at —80 °C retained catalytic activity for up to 3 years.
When microsomes were prepared without concurrent mito-
chondria preparation, the 0.25 M sucrose was omitted from
the homogenization buffer.

NADPH-cytochrome P450 reductase was purified from
phenobarbital-treated rats to a specific activity of >65 000
units/mg of protein by a combination of the methods of
Dignam and Strobel (1975) and Yasukochi and Masters
(1976). One unit of reductase catalyzes the reduction of 1
nmol of cytochrome ¢/min at 22 °C in 0.3 M potassium
phosphate buffer (pH 7.7) containing 0.1 mM EDTA and 0.1
mM NADPH. Cytochrome bs was purified from rat liver
microsomes by the method of Spatz and Strittmatter (1971)
to a specific activity of 19.8 nmol/mg of protein.

Purification of Lanosterol 14c-Demethylase. LDM was
purified from the livers of cholestyramine-treated rats by a
modification of the procedures of Trzaskos et al. (1986a).
Male rats (strain Crl:CD-BR VAF+, Charles River Labs,
Wilmington, DE, 200 g) on a reverse-light cycle were treated
with 4% cholestyramine resin in the diet for 1 week and livers
removed at the middle of the dark cycle. Approximately 6.5
g of microsomal protein was diluted to 4 mg/mL with PEDG
buffer (100 mM potassium phosphate, pH 7.4,0.1 nM EDTA,
0.1 mM DTT, 20% glycerol) containing 0.6% sodium cholate
(w/v) and stirred for 2 h. The supernatant isolated by
centrifugation (105000g for 1 h) was treated with 50%
polyethyleneglycol to a final percentage of 16%. The pellet
was isolated (0—16% PEG) and dissolved in PEDG, pH 7.25,
containing 0.6% sodium cholate. This was applied to four

. n-octylamine columns (2.6 cm X 30 cm) (Sigma Co., St.

Louis). Each column was previously equilibrated with 300
mL of PEDG, pH 7.25, containing 0.6% sodium cholate and
washed with 340 mL of the equilibration buffer. The protein
eluted with PEDG, pH 7.25, containing 0.2% Triton N-101.
The pooled n-octylamine fractions were concentrated against
an Amicon YM-30 membrane to a final volume of 100 mL.
This was dialyzed overnight against 4 L of 5 mM PEDGT,
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pH 7.8, diluted to 260 mL with a solution of 0.1 mM EDTA,
0.1 mM DTT, 20% glycerol, and 0.2% Triton N-101, and
applied to a DEAE Sephacel column (2.6 X 25 cm)
(Pharmacia, Uppsala, Sweden) previously equilibrated with
250 mL of 5 mM PEDGT, pH 7.8. The column was washed
with 100 mL of 5 mM PEDGT, pH 7.8, followed by 200 mL
of 10 mM PEDGT, pH 7.8. The column was eluted with a
600-mL linear gradient of 10 mM PEDGT to 100 mM
PEDGT, both pH 7.8. Fractions containing lanosterol
demethylase activity were pooled and dialyzed against 10 mM
PEDGT, pH 6.8, overnight. These fractions (approximately
200 mL) were applied to an S-Sepharose fast flow column
(1.5 cm X 7 cm) (Pharmacia, Uppsala, Sweden) previously
equilibrated with the same buffer. The column was washed
with 50 mL of equilibration buffer and eluted with a 300-mL
linear gradient from 0 to 0.2 M KCl in equilibration buffer.
Fractions showing a single band on 7.5% SDS-PAGE gel and
having lanosterol demethylase activity were pooled, concen-
trated with an Amicon centricon-10 concentrator, and dialyzed
against 50 mM PEDG, pH 7.4. Triton N-101 was removed
using a course Sephadex G-25 gel filtration column (1.5 X 10
cm) (Pharmacia, Uppsala, Sweden). The column was equil-
ibrated with 200 mL of 50 mM PEDG, pH 7.4, and the
concentrated protein was loaded on to the column and eluted
with the same buffer. The fractions absorbing at 280 nm
were pooled and concentrated with an Amicon centricon-10
concentrator.

Enzymatic Activities. Unless stated otherwise, inhibitors
and substrates were added in methanol to a final concentration
of methanol of not greater than 2%. Control incubations not
containing inhibitor contained 2% methanol. Finalincubation
volumes were 1 mL, and all reactions were carried out at 37
°C.

Lanosterol 14a-Demethylase. Microsomal activity was
determined in 30-min incubations containing potassium
phosphate buffer (0.2 M, pH 7.0), dithiothreitol (0.3 mM),
EDTA (0.1 mM), magnesium chloride (3 mM), glucose-6-
phosphate (5 mM), glucose-6-phosphate dehydrogenase (1
unit), NADPH (1 mM), microsomal protein (1 mg/mL, unless
otherwise stated), and [32-*H;1DHL (40 uM, unless otherwise
stated). Both tritium-labeled and unlabeled DHL were
purified by HPLC prior to use. Substrate was added in
tyloxapol (1:75 w/w ratio) as described by Trzaskos et al.
(1986a). The incubations were terminated using 250 uL of
a 40% trichloroacetic acid solution. The activity was deter-
mined from the radioactivity not retained on activated 1-mL
C-18 Bond-Elut extraction columns (Varian, Harbor City,
CA). The columns were activated with methanol (1 X 1 mL)
followed by deionized water (2 X 1 mL). Inincubationsusing
[24,25-3H,]DHL as substrate, AY-9944 (50 uM) and po-
tassium cyanide (5 mM) were included to inhibit the further
metabolism of 4,4-dimethyl-5a-cholesta-8,14-dien-38-ol to
cholesterol. These reactions were stopped with 1 mL of 15%
potassium hydroxide in 95% methanol and the mixtures heated
at 60 °C for 30 min and extracted with petroleum ether. The
product of the reaction, 4,4-dimethyl-5Sa-cholesta-8,14-dien-
38-0l, was separated from substrate with a Jones analytical
5-um Apex ODS column (4.6 cm X 25 cm), eluted with a
45/45/10 mixture of isopropyl alcohol/acetonitrile/water
isocratically at a flow rate of 1 mL/min (Trzaskos et al.,
1984), and quantitated by radiochemical detection. The
product eluted at 17 min and substrate at 21.5 min. The
products of the studies investigating the accumulation of 32-
oxylanosterols were separated isocratically at I mL/min with
a 65/10/25 mixture of isopropyl alcohol/acetonitrile/water.
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The 32-alcohol eluted at 15 min, the 32-aldehyde at 17 min,
the diene at 33 min, and DHL at 40 min. Experiments with
reconstituted enzyme used 10 000 units/mL cytochrome P450
reductase. Additional lipid was omitted as dilauroylphos-
phatidylcholine did not stimulate catalytic activity (1-20
pug/mL).

CYP7—Cholesterol 7a-Hydroxylase. Incubations con-
taining hepatic microsomes from cholestyramine-treated rats
(2 mg/mL protein; 0.14 umol of endogenous cholesterol
substrate), magnesium chloride (3 mM), EDTA (0.1 mM),
cysteamine hydrochloride (20 mM), and potassium phosphate
buffer, pH 7.4 (0.1 M), were agitated for 10 min following
addition of NADPH (1 mM). Inhibitors were added to the
incubation tubes, and solvent was evaporated prior to addition
of the other components. After the 10-min incubation period,
the NADPH-dependent reactions were stopped by the addition
of sodium cholate (5 mg) to solubilize the membranes and
products were converted to their respective 4-cholesten-3-
ones by the addition of cholesterol oxidase (0.23 unit dissolved
in 100 pL of 10 mM potassium phosphate buffer containing
20% glycerol and 1 mM dithiothreitol) and agitation for 20
min. All reactions were terminated by addition of 1 mL of
methanol followed by 5 mL of petroleum ether. The extracts
were analyzed using HPLC and the products detected at 240
nm. Separation of products was achieved with two 5-um,
25-cm silica columns (Dupont Zorbax Sil or Beckman
Ultrasphere Sil) preceded by a silica-packed 3-cm guard
column. The columns were eluted with hexane/isopropyl
alcohol at 1 mL/min under the following conditions: 12 min
isocratic at 95/5; 5 min with a linear gradient to 70/30; and
23 min isocratic at 70/30. 7a-Hydroxy-4-cholesten-3-one
eluted at 26 min.

27-Hydroxycholesterol 7a-Hydroxylase. Incubations con-
taining hepatic microsomes from male hamsters (0.1 mg/mL
protein), [16,22-H,]-27-hydroxycholesterol, NADPH (2
mM), magnesium chloride (3 mM), calcium chloride (2 mM),
EDTA (0.1 mM), and potassium phosphate buffer, pH 7.4
(100 mM), were agitated for 10 min. The reactions were
stopped by the addition of 7.5 mL of acetone (containing
0.02% BHT). Following separation and evaporation, the
residues were dissolved in acetonitrile:isopropyl alcohol (50:
50, containing 0.02% BHT, 200 uL), sonicated for 5 min,
filtered through 4.5-um filters (Gelman Acrodisc 3CR), and
analyzed by HPLC (75-uL injection volume). Separation of
products was achieved on a 5-um, 25-cm C-18 column (Jones
Apex or Partisil-ODS 3) preceded by a Newguard C18 guard
column. The column was eluted at 1 mL/min with aceto-
nitrile/isopropyl alcohol/water under the following condi-
tions: 2 min isocratic at 32.5/24/43.5; 10 min with a linear
gradient to 48/32/20; 15 min isocratic at 48/32/20; 5 min
with a linear gradient to 9/90/1; and 15 min isocratic at
9/90/1. 7a,27-Dihydroxycholesterol eluted at 16 min and
27-hydroxycholesterol at 25 min. The kinetic constants
associated with product formation were Vpax, 260 pmol/min/
mg, and K, 8.9 uM.

CYP27—Cholesterol 27-Hydroxylase. Incubations con-
tained hepatic mitochondria from hamster (2 mg/mL protein),
[*H]cholesterol in tyloxapol (1:75 w/w ratio) (diluted by
endogenous cholesterol), NADPH (2 mM), glucose-6-phos-
phate (5 mM), glucose-6-phosphate dehydrogenase (1 unit/
mL), magnesium chloride (3 mM), calcium chloride (2 mM),
EDTA (1 mM), nafimidone (25 uM), and potassium phos-
phate buffer, pH 7.4 (100 mM). Following a 1-h incubation,
the reaction products were processed and analyzed as described
for 27-hydroxycholesterol 7a-hydroxylase.
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CYP11A1—Cholesterol Side-Chain Cleavage. [26-*H]-
Cholesterol in tyloxapol (1:75 w/w ratio) was incubated with
bovine adrenal cortex mitochondria (1 mg/mL), bovine
adrenal cytosol (1 mg/mL), bovineserum albumen (0.25 mg/
mL), potassium phosphate, pH 7.4 (20 mM), calcium chloride
(0.5 mM), magnesium chloride (4 mM), EDTA (0.5 mM),
glucose-6-phosphate dehydrogenase (2 units/mL), glucose-
6-phosphate (5 mL), and NADPH (1.0 mM) for 1 h. The
reactions were quenched with 2 mL of methanol and the
products applied to 3-mL C-18 Bond Elut extraction columns
previously activated with methanol (3 mL) and water (2 X
3 mL). The amount of [!4C]isocaproic acid formed was
determined from the radioactivity in the aqueous eluent.

CYP19—Aromatase. The microsomal incubations con-
tained potassium phosphate buffer (pH 7.4, 5 mM), dithio-
threitol (0.3 mM), microsomal protein from human placenta
(0.1 mg), [18,26-*H;)androstenedione, and NADPH (0.01
M). Following incubation for 10 min, the reactions were
terminated with 25 ul. of 40% trichloroacetic acid. The
activity was determined from the radioactivity not retained
on activated 1-mL C-18 Bond-Elut extraction columns as
described for the DHL assay. The apparent Ky, for product
formation was 9 nM, and the Viy,.x was approximately 200
pmol/min/mg of protein.

CYP17—Progesterone 17a/20-Lyase. Reaction mixtures
with microsomes from the testes of neonatal pigs contained
protein (0.025 mg/mL), NADPH (1 mM), magnesium
chloride (3 mM), potassium phosphate buffer, pH 7.25 (100
mM), and 17a-hydroxyprogesterone. All reactions were
terminated after 10 min by addition of 6 mL of methylene
chloride followed immediately by 1 nmol of internal standard
(118-hydroxytestosteronein 50 uL of methanol). Theresidues
from the organic phase were dissolved in 200 1L of methanol,
sonicated, and analyzed by HPLC. Separation of substrate
(17a-hydroxyprogesterone), product (androstenedione), and
internal standard was achieved with a Jones chromatography
5-um, 25-cm ODS column. The column was eluted isocrati-
cally with a 42/20/38 ratio of methanol/acetonitrile/water.
The internal standard, detected at 254 nm, eluted with a
retention time of 6.6 min, androstenedione at 10.7 min, and
17a-hydroxyprogesteroneat 12.9 min. The apparent K, was
observed to be 4 uM and Vpax 2.1 nmol/min/mg.

Progesterone Hydroxylase—CYP21 and CYP3A4. The
progesterone assay was conducted as previously reported
(Swinney, 1990). Briefly, mixtures containing either bovine
adrenal microsomes (0.1 mg/mL) for determining activity
associated with CYP21 or microsomes from human liver (1
mg/mL) for determining activity associated with CYP3A4,
NADPH (1 mM), magnesium chloride (3 mM), potassium
phosphate buffer, pH 7.4 for human liver and pH 7.25 for
bovine adrenal (50 mM), and progesterone were incubated
for 10 min. All reactions were terminated by addition of 6
mL of methylene chloride followed immediately by 1 nmol of
internal standard (118-hydroxytestosterone in 50 uL of
methanol). Theresidues from the organic phase were dissolved
in 200 uL of methanol, sonicated, and analyzed by HPLC.
Separation was achieved with a Jones chromatography 5-um,
25-cm ODS column at a flow rate of 2 mL/min. The column
was eluted with tetrahydrofuran/methanol/acetonitrile/water
under the following conditions: 3 min isocraticat4/5/6/85;
25 min with a 0.5 convex gradient to 8/13/11/68; 10 min
with linear gradient to 11/17/14.5/57.5; and a 5-min ramp
to4/3/3/90. Products detected at 254 nm had the following
retention times: internal standard, 18 min; 16«-hydrox-
yprogesterone, 21 min; 68-hydroxyprogesterone, 31 min; 21-
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hydroxyprogesterone, 35 min; and progesterone, 45 min. The
kinetic constants associated with human hepatic 63-hydrox-
yprogesterone formation were Vmax, 714 pmol/min/mg, and
K, 171 gM, and those with human hepatic 16a-hydrox-
yprogesterone formation were Vmax, 125 pmol/min/mg, and
K, 132 uM.

CYPIl1BI—11B-Hydroxylase. Incubations with bovine
adrenal mitochondria containing protein (0.05 mg/mL),
NADPH (1 mM), magnesium chloride (3 mM), potassium
phosphate buffer, pH 7.4 (100 mM), and deoxycorticosterone
were agitated for 10 min. Mitochondria were sonicated 5
min on ice before addition to the incubation mixture. The
workup and analysis of the reaction mixture were the same
as those for progesterone hydroxylations. The retention time
for the product, corticosterone, was 22 min, and the kinetic
constants associated with its formation were Vmax, 2 nmol/
min/mg, and Ky, 0.4 uM.

CYPi1A2. The 3-demethylation of caffeine associated with
CYP1A2 was determined in reaction mixtures (200-uL final
volume) containing hepatic microsomes from human (0.4 mg),
potassium phosphate buffer (50 mM, pH 8.0), magnesium
chloride (2 mM), potassium chloride (0.23%), glucose-6-
phosphate (5 mM), NADPH (10 mM), glucose-6-phosphate
dehydrogenase (2 units/mL), and [!*C]caffeine, and they were
incubated for 120 min at 37 °C. The reactions were stopped
by the addition of 200 xL of pH 3.0 buffer containing 80 mM
phosphoric acid and 5 mM heptanesulfonic acid. Following
centrifugation, the supernatants were injected directly into
the HPLC system and eluted isocratically with 80 mM
phosphoricacid, 5 mM heptane sulfonic acid, pH 3.0, and 1%
tetrahydrofuran at a flow rate of 1.5 mL /min. Radiolabeled
product, paraxanthine, eluted at 9.2 min and caffeine at 18.5
min. The apparent K, associated with the 3-demethylation
was 184 uM and the Viax 4.6 pmol/min/mg of protein.

CYP2D6. The 4-hydroxylation of debrisoquine associated
with CYP2D6 was determined in reaction mixtures (200-uL
final volume) containing hepatic microsomes from human
(0.5 mg), potassium phosphate buffer (50 mM, pH 8.0),
magnesium chloride (3 mM), EDTA (0.5 mM), dithiothreitol
(0.5 mM), debrisoquine,and NADPH (10 mM). Thesamples
were incubated for 30 min and the reactions stopped by the
addition of methanol (500 uL). The eluates from activated
C-18 Bond Elut were evaporated, reconstituted in HPLC
buffer, injected on to the HPLC system, and eluted isocratically
with 13% acetonitrile in 80 mM phosphoric acid and 5 mM
heptanesulfonic acid, pH 3.0, at a flow rate of 2 mL/min.
4-Hydroxydebrisoquine (retention time 5.5 min) was detected
at 210 nm and quantitated with external standards. The
apparent K, was observed to be 82 uM and the Viy,x 57 pmol/
min/mg of protein.

CYP4Al. Lauric acid 12-hydroxylation was measured as
previously reported (Swinney et al., 1991). Briefly, reactions
contained microsomal protein (0.1 mg) from clofibrate-treated
rats (400 mg/kgin cornoil, ip, once daily for 3 days), potassium
phosphate buffer (50 mM, pH 7.4), magnesium chloride (3
mM), EDTA (0.5 mM), NADPH (1 mM), and [“C]lauric
acid. The 10-min incubations were terminated and samples
prepared as for the progesterone assay (without internal
standard). Radiochemical detection following HPLC separa-
tionon a 5-um, 25-cm C-18 column eluted at 1 mL /min with
1% acetic acid and acetonitrile (38% acetonitrile for 14 min,
increased to 90% over the next 8 min and then held constant)
showed 12-hydroxylauric acid eluting at 15 min and lauric
acidat 31 min. The apparent Ky, for the reaction was 4.2 uM
and the Viax 7.6 nmol/min/mg of protein.
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CYP2C9. Theincubations contained potassium phosphate
buffer (100mM, pH 7.4), magnesium chloride (6 nM), EDTA
(0.05 mM), glucose-6-phosphate (10mM), NADPH (1 mM),
and 0.4 unit of glucose-6-phosphate dehydrogenase, tolbut-
amide, and hepatic microsomes from human (1 mg/mL) in
a final volume of 200 uL. After 120 min, the reactions were
stopped by the addition of an equal volume of 80 mM
phosphoric acid and 5 mM heptanesulfonic acid, pH 3.0, and
1 nmol of the internal standard, chlorpropamide, was added.
The samples were injected directly on to the HPLC system
following the separation of protein by centrifugation and eluted
isocratically with 20% acetonitrile in 80 mM phosphoric acid
and 5 mM heptanesulfonic acid, pH 3.0. The flow rate was
maintained at | mL/min and monitored at a wavelength of
230nm. Retention times for 4-hydroxybutamide, chlorprop-
amide, and tolbutamide were 7.0, 23.0, and 36.3 min,
respectively. The apparent K, was observed to be 246 uM,
and the Vpax was 126 pmol/min/mg of protein.

General Methods. Protein concentration was determined
by the method of Lowery et al. (1951). Cytochrome P450
determinations were by the method of Omura and Sato (1964)
in potassium phosphate (10 mM), DTT (0.1 mM), EDTA
(0.1 mM), giycerol (20%), emulgen 911 (0.2%), and sodium
cholate (0.5%).

Determination of Kinetic Constants. Tight-binding inhibi-
tion kinetics were evaluated with the linear equations described
by Henderson (1972). The apparent K; values associated with
inhibition of the various cytochromes P450 were determined
by Dixon analysis and/or Lineweaver~Burk analysis or from
an extrapolation of ICsg data by Dixon analysis (cholesterol
Ta-hydroxylase, CYP7). The need for the extrapolation was
due tothe fact that substrate concentrations (cholesterol) could
not be adequately varied as a result of the high endogenous
concentrations. For a Dixon plot, 1/v versus {I} gives an
x-intercept of —-K;([S]/Kn + 1). Viaasubstrate concentration
determined from total microsomal cholesterol concentration
and a Ky, value determined from partially purified cholesterol
Ta-hydroxylase (36 uM), the apparent K; values were
determined. Analysis of data only in the log linear portion
of the ICso determinations was used to calculate apparent K;
values by the method of Dixon (10-90% control activity). All
K;values associated with LDM activity were determined from
a plot of K/V (determined from a 1/v versus 1/[S] plot)
versus [1]1(Vo/K,). The r2 values of the line (four to seven
points) were always greater than 0.96. Standard deviations
were calculated from multiple (n = 3) determinations.

In Vivo Assays. Hepatic dihydrolanosterol accumulation
and cholesterol depletion were determined in male Syrian
hamsters (LAK:LVG(SYR)VAF+,90-110 g, Charles River
Labs, MA). Groups of five to seven animals were administered
the dihydrochloride salt of RS-21607 dissolved in water or
water (vehicle) orally by gavage. At 90 min prior tosampling,
the hamsters received an ip dose of approximately 10 uCi of
['4C]mevalonate in 0.5 mL of isotonic saline. At sampling
time, livers were removed, rinsed in saline, blotted, weighed,
minced, and immersed in 40 mL of acetone containing 0.5
uCi of [32-3H;]dihydrolanosterol and 0.5 uCi of [3H]-
cholesterol. The samples were homogenized with a Brinkman
polytron and frozen overnight. The precipitated protein was
then removed by filtration and the acetone evaporated under
a stream of nitrogen. The residue was reconstituted in a 50/
50 mixture of isopropyl alcohol /acetonitrile containing 0.02%
BHT, and the sterols analyzed were separated and quantitated
by HPLC. Dihydrolanosterol was separated from lanosterol
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and cholesterol with the HPLC analysis used for determining
lanosterol demethylase activity. Cholesterol was separated
from the methyl sterols on a Beckman 5-um Ultrasphere silica
column (4.6 cm X 25 cm) with a 97/3 ratio of hexane to
isopropyl alcohol isocratically at 1 mL /min. For bothanalyses,
the flow rate of the scintillation cocktail through the radioflow
detector was 3 mL/min. The values are presented as dpms
of [14C]dihydrolanosterol or -cholesterol formed from [14C]-
mevalonic acid administered 90 min prior to sampling,
normalized to the dpm’s of the internal standards, [*H]-
dihydrolanosterol or -cholesterol, ['4C]mevalonic acid added,
and liver weight.

Theeffect of RS-21607 upon plasma steroid concentrations
was determined in male Sprague-Dawley rats (Crl:CD-BR-
VAF+, 200 g, Charles River Labs, MA). Groups of seven
animals were administered the dihydrocholoride salt of RS-
21607 dissolved in water or water (vehicle) orally by gavage.
At 60 min prior to sampling, the hamsters received an im dose
of 0.5 pug of LHRH and 25 ug of ACTH in isotonic saline.
To avoid stress, the animals were also sedated with an ip dose
of nembutal (33 mg/kg). At the appropriate sampling time,
the animals were anesthetized with halothane and blood was
collected by cardiac puncture into heparinized tubes. Plasma
testosterone, progesterone, and corticosterone concentrations
were determined using radioimmunoassay.

Chemistry. {24,25-3H;)Dihydrolanosterol. [24,25-3H,]-
DHL was synthesized as described previously with minor
modifications (Nicolas et al.,, 1978). A 10-mL side-arm
septum flask containing a stirring magnet and 5% Pt/carbon
(5 mg) was connected to a high-vacuum line and evacuated.
A solution of lanosterol (4.25 mg, 0.01 mmol) in ethyl acetate
was injected into the flask. The mixture was degassed and
then frozen in liquid nitrogen. Tritium gas (10 Ci, 58 Ci/
mmol carrier-free) was transferred into the reaction flask via
a Toepler pump, and the reaction mixture was allowed to stir
overnight at ambient temperature. Unused tritium gas and
most of the solvent were transferred into a liquid-nitrogen-
cooled waste bulb connected tothe vacuumline. After removal
of the flask from the line, the residue was dissolved in ethyl
acetate (5 mL) and filtered through a Gelman 0.45-um nylon
filter. To remove any labile radioactivity, the filtrate was
concentrated three times from ethanol/ethyl acetate and then
dissolved in ethyl acetate (10 mL) to give 350 uCi at a purity
of 60%. Purification by flash chromatography (10- X 120-
mm column; 90:10 hexanes:ethyl acetate) gave 201.4 mCi at
>99% radiochemical purity.

(2R,4S)-trans-2-[2-(4-Chlorophenyljethyl}-2-methyl-4-
[[(4-aminophenyl)thio)methyl]-1,3-dioxolane, Hydrogen Ox-
alate Salt (trans-2R,4S5-DI). A solution of p-toluenesulfonic
acid monohydrate (570 mg, 3.0 mmol) in toluene (10 mL)
was dried by refluxing through a bed of 4-A sieves in a Dean-
Stark side-arm apparatus for 1.5 h. The solution was cooled,
and a separate solution of 4-(4-chlorophenyl)-2-butanone (274
mg, 1.5 mmol), S-solketal tosylate (640 mg, 2.25 mmol), and
n-butanol (0.275 mL, 3 mmol) in toluene (3 mL) was added.
The mixture was allowed to reflux through a bed of 4-A
molecular sieves for 5 h and then cooled and poured into
aqueous sodium bicarbonate. Extraction of the aqueous
mixture with ethyl acetate followed by removal of the solvent
by evaporation under reduced pressure gave the crude product
as a yellow oil (1.25 g). Separation of the mixture by flash
chromatography (45- X 240-mm silica gel, 75:25 hexanes/
ethyl acetate) afforded pure less polar isomer as an oil (154
mg, 25.0% yield) and impure more polar isomer. Rechro-
matography of the more polar isomer (32- X 240-mm silica
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gel, 65:35 hexanes/diethyl ether) gave pure materijal as an oil
(164 mg, 29.9% yield). Nuclear Overhauser effect (NOE)
difference experiments with 'H NMR spectra of the isomers
demonstrated that the less polar isomer had 2R,4S-trans-
stereochemistry (wherein the 2-methyl group and the 4-tosylate
side chain are cis), while the more polar isomer possessed
2S5,4S-cis-stereochemistry. Thus, irradiation of the 2-methyl
protons of the more polar cis-isomer resulted in enhancement
of the resonance of the 4-proton, whereas no similar effect
was noted with the less polar trans-isomer.

Less polar isomer (2R,4S)-trans-2-[2-(4-chlorophenyl)-
ethyl]-2-methyl-4-[[(p-toluenesulfonyl)oxy]methyl]-1,3-di-
oxolane was an oil: [a]?%p = -3.2° (¢ = 0.4, CHCL;); 'H
NMR (300 MHz, CDCl;) 6 1.33 (s, 3H, 2-CH3), 1.86 (m,
2H, CHs), 2.46 (s, 3H, ArCH3), 2.62 (m, 2H, ArCHb>), 3.79
(dd, 14, J = 6.1, 8.7 Hz) and 4.07 (dd, 1H, J = 6.3, 8.7 Hz)
(CH,0), 4.02 (m, 2H, CH,08), 4.27 (m, 1H, CHO), 7.09
(d, 2H, J = 8.4 Hz, H-2, H-6 of C¢H4Cl), 7.23 (d, 2H, J =
8.4 Hz, H-3, H-5 of C¢H4Cl), 7.36 (d, 2H, J = 8.0 Hz, H-3,
H-5 of C¢H4S), 7.81 (d, 2H, J = 8.4 Hz, H-2, H-6 of CsH4S);
MS m/e 410 (M*).

More polar isomer (2S,4S)-cis-2-[2-(4-chlorophenyl)ethyl]-
2-methyl-4-[[(p-toluenesulfonyl)oxy] methyl]-1,3-dioxolane
was also an oil: [&]?°p = -1.8° (¢ = 0.4, CHCL); 'H NMR
(300 MHz,CDCl3) 6 1.31 (s, 3H, 2-CH3), 1.88 (m, 2H, CH,),
2.40 (s, 3H, ArCHj;), 2.58 (m, 2H, ArCHj), 3.56 (dd, 1H,
J=5.6,8.6 Hz) and 4.08 (dd, 1H, J = 6.7, 8.7 Hz) (CH,0),
4,04 (m, 2H, CH,08), 4.35 (m, 1H, CHO), 7.06 (d, 2H, J
= 8.5 Hz, H-2, H-6 of CsH4Cl), 7.22 (d, 2H, J = 8.4 Hz, H-3,
H-50f CsH4Cl),7.31 (d, 2H, J = 8.0 Hz, H-3, H-5 of C¢H.4S),
7.78 (4, 2H, J = 8.3 Hz, H-2, H-6 of C¢H,S); MS m/e 410
(M*).

Toa solution of the (2R,4S5)-cis-tosylate (95 mg, 0.23 mmol)
prepared as above and 4-aminobenzenethiol (95 mg, 0.76
mmol) in acetone (5 mL) was added solid potassium carbonate
(125 mg, 0.9 mmol), and the mixture was heated under reflux
for 4 h. The mixture was cooled, and an additional quantity
of thiol (80 mg, 0.64 mmol) was added and the mixture refluxed
another 4 h. The mixture was cooled, poured into water, and
extracted into ethyl acetate. The extracts were washed with
H,0, dried (Na,SOy), and evaporated under reduced pressure
to give a residue which was purified by flash chromatography
(22- X 215-mm silica gel, 75:25 hexanes/ethyl acetate),
affording the pure title compound as an oil (70 mg, 83.3%
yield). The hydrogen oxalate salt was formed by treating an
ethereal solution of the compound with ethereal anhydrous
oxalic acid. Recrystallization of the salt from ethyl acetate—
hexane afforded an off-white solid: mp 130.5--131.3 °C; [a]%%p
=_-2.0° (¢ = 0.3, CHCI;); 'H NMR (300 MHz, DMSO-ds)
& 1.31 (s, 3H, 2-CH3), 1.79 (m, 2H, CH)), 2.57 (m, 2H,
ArCH,), 2.81 (dd, 1H, J = 7.5, 13.3 Hz) and 2.96 (dd, 1H,
J = 5.2, 13.4 Hz) (CH,S), 3.58 (m, 1H) and 4.00 (m, 1H)
(CH,0), 4.07 (m, 1H, CHO), 6.55 (d, 2H, J = 8.5 Hz, H-3,
H-50f C¢HsN),7.14(d, 2H, J = 8.5 Hz, H-2, H-6 of C¢H4N),
7.20 (d, 2H, J = 8.5 Hz, H-2, H-6 of C¢HsCl), 7.28 (d, 2H,
J = 8.4 Hz, H-3, H-5 of C4HsCl); MS m/e 363 (M*). Anal.
Calcd for C;1HCINO6S: C, 55.56; H, 5.33; N, 3.09.
Found: C, 55.70; H, 5.16; N, 3.18.

(28,48 )-cis-2-[2-(4-Chlorophenyl)ethyl]-2-methyl-4-[[(4-
aminophenyl)thiolmethyl)-1,3-dioxolane, Hydrogen Oxalate
Salt {cis-2S,4S-DI). This compound was prepared from the
(2S5,485)-cis-tosylate as described for the trans-isomer. Re-
crystallization from ethyl acetate—hexane gave a pale yellow
solid: mp 129.2-131.8 °C; [«]¥%p = -3.4° (¢ = 0.3, CHCl3);
'HNMR (300 MHz, DMSO-dg) § 1.25 (s, 3H, 2-CH3), 1.85
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(m, 2H, CHs>), 2.61 (m, 2H, ArCH>), 2.82 (dd, 1H, J = 7.4,
13.3 Hz) and 2.95 (dd, 1H, J = 5.2, 13.3 Hz) (CH,S), 3.56
(dd, 1H,J = 6.5, 8.0 Hz) and 4.03 (dd, 1H, J = 6.2, 8.2 Hz)
(CH,0), 4.14 (m, 1H, CHO), 6.55 (d, 2H, J = 8.5 Hz, H-3,
H-50f C¢H4N), 7.14(d, 2H,J = 8.5 Hz, H-2, H-6 of C¢gH4N),
7.21 (d, 2H, J = 8.5 Hz, H-2, H-6 of CsHsCl), 7.30 (d, 2H,
J = 8.5 Hz, H-3, H-5 of C¢HsCl); MS m/e 363 (M*). Anal.
Caled for CyH»CINQOS: C, 55.56; H, 5.33; N, 3.09.
Found: C, 55.85; H, 5.41; N, 3.10.

38-Hydroxy-24,25-dihydrolanost-8-en-32-al. Prepared from
the previously reported 38-hydroxy-32-(benzyloxy)-24,25-
dihydrolanost-8-ene (Takano et al., 1991) by modification of
the procedures reported by the same authors. Thus, to an
ice-cooled solution of the 32-benzyl ether (125 mg, 0.23 mmol)
and collidine (0.062 mL, 0.47 mmol) in methylene chloride
(6 mL) was added tert-butyltrimethylsilyl (TBDMS) triflate
(0.065 mL, 0.27 mmol). The ice bath was removed, and the
mixture was stirred for 2 h, after which it was poured into a
1 N aqueous solution of NaHSO,. Extraction with a 2:1
hexane/methylene chloride mixture followed by evaporation
of solvents under reduced pressure gave the crude 33-TBDMS
ether. Tothismaterialinabsolute ethanol (10 mL) wasadded
10% palladium on carbon catalyst (25 mg), and the mixture
was stirred under a hydrogen atmosphere for 16 h. After
filtration through a pad of Celite, evaporation of solvent under
reduced pressure gave a residue which was then recrystallized
from methanol-methylene chloride affording pure 38-[(tert-
butyltrimethylsilyl)oxy]-32-hydroxy-24,25-dihydrolanost-8-
ene, mp 157-160 °C (103 mg, 78.8% yield for two steps).

To an ice-cooled solution of the above 32-alcohol (84 mg,
0.15 mmol) in acetone (10 mL) was added Jones reagent (0.1
mL, 0.21 mmol of chromic acid in acetone), and the mixture
was stirred for 1 h. The mixture was then poured into water
and extracted with ethyl acetate, after which concentration
of the extracts under reduced pressure gave a residue consisting
of crude 33-TBDMS ether 32-aldehyde. This material was
dissolved in THF (10 mL}, and 2 N aqueous H,SO4 (8 mL)
was then added, after which the mixture was heated at 40 °C
for 28 h. The mixture was poured into water and extracted
into ethyl acetate, the extracts then being concentrated under
reduced pressure. The residue was further purified by flash
chromatography (175- X 16-mm silica gel, 88:12 hexanes/
acetone), which afforded the title compound (40 mg, 60.1%
yield). Recrystallization from acetone—hexane provided an
analytical sample, mp 178-181 °C [lit. mp 177-179 °C,
Takano et al. (1991); 177-179 °C, Trzaskos et al., (1987)].
All other physical data agreed with that reported by Trzaskos
et al. (1987).

[78-3H)-7a-Hydroxycholesterol. A freshly prepared so-
lution of {*H}sodium borohydride (100 mCi, 58.1 Ci/mmol,
0.0017 mmol) in aqueous 0.01 N sodium hydroxide (0.1 mL)
was added to 7-ketocholesterol (38-hydroxycholest-5-en-7-
one) (3.1 mg,0.0077 mmol) in a small screw-capvial. Ethanol
(0.3 mL) was added, and the reaction mixture was allowed
to stir at room temperature. After 2 days, acetone (0.3 mL)
was added to quench the reaction followed by 10% aqueous
hydrogen chloride (0.002 mL}), and the solvent was removed
by evaporation under a nitrogen stream. The residue was
dissolved in ethyl acetate (10 mL) to determine the amount
of activity (104 mCi). Radio-TLC (silica gel, 50:50 hexane/
isopropyl acetate, three passes) showed a 1:7 mixture of [78-
3H]-7a-hydroxycholesterol and [7a->H]-78-hydroxycholes-
terol. The solution was concentrated, taken up in toluene
(1.0 mL), and purified three times by flash chromatography
(10- X 120-mm column; 80:20 hexanes/ethyl acetate) to give
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Table 1: Kinetic Constants Associated with Microsomal
Metabolism of Dihydrolanosterol®

species substrate Kmapp (WM)  Vinax (pmol/min/mg)
human & [32-*H3)DHL 103£4.7 21.5+£10.2
human ¢ [32-*H;)DHL 10.3 46.5
hamster 8  [32-3H;]DHL 342+ 5.1 233+ 28
rat é [24,25-3H,]DHL 181 & 123 1553 £ 925
rat é [32-*H;]DHL 79.0 %252 766 £ 311
purified rat  [32-°H;]DHL 36.7+8.4 3.41 £ 1.05 min~!

¢ Rate constants were determined from Lineweaver—Burk analysis of
product formation at substrate concentrations ranging from 5 to 50 uM
(higher substrate concentrations had very limited solubility). When [32-
3H,]dihydrolanosterol was used as substrate, the rate of product formation
was determined from the amount of tritium soluble in water, The amount
of 4,4-dimethyl-Sa-cholesta-8,14-dien-38-01 formed from [24,25-
3H,]dihydrolanosterol in the presence of AY-9944 was determined by
HPLC.

2.78 mCi of [78-*H]-7a-hydroxycholesterol at >99% radio-
chemical purity.

RESULTS

Lanosterol Demethylase Activity. Lanosterol 14a-dem-
ethylase activity was determined utilizing either [24,25-3H,]-
DHL or [32-3H;]DHL as substrate. The rates of reaction
following incubation with [32-3H3;]DHL were associated with
the rate of tritium release into the aqueous media. The rates
following incubation with [24,25-3H,]DHL were determined
using HPLC with a radioflow detector as described by Trzaskos
and co-workers (1984). Further metabolism of the de-
methylation product, 4,4-dimethyl-5a-cholesta-8,14-dien-33-
ol (8,14-diene), was blocked by the addition of AY-9944, a
Al%-reductase inhibitor. The formation of the products by
both methods was comparable and linear with time and protein.

The kinetic constants associated with microsomal lanosterol
demethylation as monitored by the tritium release assay are
showninTable 1. Theapparent K, associated with the human
was lower than those of rat and hamster (10.3 £ 4.7, 79.0 £
25.2,and 34.2 £ 5.1 uM, respectively). The rat enzyme was
purified to apparent homogenity as determined by SDS~
polyacrylamide gel electrophoresis. The specific activities of
two separate preparations were 2.35 and 5.00 nmol of P450/
mg of protein. The reason for the low specific activity is
unknown. The activity in a system reconstituted with
cytochrome P450 reductase was unaffected by cytochrome bs
(0.5-1.0 nmol) or dilauroylphosphatidylcholine (1-20 pg/
mL). The apparent K, for the partially pure enzyme was
36.7 £ 8.4 uM, and the V., was 3.41 £ 1.05 min~! (Table
1);accordingly, the second-order rate constant for the reaction,
V/K, is approximately 1550 M- s-1,

Inhibition of Lanosterol Demethylase. The inhibition of
LDM purified from rat by RS-21607 showed that under the
conditions employed (5 and 10 nM LDM), RS-21607 acted
kinetically as tight-binding inhibitor with an apparent K; of
840 pM (Figure 3). The increase in slope with an increase
in substrate concentration in the I;/1 — (vi/v,) versus v,/v;
plot (Figure 3A) is consistent with a competitive inhibition
mechanism (Henderson, 1972).

RS-21607 and its three stereoisomers were also observed
to be competitive inhibitors of microsomal LDM. The
apparent K; values for the four stereoisomers of RS-21607
associated with the inhibition of LDM in microsomes from
cholestyramine-treated rats are shown in Table 2. The cis-
28,4S-compound (RS-21607, apparent K; = 2.5 + 1.5 nM)
was approximately 50-fold more effective than its trans-2R,4S-
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FIGURE 3: Tight-binding inhibition of purified rat lanosterol
demethylase by RS-21607. (A) Relationship of dose-response curves
to changes in inhibitor concentration with 10 nM LDM analyzed by
the method of Henderson (1971): (®) 40 uM DHL, (m) 30 uM
DHL, (a) 20 M DHL, and (¥) 10 M DHL. (B) Replot of slopes
of (A): (@) 10 1M LDM and (m) 5 nM LDM. The data from the
dose—response curves with 5 nM LDM were similar to those shown
with 10 nM LDM and also intercepted the y-axis at approximately
5. I is total concentration of inhibitor; v; is velocity in the presence
of inhibitor; and v, is velocity without inhibitor.

Table 2: Inhibition of Rat Microsomal Lanosterol Demethylase

compound K; (nM)
cis-25,4S (RS-21607) 2515
cis-2R,4R 3711
trans-2S8,4R 11.0
trans-2R,4S 117
cis-2S,45 + 2R, 4R 11.5+8.5
ketoconazole 64, 67
trans-2R,4S-DI¢ 64800
cis-28,4S5-DI¢ 10400

2 DI is the abbreviation for desimidazole.

diastereomer. Both the 2S-enantiomers were over an order
of magnitude more effective than the corresponding 2R-
enantiomers, and, consistent with related antifungal agents,
the cis-diastereomers were more effective than the trans-
diastereomers. Ketoconazole, a cis-dioxolane racemic mixture,
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Table 3: Inhibition of Lanosterol Demethylase in Hepatic
Microsomes from Human, Rat, and Hamster?

human X; (nM) rat K;  hamster X;
male female (nM) (nM)

cis-28,48 (RS-21607) 0.85,0.35 0.82,1.17 2.5+ 1.5 1.4
cis-2R,4R 17.7 3711 404
cis-25,4S + cis-2R4R  1.24 6.3%4 2.5
ketoconazole 63.5 64, 67 24.5

4 Data from Lineweaver—Burk analysis of the rate of tritium release
from [*H;)dihydrolanosterol.

Table 4: Selective Inhibition of Cytochrome P450 Activity?
inhibitor
keto-
conazole

cytochrome P450 RS-21607

Sterol Hydroxylases
lanosterol 14a-demethylase (human)
cholesterol 7a-hydroxylase (CYP7)

0.80+034 66
1625+ 784 334

cholesterol 27-hydroxylase (CYP27) 71%* 2%

27-hydroxycholesterol 7a-hydroxylase 66%* 45%*

cholesterol side-chain cleavage (CYP11A1) 18400+ 800 1400+ 0
Steroid Hydroxylases

aromatase (CYP19) 76+1.3 103%?

progesterone 17a,20-lyase (CYP17) 446, 448 38,29

corticoid 118-hydroxylase (CYP11B1) 27,42 81

progesterone 21-hydroxylase (CYP21) 51%*b 92%*

Xenobiotic Hydroxylases

hepatic progesterone hydroxylases

68-hydroxylase (human CYP3A) 33.0+10.2 140

16a-hydroxylase (human) 356124 80
lauric acid 12-hydroxylase (rat CYP4A) NI NI
debrisoquine (human CYP2D6) 17500 + 9300 NI
caffeine (human CYP1A2) 3100 + 1500 100000
tolbutamide (human CYP2C9) 7170 27330

2 Data are expressed as apparent K; in nM. NI, no inhibition at 100
uM. ? Percent control at inhibitor concentration of 5 uM.

was approximately 6-fold less effective than the racemic cis-
RS-21607.

RS-21607 was at least as potent in hepatic microsomes
from male and female human and male hamster as in
microsomes from male rat (Table 3) with an apparent K;
value at least an order of magnitude lower than that of the
cis-2R,4R-enantiomer. Thisimplies that the intrinsic affinity
of these compounds for LDM is independent of the enzyme
source and suggests that the nature of the active site is
conserved across these species.

Cytochrome P450 in Vitro Selectivity. The high affinity
of imidazoles for cytochromes P450 can result in undesired
interactions with nontarget cytochromes P450. RS-21607
was selected for further study as a potential cholesterol-
lowering agent, based on selective inhibition of LDM relative
to the other sterol hydroxylases, steroid hydroxylases, or
xenobiotic hydroxylases (Tables 4 and §5). RS-21607 was a
minimum of 10-fold more active against LDM than the other
cytochromes P450 investigated (Table 5).

The importance of resolving racemic mixtures is emphasized
by comparing the activities of RS-21607 and its enantiomer
cis-2R,4R. RS-21607 is a much better LDM inhibitor than
the cis-2R,4 R-enantiomer; however, the cis-2R,4 R-enantiomer
was a considerably more effective inhibitor of CYP7, CYP17,
and CYP11BI1, the enzymes responsible for degradation of
cholesterol and synthesis of androgens and corticoids, re-
spectively. The apparent X; values associated with inhibition
of LDM, CYP7, CYP17, and CYP11BI1 by the cis-2R,4R-
enantiomer were 37, 109, 55, and 16 nM, respectively.
Accordingly, the difference in K; values between LDM and

Table 5: Relative Selectivity of Cytochrome P450 Inhibition?

inhibitor
cytochrome P450 RS-21607 ketoconazole
Sterol Hydroxylases
lanosterol demethylase 1 1
cholesterol 7a-hydroxylase (CYP7) 2031 5
cholesterol side-chain cleavage (CYP11A1) 23000 22
Steroid Hydroxylases
aromatase (CYP19) 10 >1560
progesterone 17«,20-lyase (CYP17) 559 0.5
corticoid 118-hydroxylase (CYP11B1) 44 1.2

Xenobiotic Hydroxylases
hepatic progesterone hydroxylases

68-hydroxylase (human CYP3A) 41 2.2

16a-hydroxylase (human) 45 1.3
lauric acid 12-hydroxylase (rat CYP4A) >125000 >1560
debrisoquine (human CYP2D6) 21875 >1560
caffeine (human CYP1A2) 3875 1560
tolbutamide (human CYP2C9) 8963 427

2 Data are extrapolated from Table 4.

CYP7, CYPI17, and CYP11B1 was only 2.9, 1.5, and 0.4,
respectively, as compared to 559, 2031, and 44 for RS-21607
(Table 5). Strong interactions with these other cytochromes
P450 would have been expected if the activity of the two
enantiomers had not been separated by preparation of the
individual enantiomers. Ketoconazole, a cis-dioxolane racemic
mixture, is relatively nonselective for the cytochromes P450
(Tables4and 5). We have previously prepared the individual
enantiomers of ketoconazole and also found differential
activities in the separate enantiomers (Rotstein, 1992). These
data show RS-21607 to be a selective inhibitor of LDM in
vitro, with a much better selectivity profile than ketoconazole.

Cytochrome P450 Activities in Vivo. The interaction of
RS-21607 with LDM in vivo was investigated by measuring
the accumulation of newly synthesized hepatic DHL and the
depletion of newly synthesized cholesterol following oral
administration of RS-21607. RS-21607 was given to hamsters
as the dihydrochloride salt dissolved in water; 90 min prior
to sampling, approximately 10 uCi of [14C]mevalonic acid
was administered intraperitoneally. At the appropriate time,
livers were removed and extracted with acetone, and the sterols
were separated by HPLC and their levels determined by
radiochemical detection. It is important to note that this
method provides information only for the 90-min period prior
to sampling. Figure 4A shows that administration of RS-
21607 caused a large accumulation (>10-fold) of newly
synthesized DHL in somewhat of a dose-responsive fashion.
At all the doses of RS-21607, DHL accumulation reached a
maximum around 10 dpm of [}*C]DHL /dpm of [*H]DHL/
pCi of mevalonic acid/g of liver. At later time points, the
accumulation of DHL decreases in a dose-dependent fashion,
presumably as a result of drug clearance. RS-21607 caused
a dose-responsive decrease in hepatic cholesterol biosynthesis
with the greatest inhibition between 5 and 8 h (Figure 4B).
Cholesterol biosynthesis 18 h postdose was unaffected by 3
mg/kg RS-21607, inhibited by 25% at 10 mg/kg, and inhibited
by 52% and 54% by 30 mg/kg (two separate experiments).
Accordingly, RS-21607 has an 18-h EDso for cholesterol
lowering of 30 mg/kg. These data indicate that RS-21607
can effectively reach the target enzyme in vivo and inhibit
DHL turnover and cholesterol synthesis.

The in vitro cytochrome P450 selectivity data predicts that
RS-21607 should selectively inhibit LDM and cholesterol
biosynthesis with minimal effects upon other cytochrome-
P450-dependent reactions. This assumption was evaluated
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FiGURE 4: Effect of RS-21607 upon lanosterol demethylase activity
in hamster. A single oral dose of RS-21607 was given to hamsters
and the ability to inhibit lanosterol demethylase determined by the
accumulation of hepatic dihydrolanosterol (A) and the depletion of
cholesterol (B). The values are presented as dpms of [14C]-
dihydrolanosterol or -cholesterol formed from [*C]mevalonic acid
administered 90 min prior to sampling, normalized to the dpm’s of
the internal standards, [*H]dihydrolanosterol or -cholesterol, [4C}-
mevalonic acid added, and liver weight, and are plotted against the
time after the initial dose of drug. The data represent groups of five
animals, and the standard errors are all less than 10% of the final
value. Animals were dosed with 3 mg/kg (@), 10 mg/kg (m), or 30
mg/kg (A) and (W) (two separate experiments).

by comparing the ability of RS-21607 to lower cholesterol
biosynthesis in hamster to its effects upon steroid hormone
levels in rat (Figure 5). These data show that RS-21607 is
a much more effective inhibitor of cholesterol biosynthesis
than of the biosynthesis of testosterone, corticosterone, or
progesterone. These steroids are formed by the CYPI17,
CYP11Bl1, and CYP11Al, respectively. The effect of RS-
21607 upon the plasma concentrations of these compounds
was determined after oral administration of 5-100 mg/kg to
malerats stimulated with ACTHand LHRH. Corticosterone
levels decreased from 964 £ 70 ng/mL with no RS-21607 to
655 £ 54 ng/mL following a 100 mg/kg dose (32% decrease).
A single 100 mg/kg dose of ketoconazole reduced corticos-
terone levels 86% (from 1054 £ 66 mg/mL to 147 = 13 ng/
mL). While testosterone levels were reduced only slightly
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FIGURE 5: Comparison of ability of RS-21607 to inhibit hepatic
cholesterol biosynthesis versus its effect upon cytochrome-P450-
dependent steroid formation. Inhibition of cholesterol biosynthesis
(¥) was determined in hamsters 5 h following a single dose of RS-
21607. Cholesterol levels were determined from the dpm’s of [!4C]-
cholesterol formed from [*C]mevalonic acid administered 90 min
prior to sampling, normalized to the dpm’s of the internal standards,
[*H]cholesterol, ['*C]mevalonic acid added, and liver weight. Plasma
steroid concentrations were measured in LHRH/ACTH-primed male
rats (N = 7) 2 h following a single oral dose of RS-21607. The
steroid concentrations in untreated animals were 19.9 ng/mL for
testosterone (@), 7.15 ng/mL for progesterone (M), and 964 ng/mL
for corticosterone (A). Standard errors were all less than 20% of
final values.

—

after doses of 5-50 mg/kg of RS-21607 (from 19.9 £ 2.4 to
12.7+1.9and 14.9 £ 1.9 ng/mL, respectively), they dropped
to 6.75 £ 1.25 ng/mL after the 100 mg/kg dose. This was
a 66% decrease as compared to untreated rats. In contrast,
ketoconazole decreased testosterone levels 73% following a
25 mg/kg dose and 94% following a 50 mg/kg dose.
Progesterone plasma concentrations dropped from 7.15 £ 0.94
ng/mLinuntreated animals t0 2.99 £ 0.41 ng/mL in animals
treated with 10 mg/mL RS-21607. However, this effect on
progesterone was not related to dose since the plasma
concentration of progesterone was 4.26 £ 0.39 ng/mL at 100
mg/kg RS-21607. These data support the conclusions of the
in vitro studies.

Mechanism of Inhibition. Azoles are known to compet-
itively inhibit cytochromes P450 in part by coordination to
the heme, resulting in a type II binding spectrum, characterized
by an absorption peak at 425-435 nm and an absorption
minimum at 390405 nm (Schenkman, 1981). As expected,
RS-21607 interacted with the purified LDM to produce a
type II binding spectrum with an absorption maximum of
approximately 432 nm and a minimum of 412 nm (Figure 6).
At the concentrations of enzyme needed to observe the
inhibitor-induced spectrum (100-250 pmol/mL), RS-21607
appeared to bind stoichiometrically to the enzyme (data
consistent with tight-binding inhibition), precluding the
determination of the apparent Kj.

The relative importance of the imidazole upon binding to
therat enzyme was investigated with the desimidazole analogs
of cis-25,45 (RS-21607) and trans-2R,4S, trans-2R,4S-DI,
and cis-25,4S5-DI, respectively. (The change from 25 to 2R
and from cis to transin going to the corresponding desimidazole
analogs is due to a reversal of the Cahn-Ingold—Prelog priority
sequence in the desimidazole compounds.) As expected, the
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FIGURE 6: Binding spectrum of the interaction of RS-21607 with
LDM purified from rat. RS-21607 was added to a sample cuvette
containing LDM (200 pmol/mL) and the spectrum recorded between
350 and 500 nm with a SLM Aminco UV spectrophotometer in the
split-beam mode. The reference cuvette contained only pure LDM
and RS-21607 vehicle. Full-scale absorbance on the y-axis is 0.012.
Spectra 1 and 2 were recorded following the addition of 50 and 150
pmol/mL RS-21607, respectively. Addition of more RS-21607
resulted in no increased absorbance. Background absorbance was
automatically subtracted from the recorded spectra.

imidazole greatly increases the ability of these compounds to
inhibit LDM (Table 2), presumably as a result of its ability
to coordinate directly with the heme. In contrast to the
imidazole compounds, the cis-25,4S-desimidazole analog (in
which the methyl group and side chain are trans) had a higher
affinity for the enzyme than its trans-analog (methyl group
and side chain are ¢is). Another interesting observation from
these data is that the desimidazole analogs bind with a similar
affinity to LDM as does the substrate DHL (assuming k_; is
much greater than k,, making K; and K, values comparable).
Together, these data confirm that the ligand attached to the
imidazole in RS-21607 is a good non-sterol substitute for DHL
and that coordination of the imidazole to the heme provides
the major contributing factor for the inhibition of LDM by
RS-21607.

The 32-oxysterol intermediates (32-alcohol and 32-alde-
hyde) formed in the demethylation of DHL accumulate under
conditions of low metabolism, presumably as a result of
competition for further oxidation with excess substrate
(Trzaskosetal., 1986b). Ketoconazole was observed by these
investigators to increase the accumulation of the 32-oxy
intermediates. We also found that as the percent metabolism
decreased, the ratio of accumulated oxylanosterol to de-
methylated product increased (Figure 7). The results shown
in Figure 7 were obtained with 40 uM DHL incubated from
2to 30 min. Addition of RS-21607 (5-30 nM) to the 20-min
reactions caused a decreased in the percent metabolism as
compared tocontrol (11%), as expected. However, the percent
of accumulated oxylanosterols in the products was greater
than expected if the decrease in metabolism was simply a
result of inhibition of the enzyme at only the first step of the
reaction. Ifthis had been the case, the inhibited profile should
have had an identical slope to that without inhibitor. The
increase in accumulation with increasing inhibitor and
decreasing metabolism can only be interpreted to indicate
that RS-21607 inhibits more than one step in the demeth-
ylation reaction. Other studies showed that the profiles for
RS-21607 and ketoconazole (100-800 nM) were nearly
identical (data not shown) and the primary oxysterol accu-
mulated with both inhibitors was the 32-aldehyde. Similar
results were obtained in experiments using 80 uM DHL. These
data are interpreted to indicate that the relative affinities of
RS-21607 and ketoconazole for the different steps in the
sequential oxidation of DHL by LDM are similar and that
both preferentially inhibit third oxidation relative to second,
resulting in an accumulation of the 32-aldehyde. The
difference between the twoinhibitors is that 10-20 times more
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FIGURE 7: Accumulation of oxylanosterols. DHL (40 uM) was
incubated with 1 mg/mL microsomal protein from cholestyramine-
treated rats. The percent of 32-oxysterol formation was determined
from the HPLC analysis of 32-alcohol, 32-aldehyde, and diene
formation. The change in percent metabolism in the absence of RS-
21607 (m) was obtained by changing the incubation time from 5 to
30 min. The data with RS-21607 (®) was obtained by changing the
inhibitor concentration in 20-min incubations. RS-21607 concen-
tration was varied from 5 to 30nM. Anexampleof theacutalamount
of product formed per 1 mL of incubation is the 20-min incubation
without inhibitor; 11% of the DHL was metabolized to 3.99 nmol of
diene, 0.398 nmol of 32-alcohol, and 0.212 nmol of 32-aldehyde,
Addition of 20 nM RS-21607 decreased the conversion of DHL to
4.6%; 1.328 nmol of diene, 0.172 nmol 32-alcohol, and 0.344 nmol
of 32-aldehyde were formed. Similar ratios of products were observed
atother concentrations of inhibitors. Individualdata pointsrepresent
the mean of duplicate incubations. The data presented in this figure
are representative of three separate studies, two using 40 uM DHL
and one using 80 uM DHL.

ketoconazole was needed to achieve the same results as those
observed for RS-21607.

DISCUSSION

These studies were initiated to determine if mammalian
LDM could be selectively inhibited both in vitro and in vivo.
Methods were established to monitor in vitro LDM inhibition
and interactions with other known cytochromes P450, as well
as methods to measure endpoints of specific in vivo enzyme
chemistry.

The synthesis of [32-*H;]DHL made possible the devel-
opment of a rapid and convenient method for evaluating
lanosterol demethylase activity (DeKeczar et al., 1993). The
label incorporated at the C-32 position is lost the aqueous
environment during the oxidation process. This is easily
separated from unreacted product and quantitated. Evaluation
of LDM activity by this procedure could be complicated by
kinetic isotope effects. The breaking of a C-T bond during
a catalytic event should proceed much more slowly than for
a C—H bond due to the lower zero-point energy; accordingly,
DHL labeled with three tritiums on the C-32 methyl group
might be thought to be oxidized much more slowly than
unlabeled enzyme. However, the rate of demethylation from
[32-*H3;]DHL was very similar to that observed with [24,25-
3H,)DHL which has an unlabeled C-32 methyl group (Table
1). A TV isotope effect of 2.03 was observed in microsomes
from cholestyramine-treated rats, while no significant isotope
effect associated with T(V/K) was observed (Table 1). The
lack of a large isotope effect upon this reaction allows us to
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reliably determine the kinetic constants associated with the
inhibition of lanosterol demethylase using [32-3H;]DHL as
the substrate. It also suggests that the demethylation
chemistry is not rate limiting in the enzymatic reaction.?

RS-21607, a cis-2S,4S-stereoisomer, was determined to be
the most effective and selective non-sterol, mammalian LDM
inhibitor yet described. It was characterized against LDM
purified from rat as a competitive tight-binding inhibitor with
an apparent K; of 840 pM (Figure 2). Its ability to block
LDM activity was similar in microsomes from all the species
studied (human, rat, and hamster) (Table 2). The ability to
inhibit the enzyme appears to be largely a result of the
electrostatic contribution of the imidazole binding to the heme.
Removal of the imidazole from the substrate dramatically
decreased the apparent Kj, data consistent with the observation
of a type II binding spectrum (Figure 7). RS-21607 also had
a higher affinity for LDM than the other cytochromes P450
involved in sterol, steroid, and xenobiotic oxidations. Since
all cytochromes P450 have a protoporphyrin IX heme
prosthetic group, an azole has the potential to bind with high
affinity to all these enzymes. Therefore, the apparent
selectivity of RS-21607 suggests that it interacts with the
apoprotein of LDM with a much higher affinity than it
interacts with the apoprotein of the other cytochromes P450.
RS-21607 was also found to block the biosynthesis of
cholesterol in hamsters in a dose-dependent manner with a
corresponding accumulation of dihydrolanosterol. This was
interpreted to indicate that RS-21607 is able to distribute to
the site of action in hamsters and inhibit the target enzyme.
At the same doses in rat testosterone, corticosterone, and
progesterone plasma concentrations, endpoints of the enzymes
involved in steroid biosynthesis were relatively unaffected.
These data show RS-21607 to be an effective and selective
inhibitor of LDM in vitro and in vivo.

It is well established that for many racemic compounds,
one enantiomer interacts with biological systems in a manner
distinct from its antipode. For example, we have previously
shown that the cis-2S5,4R-enantiomer of ketoconazole is
approximately 3-fold more effective than the cis-2R,4S-
enantiomer for inhibition of LDM (Rotstein et al., 1992). In
contrast, the cis-2R,4S-enantiomer is an order of magnitude
more effective as an inhibitor of CYP7. Therefore, the cis-
2S,4R-enantiomer has a much more desirable profile for
cholesterol lowering thanitsantipode. However, most studies
with ketoconazole have been undertaken with the racemic
mixture, i.e., a mixture of two compounds with distinctly
different biological profiles. Upon investigating the profile
of the four stereoisomers of RS-21607 against various
cytochromes P450, we also observed the different diastereo-
mers to have different interactions. Fortunately, the stereo-
isomer with the best activity for LDM, RS-21607, also had
the least activity against CYP7, CYP17, and CYPI11BI.
Obviously, inhibition of cholesterol degradation (CYP7)
should decrease the ability of the compounds to lower

3 The intrinsic isotope effect for an enzymatic reaction can be masked
by other enzymatic steps in the reaction sequence. Northrup (1977) has
shown that masking of the V isotope effect is a result of the “ratio of
catalysis” and represents the ratio of the rate of the catalytic step to the
rate of the other forward steps contributing to the maximal velocity,
whereas masking of the ¥/ K isotope effect is a result of the “commitment
tocatalysis” and represents the tendency of the enzyme—substrate complex
to go forward through catalysis as opposed to its tendency to break down
to free enzyme and substrate. The observation of the lower V/K isotope
effect with lanosterol demethylase suggests that steps preceeding the
catalytic event, such as substrate binding or enzyme reduction, may be
rate limiting.

Swinney et al.

cholesterol in vivo, This translates to an overall maximal
effect on cholesterol biosynthesis by RS-21607, with minimal
effects upon cholesterol degradation and androgen and
corticoid formation.

The 32-aldehyde of dihydrolanosterol has been reported to
accumulate under a variety of conditions including high DHL
concentration and the presence of ketoconazole (Trzaskos et
al., 1986b, 1987; Saucier et al., 1987). We observed a similar
accumulation with RS-21607. The accumulation of this
oxysterol has been associated with a suspension of HMG-
CoA reductase activity. Recently, Trzaskos and co-workers
(1993) used the lanosterol analog 15a-fluorolanost-7-en-33-
ol to generate a stable sterol 32-aldehyde analog. They
observed this compound to supress HMG-CoA reductase
activity by reducing the translational efficiency of the reductase
mRNA. They proposed that the “accumulation of the 32-
aldehyde in situ may be the result of a designed integrated
regulatory process which serves to control endogenous
cholesterol biosynthesis under normal physiological fluxes of
carbon flow through the sterol pathway”. Accordingly, an
inhibitor which increases the accumulation of the 32-aldehyde
of DHL, such as RS-21607, may decrease cholesterol
biosynthesis by two mechanisms, inhibition of lanosterol 14a-
demethylase and feedback suppression of HMG-CoA reduc-
tase. This proposal is supported by the observation that RS-
21607 suppresses the post-translational activity of HMG-
CoA reductase activity in hamsters and HEP G2 cells (Dr.
Pamela M. Burton, personal communication).

In this report, we have presented the methodology used to
rationally evaluate an inhibitor for an enzyme of cholesterol
biosynthesis. RS-21607 was characterized to be a high-
affinity, tight-binding, competitive inhibitor of LDM, It
inhibited the enzyme and cholesterol biosynthesis in hamster
liver for at least 18 h following a 30 mg/kg oral dose. RS-
21607 had minimal effects against the other cytochromes P450
investigated bothin vivoandinvitro. Italsocaused anincrease
inthe accumulation of the 32-aldehyde oxysterol intermediate.
Therefore, as a result of its effectiveness as a LDM inhibitor
and its selectivity against other cytochromes P450, RS-21607
has the potential to be a novel therapy for the treatment of
hypolipidemic disorders. Preliminary results indicate that
RS-21607 effectively lowers LDL cholesterol in mildly
hypolipidemic patients without serious side effects (Dr. Ken
Schwartz, personal communication).
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ABSTRACT: The nifS gene product (NIFS) is a pyridoxal phosphate binding enzyme that catalyzes the
desulfurization of L-cysteine to yield L-alanine and sulfur. In Azotobacter vinelandii this activity is required
for the full activation of the nitrogenase component proteins. Because the nitrogenase component proteins,
Fe protein and MoFe protein, both contain metalloclusters which are required for their respective activities,
it is suggested that NIFS participates in the biosynthesis of the nitrogenase metalloclusters by providing
the inorganic sulfur required for Fe—S core formation [Zheng, L., White, R. H., Cash, V. L., Jack, R. F,,
& Dean, D. R. (1993) Proc. Natl. Acad. Sci. U.S.A. 90,2754-2758]. In the present study the mechanism
for the desulfurization of L-cysteine catalyzed by NIFS was determined in the following ways. First, the
substrate analogs, L-allylglycine and vinylglycine, were shown to irreversibly inactivate NIFS by formation
of a y-methylcystathionyl or cystathionyl residue, respectively, through nucleophilic attack by an active
site cysteinyl residue on the corresponding analog—pyridoxal phosphate adduct. Second, this reactive cysteinyl
residue, which is required for L-cysteine desulfurization activity, was identified as Cys3?* by the specific
alkylation of that residue and by site-directed mutagenesis experiments. Third, the formation of an enzyme-
bound cysteinyl persulfide was identified as an intermediate in the NIFS-catalyzed reaction. Fourth,
evidence was obtained for an enamine intermediate in the formation of L-alanine. All of these resuits
support a mechanism for NIFS-catalyzed desulfurization of L-cysteine which involves formation of a substrate
cysteine—pyridoxal phosphate ketimine adduct and subsequent nucleophilic attack by the thiolate anion of
Cys®?% on the sulfur of the substrate cysteine. These events result in formation of a protein-bound persulfide,
which is the proposed sulfur donor in Fe—S core formation, and a pyridoxal phosphate-bound enamine which

is ultimately released as L-alanine.

Nitrogenase is a two-component metalloenzyme that
catalyzes the MgATP-dependent reduction of dinitrogen.
During catalysis, an Fe protein component sequentially delivers
single electrons to a MoFe protein component upon which the
substrate reduction site is located [reviewed by Burgess
(1990)]. A feature common to both the Fe protein and the
MoFe protein is that they contain metalloclusters comprised
of Fe-S cores (Georgiadis et al., 1992; Kim & Rees, 1992).
These metalloclusters are necessary for nitrogenase activity,
and they appear to participate in various aspects of electron
transfer or substrate reduction. In Azotobacter vinelandii,
the genes that encode the nitrogenase structural components
(nifH, Fe protein subunit; nifDK, MoFe protein subunits) are
contiguous and arranged nifHDK (Brigle et al., 1985).
However, the primary translation products of the nitrogenase
structural genes:are not active. Rather, immature forms of
the nitrogenase component proteins are activated through the
formation and insertion of their complementary metalloclusters
in processes that require the activities of a consortium of
associated nif-specific gene products [see Dean and Jacobson
(1992) for a review]. One such processing step must include
the mobilization of the inorganic sulfide required for formation
of the Fe—S cores. We have recently demonstrated (Zheng
et al., 1993) that the A. vinelandii nifS gene product, which
is required for the full in vivo activation of both the Fe protein
and the MoFe protein (Jacobson ef al., 1989), is a pyridoxal
phosphiate (PLP)! enzyme that catalyzes the desulfurization

f This work was supported by National Science Foundation Grant
MCB930800.

* Author to whom correspondence should be addressed.

® Abstract published in Advance ACS Abstracts, April 1, 1994.

of L-cysteine to yield L-alanine and elemental sulfur. On the
basis of these results we proposed that NIFS catalyzes the
release of sulfur from L-cysteine in a pathway which ultimately
provides the sulfide present in the metalloclusters of the
nitrogenase component proteins. Becausethe catalyticactivity
of NIFS is extremely sensitive to alkylating reagents, such as
N-ethylmaleimide, a reactive cysteine was proposed to be
involved in catalysis. We also suggested that anintermediate
step in Fe-S core assembly includes the formation of a NIFS-
bound cysteinyl persulfide. Such a cysteinyl persulfide could
be formed through nucleophilic attack by the active site
cysteiny! thiolate on the cysteine—PLP ketimine adduct. In
the present study we have tested this possible mechanism for
the mobilization of sulfur by identifying the active site cysteinyl
residue located on NIFS and by demonstrating the formation
of an enzyme-bound cysteinyl persulfide at that site.

EXPERIMENTAL PROCEDURES

Materials. v-Methylcystathionine, prepared by the con-
densation of L-allylglycine with L-cysteine catalyzed by
cystathionine y-synthase from Escherichia coli (Brzovit et
al., 1990), was kindly supplied by Dr. Peter Brzovi€, Depart-
ment of Biochemistry, University of California at Riverside.
Homocystathionine, S-(4-amino-4-carboxybutyl)-cysteine,

! Abbreviations: DTT, dithiothreitol; GC-MS, gas chromatography-
mass spectroscopy; HPLC, high-pressure liquid chromatography; 1,5-
I-AEDANS, N-(iodoacetyl)-N"-(5-sulfo-1-naphthyl)ethylenediamine;
NIFS, rifS gene product; PLP, pyridoxal phosphate; SDS-PAGE, sodium
dodecyl sulfate-polyacrylamide gel electrophoresis.

0006-2960/94/0433-4714804.50/0 © 1994 American Chemical Society
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was synthesized in the following manner. Diethyl acet-
amidomalonate was condensed with 1,3-dibromopropane in
ethanol containing sodium ethoxide to form 1-acetamido-1,1-
bis(carboxyethoxy)-4-bromobutane. This product was then
condensed with cysteine under basic conditions to generate
S-(4-acetamido-4,4-dicarbethoxybutyl)cysteine, which was
subsequently converted into the desired product after saponi-
fication with NaOH, decarboxylation, and hydrolysis with
HCL

Wild-type NIFS and NIFS-Ala3?’ were hyperexpressed in
E. coli cells and purified as described before (Zheng et al.,
1993). The Ky was determined using the hydrogen sulfide
assay described previously (Zhenget al., 1993). The cysteine
concentrations used were 0.2, 0.5, 1.0, 2.0, 4.0, and 9.0 mM.
Because cysteine interferes with the hydrogen sulfide assay,
separate sodium sulfide standard curves were respectively
obtained in the presence of each cysteine concentration used
to determine the Ky. It should be noted that NIFS activity
is highly sensitive to pH and temperature, so the Ky observed
might depend on the condition used. Ammonia was assayed
according to the method of Dilworth er al. (1992). The
reagents L-cysteine, allylglycine, vinylglycine, and N-(io-
doacetyl)-N-(5-sulfo-1-naphthyl)ethylenediamine (1,5-1I-
AEDANS) were freshly prepared in water and adjusted to
pH 8.0, if necessary. All of the reactions described below
were performed at ambient temperature unless specifically
noted otherwise.

Isolation and Identification of the Protein-Bound +~-
Methylcystathionine. Purified NIFS (5 mg, 110 nmol) was
inactivated by incubation with 5 umol of L-allylglycine in 1
mL of 50 mM Tris-HCI buffer, pH 8.0, for 2 h. After this
treatment the excess unreacted amino acid analog was
separated from the protein fraction by three cycles of
centrifugal ultrafiltration using an Amicon Centricon 30
device. The isolated protein was then hydrolyzed under N,
in 1 mL of 6 M HCl at 110 °C for 21 h in the presence of
5 uL of mercaptoethanol. After evaporation of the HCI, the
resulting amino acids were dissolved in 0.5 mL of water, applied
to a Dowex 50W-8X H+ column (1 X 0.6 cm), and eluted
with an HCl gradient consisting of 3 mL of 1 M HCl, 0.5 mL
of 2M HC}, and finally 3 mL of 3 M HCI. Under this condition
authentic y-methylcystathionine was eluted in the 3 M HCl
fraction. The amino acids present in the 3 M HCI eluant
fraction were then converted into their n-butyl trifluoroacetyl
derivatives as previously described (White & Rudolph, 1978)
and were separated by gas chromatography—mass spectroscopy
(GC-MS) on a DB-5 column (30 m X 0.32 mm, J&W
Scientific Co.) programmed from 175 to 300 °C at 10 °C/
min. Under these conditions the vy-methylcystathionine
derivative eluted after 8.3 min. The mass spectra were
obtained at 70 eV using a VG-70-70EHF mass spectrometer.

Isolation and Identification of the Protein-Bound Cys-
tathionine. Vinylglycine-inactivated NIFS was prepared by
incubation of 17 nmol of NIFS with two additions of 5 umol
of L-vinylglycine in a total volume of 1 mL of 50 mM Tris-HC1
buffer, pH 8.0, for 8 h. NIFS-bound cystathionine was
identified using the same procedures described above for the
identification of +y-methylcystathionine. Authentic cys-
tathionine was used as standard.

Separation and Identification of the Peptide Containing
the Active Site Cysteinyl Residue. NIFS (120 ug, 2.7 nmol)
was incubated with 6.5 nmol of the dansylated alkylating
reagent 1,5-I-AEDANS for 12 h. After the excess of 1,5-
I-AEDANS was removed by three cycles of ultrafiltration,
as described above, NIFS was denatured in 1 mL of 48 M
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Gdn-HCI, 80 mM Tris-HCI, pH 8.0, and 50 mM dithiothreitol
(DTT) buffer and the three remaining cysteinyl residues were
alkylated with a 1.1 molar excess of iodoacetamide. The
protein treated in this way was then extensively dialyzed against
water and dried in a speed vacuum apparatus. The resulting
pellet was dissolved in 0.5 mL of 100 mM (NH,4),COj; buffer,
pH 7.7, and digested with 2.4 ug of trypsin for 18 h at 37 °C,
The separation of the resulting peptides was by HPLC using
an Axxion octadecylsilane column (5 um, 4.6 X 250 mm)
equilibrated with 0.1% (v/v) trifluoroacetic acid in water.
Elution was with a 20-40% gradient of 0.075% (v/v)
trifluoroacetic acid in acetonitrile at a flow rate of 1 mL/min.
The elution was monitored both by UV absorbance (220 nm)
and by fluorescence (excitation at 340 nm; emission at 500
nm; Gorman et al., 1987). The peak having the highest
fluorescence was collected and sequenced on an Applied
Biosystems protein sequencer (Model 477A) operated by the
Virginia Tech sequencing facility.

Site-Directed Mutagenesis and Gene Replacement. Meth-
ods for site-directed mutagenesis and gene replacement were
the same as previously described for the analysis of the nifD
gene from A. vinelandii (Brigle et al., 1987). The template
used for mutagenesis was an Xbal fragment containing the
entire nifS gene from pDB551 (Zheng et al., 1993) cloned
into the M13mp18 Xbal site. The codon for Cys325, UGC,
was changed to GCC. The oligonucleotide primer used for
mutagenesis had the following sequence: 5GGTTCGGC-
CGCCACCTCCGGY.

Identification of the NIFS-Bound Persulfide. The pro-
cedure for the identification of a NIFS-bound persulfide is
outlined in Figure 1. In a typical experiment 4.4 mg (100
nmol) of NIFS was incubated with or without 100 nmol of
L-cysteine (substrate-treated enzyme, as in the left route, or
untreated enzyme, as in the right route, respectively) in 50
mM Tris-HCI buffer, pH 8.0, for 10 s (step 1 in Figure 1)
before 300 nmol of 1,5-I-AEDANS was added (step 2 in Figure
1). The reaction was allowed to proceed for 30 min before
the excess of the 1,5-I-AEDANS was removed by washing
three times with the above buffer using ultrafiltration. The
protein samples were then brought to 2 mL with the buffer
and equally divided. An aliquot of 1 M DTT was added to
one sample to give a final concentration of 5 mM to reduce
any disulfide bond formed between NIFS and the fluorescent
compound (step 3 in Figure 1). The other half was not reduced
and served as a control. After incubation for 30 min, small
molecules were separated from protein by washing twice using
a ultrafiltration Centricon 30 device. All of the samples were
then brought to 2 mL with Tris-HCI buffer and the relative
concentrations of the 1,5-I-AEDANS derivatives determined
spectrofiuorometrically. The N-(thioacetyl)-N*-(S-sulfo-1-
naphthyl)ethylenediamine produced by reductive cleavage of
the disulfide adduct with DTT was identified by its quantitative
methylation to N-[(methylthio)acetyl]-N’-(5-sulfo-1-naph-
thyl)ethylenediamine using excess methy! iodide in diluted
aqueous ammonia and comparing the Ry of this methylated
product with that of a synthetic sample of N-[(methylthio)-
acetyl]-N~-(5-sulfo-1-naphthyl)ethylenediamine. The au-
thentic sample of N-[(methylthio)acetyl]-N*(5-sulfo-1-
naphthyl)ethylenediamine was prepared by reacting 1,5-
AEDANS with an excess of methylthiol in aqueous ammonia.
In each case, the methylated products were separated from
the salts by retention on a Sep-Pak C;; cartridge (Waters
Associates, Milford, MA), the column was washed with water,
and the compounds were eluted with 60% acetonitrile in water.
The fluorescent compounds were then analyzed by TLC using
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NIFS-Cys®25-SH
L-Cys-SH
Step [
L-Ala
NIFS-Cys*25.S -8H NIFS-Cys’25-SH
ICH:CNHCH:CH:NH
Step 2 1,5-1-AEDANS SO03H
NIFS-Cys%25-5 -8- CH:CNHCHQCH:NH NIFS-Cys®25-§- CH:CNHCH:CHzNH
SO3H SO3H
Step 3 /——— Dithiothreitol x

NIFS-Cys?25.SH

NIFS-Cys?25.§- CH:CNHCH:CH:?H
+

SO3H
CH3l
f \ R
HS-CHzCNHCHzCH;%H CH:-S-CH:CNHCH:CH::EH

SO3H S03H

FIGURE 1: Scheme for the identification of a NIFS-bound persulfide.
The left route shows the formation of a persulfide on NIFS when
incubated in the presence of the substrate L-cysteine (step 1), the
alkylation of this persulfide by 1,5-I-AEDANS (step 2), and the
reduction of the disulfide bond between the NIFS and the fluorescent
complex (step 3). The right route shows the control experiment in
which the substrate cysteine was omitted. Under this condition 1,5-
I-AEDANS reacts directly with Cys3?* to form a stable enzyme-
bound thioether and, thus, no fluorescent group should be released
from the enzyme by reduction with DTT. The total fluorescence
bound to NIFS at step 2 was approximately equal for both samples.
Quantitation of the relative amounts of the fluorescent compound
released in these schemes gave the following results: 81% of the total
fluorescent compound bound to NIFS was released by DTT treatment
in the left route, whereas only 1.4% of the fluorescent compound
bound to NIFS was released by DTT treatment in the right route.
Thealkylation step used toidentify the fluorescent compound released
by DTT treatment is shown at the bottom of the scheme.

two different solvent systems, acetonitrile-water—formic acid
(180:20:10 v/v/v) and acetonitrile. 1,5-I-AEDANS had Ry
values of 0.63 in the first solvent system and 0.175 in the
second, whereas the methylated product had Ryvalues of 0.59
in the first solvent system and 0.11 in the second. The
compounds were readily visualized on the TLC plate as bright
blue fluorescent bands when the plate was exposed to UV
light.

NIFS Desulfuration Reaction in 2H;0. L-Alanine, L-Cys-
teine, and Tris-HCl buffer were prepared in 2H,O and titrated
to pH 8.0 using HCl or NaOH. NIFS was transferred to 50
mM TrissHCl prepared in 2H,O and equilibrated by repetitive
dilution and ultrafiltration using the deuterated buffer.
Following this treatment the 'H/2H ratio was calculated to
belessthan 1/30. L-Alanine (20 umol) or L-cysteine (1 umol)
wasincubated with 0.5 mgof NIFSina 1-mL reaction mixture
containing 50 mM Tris-HCl buffer for 2h. Afterthereaction,
the amino acids were separated from NIFS by ultrafiltration
and analyzed by GC-MS as described above in the analysis
of y-methylcystathionine.

RESULTS

Allylglycine and Vinylglycine Are Suicide Inhibitors of
NIFS-Catalyzed Cysteine Desulfurization Activity. Olefinic

Zheng et al.
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FIGURE 2: Inhibition of NIFS activity by L-allylglycine. (A) Time-
dependent loss of NIFS activity by incubation with no (0), 1.25 mM
(m), 2.5 mM (A), 5.0 mM (@) and 10 mM (O) ailylglycine. (B)
Double-reciprocal plots of the observed rate constant vs the con-
centration of allylglycine using the data in panel A. Kkinae =In2/T; o
where T, is the half-life of the NIFS activity under a certain
concentration of allylglycine.

amino acids are often used as mechanism-based suicide
inhibitors of PLP enzymes (Cooper, 1983; Walsh, 1986). In
this study L-allylglycine and L-vinylglycine were used to
investigate the mechanism of NIFS-catalyzed cysteine de-
sulfurization. Incubation of NIFS with allylglycine resulted
in a time-dependent loss of cysteine desulfurase activity (Figure
2A). Such inhibition was not reversed by addition of the
substrate L-cysteine, nor was it reversed by addition of PLP
or DTT. Furthermore, extensive dialysis of the allylglycine-
inhibited enzyme did not result in its reactivation. DL-
Allylglycine, at a concentration twice as great, inactivated
NIFS-catalyzed cysteine desulfurase activity at the same rate
as L-allylglycine. These results indicate that allylglycine
inhibition of NIFS activity requires an enzymatic reaction
that is specific for the L-form of the olefinic amino acid which
is consistent with the requirement of L-cysteine as substrate
in the desulfurization reaction (Zheng et al., 1993). A kinetic
analysis showed that NIFS inactivation by allylglycine is a
pseudo-first-order reaction (Figure 2A) having an apparent
Ky of 20 mM (Figure 2B). In contrast, the apparent Ky for
L-cysteine is about 75 uM.

To test whether or not NIFS can use L-allylglycine as
substrate to catalyze formation of a product, we searched for
product formation following the co-incubation of NIFS and
L-allylglycine. On the basis of thin-layer chromatography
using ninhydrin detection, such incubation of NIFS and
L-allylglycine did not lead to formation of a product that could
be distinguished from the substrate L-allylglycine. Because
allylglycineirreversibly inactivates NIFS, it seemed more likely
that a protein-bound covalent adduct was formed during the
inactivation. Two possible routes for allylglycine inactivation
of NIFS can be considered. One route could involve a
mechanism-based suicide inactivation in which the enzyme
tautomerizes the terminal double bond of allylglycine followed
by nucleophilic attack by the proposed active site cysteinyl at
the vy-carbon (Scheme 1). This mechanism has precedence
in cystathionine y-synthase which is able to catalyze the
condensation of a PLP-allylglycine adduct and L-cysteine to
form ~y-methylcystathionine (Brzovié et al., 1990). Itshould
be noted here that the protonation of the quinonoid form of
PLP and the deprotonation of the reactive cysteine are not
necessarily coupled as shown in Scheme 1 but are presented
in this way for convenience. Also, the L-structure of the final
product shown in Scheme 1 was not determined experimentaily
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Scheme 1: Proposed Mechanism of NIFS Inhibition by
L-Allylglycine
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but was inferred from the fact that L-alanine is the product
of the NIFS-catalyzed cysteine desulfuration reaction (Zheng
etal.,1993). Analternative possibility is that the inactivation
is not mechanism based but involves a simple addition reaction
which occurs by nucleophilic attack at the é-carbon to form
homocystathionine. Of the two possible mechanisms, the
former was confirmed by the identification of y-methylcys-
tathionine as one of the amino acids produced by the acid
hydrolysis of the allylglycine inactivated enzyme (Figure 3).
v-Methylcystathionine was identified in the acid hydrolysate
of the L-allylglycine-treated enzyme by comparing the gas
chromatographic retention time and the mass spectra of the
n-butyl trifluoroacetyl derivative of isolated and known
compounds (Figure 3). The known compounds used in the
analysis were y-methylcystathionine and homocystathionine,
the corresponding products expected by attack at either the
~- or é-carbon of allylglycine, respectively, and these were
readily distinguished by their mass spectroscopic fragmen-
tation pattern (Figure 3) and gas chromatographic retention
times (data not shown).

The pattern of inhibition by L-vinylglycine on cysteine
desulfurase activity catalyzed by NIFS was more complicated
because vinylglycine serves as both a substrate and a suicide
inhibitor. Inourinitial experiments, approximately equimolar
amounts of vinylglycine and NIFS were co-incubated, which
resulted in deamination of vinylglycine to yield ammonia and
an a-keto compound, most likely a-ketobutyrate. Thus, NIFS
and cystathionine vy-synthase share another feature in that
both are able to catalyze deamination of vinylglycine (Brzovié¢
et al., 1990). Under these conditions there was no apparent
inactivation of the NIFS-catalyzed cysteine desulfurase
activity. Incontrast, NIFS lostall cysteine desulfurase activity
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FIGURE 3: 70-eV mass spectra of n-butyl trifluoroacetyl derivatized
samples. (A) The complex isolated from hydrolysis of L-allylglycine
inactivated NIFS; (B) y-methylcystathionine; (C) homocystathionine.
The preparation of the samples is described under Experimental
Procedures.

when incubated with a large molar excess of vinylglycine.
Using the same methods decribed above for the allylglycine-
inactivated enzyme, it was shown that vinylglycine inactivation
occurred through formation of a cystathionyl residue. The
vinylglycine deamination reaction catalyzed by NIFS ap-
parently does not require participation of the reactive cysteinyl
residue because allylglycine-treated NIFS, vinylglycine-
treated NIFS, and an altered form of NIFS that hasanalanyl
substitution for the active site cysteinyl residue (discussed
below) were all able to catalyze the deamination reaction at
rates comparable to that of the native enzyme. The mech-
anisms for the deamination of L-vinylglycine catalyzed by
NIFS and the vinylglycine-directed suicide inactivation of
NIFS cysteine desulfurase activity are presented in Scheme
2.

Identification of the Reactive Cysteinyl Residue in NIFS.
From the above experiments and our previous results (Zheng
et al., 1993) it is known that NIFS has a reactive cysteinyl
residue that is necessary for cysteine desulfurase activity.
Blocking of a reactive thiolate group located on NIFS by
using either a thiol-specific alkylating reagent or an olefinic
amino acid analog results in irreversible inactivation of NIFS
activity. Like N-ethylmaleimide, 1,5-I-AEDANS is able to
react stoichiometrically with NIFS to effect greater than 90%
loss of enzymatic activity (results not shown). Thus, the
fluorescent property of 1,5-I-AEDANS was used to identify
the reactive cysteinyl residue located on NIFS. In these
experiments native NIFS was first alkylated by treatment
with 1,5-I-AEDANS and subsequently denatured, alkylated
withiodoacetamide, and digested with trypsin. After digestion,
the resultant peptides were separated by reversed phase HPLC
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Scheme 2: Proposed Mechanism of NIFS Inhibition by
L-Vinylglycine
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and the elution position of the dansylated peptide was
determined by simultaneously monitoring the HPLC profile
at 220 nm and the fluorescence emission at 500 nm (Figure
4). The major fluorescent peptide peak was eluted at ~25
min, and this fraction was collected and its sequence deter-
mined by automated amino acid sequence analysis. In this
way the dansylated peptide was shown to have the N-terminal
sequence Val-Gly-Ile-Ala-Ala-Ser-Ser-Gly-Ser-Ala-X-Thr,
where the Val residue and the unidentified residue (X)
respectively correspond to the Val?!s and Cys?2% positions in
the NIFS primary sequence. On the basis of the primary
sequence of NIFS deduced from the gene sequence (Beynon
et al., 1987, see Figure 4, top panel), formation of a peptide
having this N-terminal sequence upon tryptic digestion of
NIFS was expected. Also, Cys??3is the only cysteinyl residue
expected to be present in this peptide.

That the hyperreactive Cys32’ is, in fact, located at the
active site was also shown by a site-directed mutagenesis
experiment in which the Cys325 codon was substituted by an
alanine codon. When this mutation was transferred to the A.
vinelandii chromosome, it conferred the same diazotrophic
growth characteristics previously reported for nifS deletion
mutants (Jacobson er al., 1989). In addition, the purified
NIFS-Ala*® protein was shown to be inactive in the cysteine
desulfurase assay but active in the vinylglycine deamination
reaction. Inanother series of experiments NIFS, vinylglycine-
treated NIFS, allylglycine-treated NIFS, and NIFS-Ala3%
were individually incubated with 1,5-1-AEDANS. The NIFS
proteins treated in this way were then separated from the
excess of the fluorescent alkylating reagent by SDS-PAGE
and analyzed by fluorography and Coomassie staining. The
results of these experiments (Figure 5) show that substitution
of an alanyl residue for Cys32’ eliminates reactivity of NIFS
toward alkylation. There are three other cysteinyl residues
within the NIFS primary sequence (Beynon et al., 1987), and
therefore, these results confirm that Cys32 provides the only
reactive thiolate in the native protein and agree well with the
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FIGURE 4: Reversed phase HPLC profiles of the tryptic digests of
NIFS. Native NIFS (120 pg) was labeled with 1,5--AEDANS,
then denatured, alkylated, digested with trypsin, and separated by
HPLC with a gradient from 20 to 40% acetonitrile in water (v/v)
from 5 to 55 min. The elution was monitored at 220 nm and
fluorescence emission at 500 nm. The sequence of the peak with
highest fluorescence was identified by automated amino acid
sequencing. The structure of the peptide—1,5-1-AEDANS adduct is
as shown in the upper panel. A time course of trypsin digestion
revealed that the leftward fluorescent peak in the upper panel
respresents a product of incomplete digestion.
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E FGH

FiGURE 5: SDS-PAGE of modified NIFSs. NIFS, vinylglycine-
inactivated NIFS, allylglycine-inactivated NIFS, or NIFS-Ala3?
(20 ug each) was incubated with an equal molar amount of 1,5-I-
AEDANS in 20 pL of 50 mM Tris-HCI buffer, pH 8.0, at ambient
temperature for 60 min. The samples were then loaded onto an
SDS-PAGE. After electrophoresis, the gel was visualized first by
fluorography and then by Coomassie staining. Lanes A, B, C, and
D, fluorography of NIFS, vinylglycine-treated NIFS, allylglycine-
treated NIFS, and NIFS-Ala’®, respectively. Lanes E, F, G, and
H, Coomassie stain of the same samples as shown in lanes A, B, C,
and D, respectively.

observation that NIFS activity can be quantitatively inhibited
by treatment with an equimolar amount of an alkylating
reagent (Zheng et al., 1993). Also, when an excess of 1,5-
I-AEDANS was reacted with NIFS and the unreacted
alkylating reagent subsequently removed by dialysis, it was
found, on the basis of the extinction coefficient of cysteine-
treated 1,5-I-AEDANS, that 1,5-I-AEDANS reacted with
NIFS monomers at a 1.1 to 1 molar ratio. Finally, neither
vinylglycine- nor allylglycine-treated NIFS could be effectively
labeled with the fluorescent alkylating reagent when compared
to alkylation of the native enzyme. This result indicates that
Cys325 provides the thiolate which reacts with the respective
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Scheme 3: Proposed Mechanism of NIFS Desulfuration
Reaction
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enzyme-bound analog adducts to form either a y-methyl-
cystathionyl or a cystathionyl residue.

Persulfide Formation Is an Intermediate in NIFS-
Catalyzed Desulfuration of 1-Cysteine. In Scheme 3 a
mechanism for NIFS is proposed in which L-cysteine des-
ulfurization occurs by nucleophilic attack of the active site
Cys3%5 thiolate on the substrate cysteine PLP adduct. If
correct, this mechanism predicts the formation of an enzyme-
bound persulfide as an intermediate in the reaction. We
therefore tested for the formation of such a persulfide during
NIFS catalysis by reacting the substrate-treated enzyme with
thealkylating reagent 1,5-I-AEDANS and asking if a disulfide
linkage was formed from an enzyme-bound persulfide and
the alkylating reagent. In a separate control experiment the
untreated enzyme was also reacted with 1,5-I-AEDANS to
form the stable thioether derivative. Therationale and results
of these experiments are presented in Figure 1. The results
show that reaction of 1,5-I-AEDANS with the substrate-
treated form of NIFS results in formation of a DTT-reducible
disulfide bond in more than 80% of the enzyme. The
fluorescent species released from the substrate-treated enzyme
by reducing this disulfide bond was shown to be V-(thioacetyl)-
N’(5-sulfo-1-naphthyl)ethylenediamine. In contrast, the
fluorescent NIFS derivative obtained by reacting the untreated
enzyme with 1,5-I-AEDANS could not be released by
treatment with DTT.

Evidence for the Reversible Formation of an Enamine
Intermediate during L-Cysteine Desulfurization Catalyzed
by NIFS. To further characterize the mechanism by which
NIFS catalyzes the desulfurization of L-cysteine, the reaction
was carried out in the presence of 2H,0 and the deuterium
incorporated into the reactants and products was determined
by GC-MS analysis of their #-butyl trifluoroacetyl derivatives.
Under these reaction conditions it was found that alanine
generated by desulfurization of L-cysteine was completely
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deuterated. Thus, during the formation of the alanine product,
the a- and B-hydrogens are all readily exchanged. The
observed complete exchange of the B-hydrogens can be
explained by the rapid equilibration of the enamine form of
the product (compound I, Scheme 3) with the ketimine form
of the product (compound II, Scheme 3) before rearrangement
and separation of the alanine from the enzyme. It wasobserved
that the a-hydrogen of all the cysteine remaining in the reaction
mixture had been exchanged as well. Thus, it appears that
theslow step in the reaction involves displacement of the sulfur
from the bound cysteine.

It was also found that the a-hydrogen and all three
B-hydrogens of a small fraction of L-alanine became deuterated
when NIFS was incubated with L-alanine in 2H,O. Thus,
exchange occurred at all four positions or not at all. This
result indicates that L-alanine reacts slowly with the enzyme
but once the alanine-PLP adduct is formed there is rapid
exchange of all four hydrogens. The mechanism for the rapid
exchange of the B-hydrogens is most likely explained as
discussed above for the rapid equilbration of compounds I
and Il shown in Scheme 3. The exchange of the a-hydrogen
would occur during the rearrangement of compound II to
alanine. These results are similar to those of Babu and
Johnston, who reported the complete exchange of the - and
B-hydrogens of alanine catalyzed by glutamic-pyruvic tran-
saminase and glutamic-oxaloacetic transaminase (Babu &
Johnston, 1976). Our results and the observation that
millimolar amounts of L-alanine do not significantly inhibit
NIFS-catalyzed cysteine desulfurase activity thus reflect a
rather slow binding/dissociation of L-alanine with NIFS
relative to formation of the enamine intermediate.

DISCUSSION

We have previously shown that the product of the nifS gene
is an L-cysteine desulfurase which catalyzes the removal of
cysteine sulfur to form L-alanine and elemental sulfur (Zheng
et al., 1993). Our current hypothesis is that the reaction
catalyzed by NIFS represents a step in the formation of the
Fe-S cores contained within the nitrogenase component
proteins. Inparticular, we have suggested that NIFS catalyzes
formation of an enzyme-bound persulfide which is the active
species for providing the inorganic sulfide necessary for Fe-S
cluster biosynthesis. In Scheme 3 a model that describes the
proposed mechanism for the formation of an enzyme-bound
persulfide using PLP chemistry and cysteine substrate is shown.
The salient and novel feature of the model is nucleophilic
attack by an active site cysteinyl thiolate anion on the sulfur
of a cysteine—PLP adduct. This nucleophilic attack results
in formation of a cysteinyl persulfide and an enamine derivative
of alanine. Inthe presentstudy, three basic features predicted
by such a mechanism were experimentally confirmed: An
essential active site cysteinyl thiolate (Cys325) was identified,
formation of an enzyme-bound persulfide was demonstrated,
and indirect evidence for formation of an enamine intermediate
during L-alanine formation was obtained. Furthermore,
derivatization of the active site cysteinyl residue by incubation
of NIFS with the mechanism-based inhibitors, allylglycine or
vinylglycine, to form an enzyme-bound y-methylcystathionyl
or cystathionyl residue, respectively, clearly demonstrates that
a cysteinyl thiolate is poised for nucleophilic attack at the
appropriate substrate position (see Schemes 1-3). The
observation that treatment of NIFS with L-allylglycine or
L-vinylglycine specifically blocks alkylation of the Cys325
residue and the results of site-directed mutagenesis experi-
ments, which show that Cys325 is required for cysteine
desulfurase activity, also support this conclusion.
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To our knowledge the cleavage of L-cysteine to yield
L-alanine and sulfur by the mechanism presented in Scheme
3 represents a PLP-based biochemical reaction not previously
described. Itinvolves cleavage of a C—S bond by nucleophilic
attack of a substrate cysteine sulfur by a protein cysteinyl
anion with the expulsion of a stabilized 8-carbanion of alanine.
Although cleavage of a C—S bond by an attacking thiolate
anion has not been described for biological systems, there is
chemical precedence for such a reaction. One example is the
thioalkylation of a thiocyanate to generate an unsymmetrical
disulfide (Wijers et al., 1969). This reaction proceeds by the
nucleophilic attack of a thiolate anion at the sulfur of
thiocyanate with the consequent expulsion of cyanide as the
leaving group. Another example is the formation of dimethyl
disulfide from the reaction of an a-methylthio ester with methyl
thiolate (Trost, 1974). In this reaction the ester-stabilized
C-2 anion facilitates the reaction.

The mechanism proposed here for NIFS-catalyzed cysteine
desulfurization is different from that proposed for the
analogous reaction catalyzed by selenocysteine §-lyase, which
cleaves L-selenocysteine to yield L-alanine and elemental
selenium (Esaki et al., 1982, 1985). The most significant
difference is that an active site cysteinyl is required for
elimination of sulfur from L-cysteine in the NIFS-catalyzed
reaction and an enzyme-bound persulfide is an intermediate
in that process. In contrast, Esaki et al. have proposed a
two-base mechanism analogous to aspartate 3-decarboxylase
(Chang et al., 1982) in which selenium is directly released in
elemental form from selenocysteine. Another difference is
that NIFS is able to catalyze both the desulfurization of
L-cysteine and removal of selenium from selenocysteine,
whereas selenocysteine S-lyase is reported to be specific for
selenocysteine. Although the NIFS-catalyzed elimination of
selenium from selenocysteine has not been characterized in
detail, this reaction is probably mechanistically similar to the
cysteine desulfurase reaction because Cys32’ is required for
both activities. It is unlikely that elimination of selenium
from selenocysteine catalyzed by NIFS is a physiologically
relevant reaction, however, because Se is not required for
biological nitrogen fixation. _

In summary, the requirement of NIFS for the full activation
of the nitrogenase component proteins, both of which require
the formation of Fe—S cores for their respective activities, and
the cysteine desulfurase activity exhibited by NIFS indicate
a role for NIFS in the activation of the inorganic sulfide
required for Fe—S core formation. Results of the present work
which demonstrate the formation of an enzyme-bound per-
sulfide as an intermediate in the desulfurization of L-cysteine
provide evidence for this idea. It is of particular interest that
NIFS-like proteins have also been recently identified in non-
nitrogen fixing organisms (Sun & Setlow, 1993; Kolman &
Soll, 1993). These findings, and the strong sequence con-
servation among NIFS and NIFS-like proteins in the region
surrounding and including the active site cysteinyl residue

Zheng et al.

identified for NIFS (Zheng et al., 1993), suggest that the
mechanism determined here for NIFS activity could represent
a global mechanism for the mobilization of the inorganic sulfide
required for Fe-S cluster biosynthesis.
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ABSTRACT: The structure of the 56-residue B1 immunoglobulin-binding domain from streptococcal protein
G has been determined in two different crystal forms. The crystal structures were deduced by molecular
replacement, based on the structure of the B2 domain (Brookhaven accession code 1PGX). Final R values
are 0.174 and 0.198 for orthorhombic and trigonal forms, for diffraction data from 6.0 to 2.07 A and from
6 to 1.92 A, respectively. The orthorhombic crystals have an unusually high packing density for protein
crystals, with ¥V, = 1.66 and a solvent content of 26%. The protein structure is found to be very similar
(rms deviation 0.25 A for 56 Ca’s) in the two crystal forms, with an efficiently packed hydrophobic core
between a four-stranded §-sheet and a four-turn a-helix. The Bl domain has the same fold and general
structure as the B2 domain (rms deviations 0.36 and 0.39 A), despite the six residue differences between
them. The crystallographic models differ from NMR-derived models in several local regions, primarily
in the loop involving residues 46-51; other significant variations are observed in the helix and in the structure
of bound water. The primary crystal contact is the same in both crystal forms, involving both sheet edges
to form extended B-sheets throughout the crystals.
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Many infectious bacteria display surface proteins that bind
tightly to immunoglobulins and other host proteins, and some
of these bacterial proteins have found useful roles in the
laboratory and clinic. The most familiar example is protein
A from Staphylococcus, whose affinity for IgG confers wide
utility in antibody separation procedures. Protein G from
Streptococcus, Lancefield group G, also binds human IgG in
the Fcregion (Myhre & Kronvall, 1977). This protein consists
of a series of small binding domains separated by linkers, and
acell-wall anchor near the C-terminus. Two (in some strains,
three) of the domains bind IgG; another two or three domains
bind serum albumin. The binding interactions are believed
to help the pathogen evade the host’s immune response by
mimicking the “self”-markers commonly displayed by host
cells. The IgG-binding domains of protein G are of increasing
interest due to their broad biomedical utility (e.g., in purifying
antibodies) and for studies of folding and stability. They are
minimal folding units of high thermostability, without di-
sulfides or cofactors. The domains are also remarkable for
their sequence parsimony: they are devoid of serine, cysteine,
arginine, proline, histidine, and, in the native form, methionine.

The IgG-binding domains of protein G are identified as B1,
B2, etc., numbering from the N-terminus of the native protein
G molecule. The subject of the present study, B1, is identical
to the Bl domain in strain GX7809 (Fahnestock et al., 1986),
wherein there are six residue differences between domains Bl
and B2. These six, with the Bl residue given first, are 16V,!
L71, E19K, A24E, V29A, and E42V. The melting tempera-
turésof Bl and B2 at pH 5.4 are 87.5and 79.4 °C, respectively
(Alexander et al., 1992). Protein G, proteolytically released
from streptococci, binds human IgG with an association

t This work was supported in part by NSF Grant MCB-92-19309.
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Table 1: Amino Acid Sequence and Locations of Loops in the Bl
Domain of Protein G
L1 L2  (..helix..) L3 L4
%k ¥k L 1 ] *k%k X EREK
MTYKLILNGK TLKGETTTEA VDAATAEKVF KQYANDNGVD GEWTYDDATK TFTVTE
10 20 30 40 50 56

constant of 6.7 X 101 M-! (Akerstrom & Bjork, 1986). The
Bl and B2 domains bind to the Fc fragment of IgG with
association constants of 3 X 108and 1 X 10” M-, respectively,
as determined by titration calorimetry (Alexander, unpub-
lished data). The isoelectric points for the two domains are
4.0and 4.7, respectively (Alexander et al., 1992a). Thethree-
dimensional structure of the B domain was first determined
by NMR techniques (Gronenborn et al., 1991). The fold was
shown to consist of a four-stranded sheet and a helix. Both
sheet and helix are strongly amphipathic, with a hydrophobic
core between them. The five secondary structure elements
are connected by four loops, L1, L2, L3, and L4 (see Table
1 for sequence and secondary structure information). The
structures of both domains, from a different bacterial strain
in which Bl contains the I6V and L7I substitutions, were
determined by NMR (Lianetal., 1992). Thecrystal structure
of the B2 domain has also been reported (Achari et al., 1992),
as hasa complex of a B3 domain and an Fab fragment (Derrick
& Wigley, 1992). While the domains consist of 56 residues,
some of these studies involve constructs with extra lengths of
polypeptide at either end, with the result that residues are
numbered differently. Inthe present paper, residue numbers
are identical to those used by Gronenborn et al. (1991), 5 less
than those used by Lian et al. (1992), and 13 less than those
of Achari et al. (1992).

! Abbreviations: A, Ala; C, Cys; D, Asp; E, Glu; F, Phe; G, Gly; H,
His; 1, Ile;, K, Lys; L, Leu; M, Met; N, Asn; P, Pro; Q, Gin; R, Arg: S,
Ser; T, Thr; V, Val; W, Trp; Y, Tyr; rms, root mean square; NMR,
nuclear magnetic resonance. Single-site mutations are denoted by the
sequence number preceded by the original amino acid (using the one-
letter abbreviation) and followed by the substituted amio acid.

0006-2960/94/0433-4721804.50/0  © 1994 American Chemical Society
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The NMR structure of the Bl domain and the crystal
structure of the B2 domain were compared by Achari et al.
(1992). The structures were found to be similar (rms
coordinate shift for Ca’s 1.13 A), with the main differences
in the loops connecting secondary structure elements. Also
noted was a difference of 10° in the angle of the helix relative
to the sheet, and a variation in the structure of the C-terminal
portion of the helix. A subsequent NMR investigation of
ordered water in the solution structure has provided evidence
for two specific found water sites, one of which is postulated
to correlate with a distortion in the helix by involvement with
the helix hydrogen bond 290-33N (Clore & Gronenborn,
1992). Alexanderetal. (1992) haveinvestigated the unfolding
and refolding of B1 and B2, providing measurements of the
relevant thermodynamic and kinetic parameters. Their studies
have been applied toward an explanation of the cooperative
folding/unfolding transition and the high melting temperatures
of IgG-binding domains, which are characteristic of small
folding units and do not necessarily imply extreme stability
at physiological temperatures. In addition, NMR sequence
assignments and preliminary amide exchange studies have
also been carried out on the B2 domain (Orban et al., 1992).

In order to provide a diffraction-based structural model of
the B1 domain, for comparison with the B2 domain and for
the assessment of differences in the results of NMR and X-ray
methods, we undertook crystallographic studies of protein G,
domain Bl. Crystals in two different space groups were
suitable for diffraction analysis and provided data for the two
independent structure determinations described below. These
structures are compared with each other and with those
reported by Gronenborn et al. (1991), Lian et al. (1992), and
Achari et al. (1992).

MATERIALS AND METHODS

The B1 domain was engineered for production as a 56-
residue protein with N-terminal methionine (this position was
threonine in the wild type). The sequences of B1 and B2
correspond to amino acids 228-282 and 298-352 of the gene
sequence given by Fahnestock et al. (1986). Aspects of the
cloning, expression, and purification of the domain aredetailed
by Alexander et al. (1992). Protein for crystallization was
kept in 50 mM NaQAc, pH 4.5, and stored at 4 °C. Crystals
were grown in 10-uL hanging drops by the vapor diffusion
technique, using Linbro 24-well tissue culture plates. Crystal
conditions were sought in the pH range 3.8-5.0 due to the
domain’s low pI. The only successful crystallization agent
found was 2-methyl-2,4-pentanediol, in the range of 50-80%.
Many crystal forms were observed from combinations of
2-methyl-2,4-pentanediol and various salts, although few
crystals achieved sufficient size and diffraction quality.
Crystals grew best at 18 °C, and required several weeks to
grow. See Table 2 for crystal conditions.

Diffraction data were collected using X-rays generated by
a Siemens rotating anode, operated at 40 kV and 70 mA. A
Siemens focusing mirror system was utilized. A Siemens
electronic area detector was positioned 100 mm from the
crystal, and at a 26 angle of 24°. Diffraction data collected
with the area detector were recorded as a series of discrete
frames or electronic images, each comprising a 0.2° scan in
w counted for 90 s, The temperature of data collection was
20 °C. The determination of crystal orientation and the
integration of reflection intensities were performed with the
XENGEN program system (Howard et al., 1987). Un-
weighted Rgym values were 0.070 and 0.068 for intensities in
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Table 2: Crystallographic Data for the Bl IgG-Binding Domain in
Two Crystal Forms

orthorhombic trigonal
crystal conditions 50% MPD# 70% MPD
50 mM NaCl 300 mM MgSO,
25 mM NaQAc 25 mM NaOAc
pH 4.5 pH 4.0
20% IPA4
T=18°C T=18°C
protein concentration (mg L-!) 10 10
crystal size (mm) 0.1 X0.1xX08 03xX04x04
growth time (weeks) 4 2
habit rectangular rod  irregular block
space group P2:2:2; P3,21
a(A) 37.04 36.63
b(A) 25.08% 36.63
c(A) 51.28 79.25
Vo 1.66 2.14
diffraction data
reflections 2701 5014
resolution (&) 2.04 1.86
Royr® 0.070 0.068
(I/o)
in high-resolution shell 6.4 4.9

@ Abbreviations: MPD, 2-methyl-2,4-pentanediol; IPA, 2-propanol.
b The usual convention of naming orthorhombic cell edges in increasing
order was broken to facilitate comparison with a monoclinic crystal form
witha =379A,b=263A, c=50.1A4, and 8 = 100° (refinement in
progress). ¢ Reym = Lnelly — (I);Gyl/ L1y

Table 3: Refinement Data for the Bl IgG-Binding Domain in Two
Crystal Forms

crystal orthorhombic trigonal

refinement

resolution (&) 6-2.07 6-1.92

reflections (I > ¢p) 2567 4493

data completeness (%) 85 93
final model

protein atoms 436 436

solvent molecules 20 24

refined R? 0.174 0.198
deviations, rmse¢

bonds (A) 0.020 0.020

angles (deg) 1.970 2.045

¢ I =intensity. ® R = Lyf|Fol—|Fd|/ZardFd. € rms = root meansquare.
4 Although the final refinement used PROLSQ, the rms deviations given
are from the ideal parameters in XPLOR 3.1 parameter sets tophcsdx.pro
and parhcsdx.pro (see Materials and Methods).

the orthorhombic and trigonal reduced data sets, respectively.
See Table 2 for diffraction statistics.

The structures were solved by molecular replacement using
a suite of programs implemented in XPLOR 3.1 (Brunger et
al., 1987). The search probe was a partially refined model
of a mutant of the B2 domain (the V21C mutant), a structure
currently in refinement that was solved by molecular re-
placement using the B2 crystal structure 1PGX (Achari et
al., 1992) as a search probe. Subsequently, it was found that
the 1PGX structure itself would suffice as a probe to solve the
present structures. The Bl NMR structure 2GB1.PDB,
although chemically identical, gave a weaker signal in the
rotation function and hence was not used. The probe was
prepared by removing the N- and C-terminal extensions and
converting the following residues to alanine: all Glu, Gin,
and Lys, both termini, and the seven residues different between
B2:V21C and B1. In both cases the stepwise sequence of the
molecular replacement method was rotation search, Patterson
correlation refinement of rotation function peaks, translation
search, rigid body refinement of the whole probe, and rigid
body refinement of the probe divided into three parts (1-20,
21-39, 40-56). The resolutions of diffraction data used in
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FIGURE 1: Stereo Ca superposition of the trigonal crystal form (solid lines) with the Gronenborn et al. (1991) NMR structure (dashed lines)
and the first Lian et al. (1992) NMR structure (dotted lines). The greatest deviations among the models are in the four loops, especially L1

(residues 9-12), L3 (residues 38—-41), and L4 (residues 47-50).

the rotation functions were 8.0-3.3 A (orthorhombic form)
and 9.0-3.4 A (trigonal form). Inboth cases the solution was
among the top three rotation function peaks, and Patterson
correlation refinement amplified the solution to a clear
maximum. The translation function results were unambig-
uous, and in the case of the trigonal space group, clearly
distinguished between space group P3,21 and its enantiomorph
P3,21. The R values of the translation function solutions
were 0.39 and 0.42 for the orthorhombic and trigonal
structures, and the corresponding values after rigid body
refinement were 0.35 and 0.39.

The two structures were refined independently, in parallel,
without reference toeach other. Atomic positions and thermal
parameters were initially refined using XPLOR, in a series
of steps at increasing resolution. The topology and parameter
sets used were tophcsdx.pro and parhcsdx.pro, respectively.
Diffraction data with I > ¢(J) and with d spacings under 6
A were included. Each step typically involved a round of
simulated annealing and/or Powell minimization, followed
by examination of electron-density maps to check progress,
guide the building of the missing residues, and search for
waters. Simulated annealing temperatures ranged from 4500
°C in early rounds to 1500 °C in late rounds. The program
FRODO (Jones, 1987) was used on an Evans and Sutherland
PS300 graphics system for inspection of electron-density maps
and adjustment of the model. When nearly all the reflections
had been included, several rounds of additional refinement
were carried out by the restrained parameter least-squares
procecedure of PROLSQ (Hendrickson & Konnert, 1980),
which has been modified by Sheriff (1987) to restrain contacts
between different molecules. Thermal parameters, which had
been released in the late rounds of XPLOR refinement, were
now refined to convergence under the least-squares restraints
of PROLSQ.

To reduce bias to the probe structure and intermediate
phasing models, annealed omit maps were used throughout
refinement to guide manual refitting. About half the side
chains were rebuilt or manually adjusted at least once in each
refinement. This fact, and the large number of passes of
simulated annealing (at least 20 for each structure), helps to
ensure the independence of the final models. In a final test,
atoms were deliberately mispoisitioned (toincorrect rotamers)
and Fourier maps calculated. The Rvalueinvariablyincreased

in such experiments, and the maps contained new peaks
reflective of the displacements. The refinements of both
structures are summarized in Table 3. The refined models
are in the Brookhaven Protein Data Bank (Bernstein et al.,
1977) under filenames 1PGA (orthorhombic) and 1PGB
(trigonal).

Hydration of the protein was determined by examination
of difference maps, with new water molecules being added to
the model at chemically reasonable sites as indicated by
electron-density maxima. Waters whose temperature factors
refined to exceed 40 A2 or whose omit-map electron density
dropped below the 3o level were removed from the model.
Finally waters were ranked by occ?/B (James & Sielecki,
1983). Crystal packing was analyzed as follows. First,atoms
within 3.8 A of another protein molecule were determined
using the SAM CONTACTS routine in FRODO (Jones,
1987). These atoms were grouped into contacts (a “contact”
was defined as the set of atoms on one molecule that are close
toanother single molecule). Contacts were ranked according
to the number of atom pairs involved.

RESULTS

The two refined structures of the Bl IgG-binding domain
from protein G superimpose with a root mean square deviation
over 56 Ca positions of 0.25 A, indicating that the structure
of this protein is very similar in the two different crystals. In
the core region, the deviations between the two structures are
under 0.15 A. The only differences in rotamers are in the side
chains of the following surface residues: Metl, Lys4, Lys10,
Glul15,Glul9,Lys28,Lys31,GIn32, Asn35, Glu42, and Lys50.
Allof these except Lys31 and Asn3S are involved in symmetry
contacts in one or both of the crystal forms. The greatest Ca
deviation (0.53 A) is at residue 38 in the loop L3 (see Table
1 for sequence and secondary structure information). Due to
the strong consensus between the two structures, the trigonal
form will stand for both in most of the following comparisons.
The trigonal form is chosen because its diffraction data extend
to higher resolution, and because it has fewer crystal contacts.

The NMR structure of the chemically identical molecule
(Gronenborn et al., 1991) and the NMR structure of a
molecule differing only slightly (Lianetal., 1992) afford good
comparisons of the X-ray and NMR methodologies. The Lian
et al. (1992) report describes two domains referred to as II
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FIGURE 2: Stereogram of the region of the core close to L4, showing differing conformations of three aromatic residues. Solid lines, including
the Ca tracing, are from the trigonal crystal structure. Dashed lines are from the NMR model of Gronenborn et al. (1991). Dotted lines

are from the first NMR model of Lian et al. (1992).

N

FIGURE 3: Stereogram of the region of the core close to L1, comparing residue conformations among the three models Gronenborn et al. (1991)
(dashed lines), Lian et al. (1992) (dotted lines), and the trigonal crystal form (solid lines). Most of the residues are in good agreement. See
Table 1 for residue types. Residue 7 is the only nonsolvated mutation site among the reported sequence variants of IgG-binding domains; it
is Tle in the Lian et al. (1992) structure and Leu in the others. The letter G indicates that position of Gly14, which has a nearly fully extended
conformation in all reported structures, giving the sheet an outward bend.

and III. Except for short extensions at the N- and C-termini,
their I domain is very similar to the B1 domain of the present
paper. Thedifferencesareat positions 6 and 7, where domain
IT has the same sequence as B2, Val-Ile, instead of Ile-Leu
as in Bl. Domain II is thus a sequence hybrid of B1 and B2.
The rms deviations (Ca) between the present structures and
the solutionstructure of Gronenborn et al. (1991) (Brookhaven
accession code 2GB1) are 1.06 and 1.18 A for the orthorhombic
and trigonal forms, respectively. PDB coordinate set 2IGG
contains 27 models of domain II resulting from the NMR
structure determination by Lian et al. (1992). The average
rms deviation (Cea) of these structures from the orthorhombic
crystal form of Bl is 1.67 A; the corresponding figure for the

trigonal formis 1.72 A. In general the Gronenborn structure
more closely resembles the X-ray structure than do the Lian
structures (see Figure 1). The differences are most significant
at L1 and L4. In these regions, the solution structures (and
especially the Lian et al. (1992) structures) appear less compact
than the X-ray structure. The average rms deviation (Ca)
between the Gronenborn structure and the Lian structures is
1.55 A; thus, the crystal structure agrees with one NMR model
better than they agree with each other. The present crystal
structures of B1 resemble the B2 crystal structure (Achari et
al., 1992) more closely than they resemble either Bl NMR
structure. The rms deviations between the B2 structure and
the Bl crystal structures are 0.39 and 0.36 A for the
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FiGURE 4: Two orthogonal views of the two strongest water sites.
These waters are cradled by pleats on the external face of the S-sheet,
where most of their neighbors are threonine residues. In addition to
the hydrogen bonds indicated by dotted lines, the waters are within
H-bonding distance of the peptide carbonyls and amides in the
underlying antiparallel 8-structure.

orthorhombic and trigonal crystal forms. The onlydifferences
in side chain rotamers are for surface residues. The greatest
backbone deviations are in the L3 region, especially residues
39-42 and the adjacent residue 56. The mutation at residue
42 may have a role in these structural differences, although
the effect is not obvious since the residue projects into the
solvent. That this is found to be the region of greatest
dissimilarity between the crystal structures of Bl and B2 is
consistent with the NMR results of Lian et al. (1992). None
of the six residue differences between B1 and B2 has a marked
effect on the backbone or on another residue. There are no
intraprotein hydrogen bonds involving any of the six side chains
in either domain. Thus, there is no immediate explanation
for the difference in stability. Most of the residue differences
are on the protein surface. Residue 7 contributes to the core;
thealternative residues here (Leu/Ile) are found to have similar
conformations (i.e., similar x; and x; torsions).

The hydrogen bonding in the present models is basically as
described by Gronenborn et al. (1991), with the following
elaborations. The first 8-ribbon is fully H-bonded, including
two bonds between residue 1 and residue 20. The loop L1 is
a type I B-turn, but without a hydrogen bond linking the
carbonyl of 9 and the amide of 12. The conformational angles
of residue 11 incline the 11-12 peptide so as to make the
90-12N distance about 4.4 A. This is consistent with amide
exchange rates observed by Orban et al. (1992). The present
structures concur with the B2 crystal structure of Achari et
al. (1992) in this turn. In the helix, hydrogen bonding is
normal from 220 through 37N. In particular, the hydrogen
bond from 290 to 33N is between 2.9 and 3.0 A, while the
¢,y anglesat Tyr33 are—55°,-52° (orthorhombic form) and
—64°, —50° (trigonal form). Although in several instances
the O—N;43 distances are under 3.3. A (suggesting a 3-10
helix), the helix is best described as « in its entire length. In
its final turn, 340 receives hydrogen bonds from amides 37
and 39; the distance to 38N is suitable for a long H bond, but
the angle is poor (the ON vector is over 60° from the peptide
plane). The lack of a hydrogen bond 340-38N is consistent
with fast amide exchange observed by Orban et al. (1992).
The second 8-ribbon has three pairs of H bonds with standard
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FIGURE 5: Three adjacent G:B1 molecules in the crystal lattice. The
sheet—edge contact shown here is the primary crystal contact in both
the orthorhombic and trigonal forms. Interacting molecules are
related by 2-fold screw symmetry, forming molecular chains with
extended 3-sheets throughout the crystal. This diagram was produced
with the program MOLSCRIPT (Kraulis, 1991).

antiparallel geometry, linking residues 42, 44, and 46 with
residues 55,53, 51, respectively. Thecentral, parallel portion
of the S—sheet has six regular hydrogen bonds, from 4N-500
to 80-56N. Inaddition to these main chain hydrogen bonds,
the following four well-ordered H bonds involving side chains
could be important in stabilizing the protein structure. Two
pairs of threonines form hydrogen bonds between their
hydroxyl groups, 49-51 and 44-53, and the side chain
carboxylate of Glu 56 tucks into the space between L1 and
L3, uniting them by hydrogen bonding to the amides of residue
10 and residue 40.

The two Phe side chains are completely buried in the core,
in van der Waals contact and with the planes of their rings
nearly perpendicular in the manner described by Burley and
Petsko (1985). The three tyrosine rings and the single Trp
side chain are clustered loosely around the phenyl rings,
generally with perpendicular or oblique contact geometry of
their aromatic systems. The crystal structures [both the
present Bl structures and the B2 structure of Achari et al.
(1992)] have the same rotamers for all the aromatic side chains.
The Gronenbornetal. (1991) structure agrees in every rotamer
except x20f Tyr45. The Lianetal. (1992) first model disagrees
with the crystal and Gronenborn et al. (1991) models in the
x1 rotamers for Tyr3, Trp43, and Phe52. While it has the
same rotamers as the crystal structures for Tyr45, this residue
is in a completely different position in the Lian et al. (1992)
model due to the unique open structure of L4 (see Figure 1).
The situation of the side chain of Tyr45 is different among
the various models. Gronenborn et al. (1991) reported a
hydrogen bond between the hydroxyl groups of Tyr3 and
Tyr45. Inthecrystalstructures this bond is absent,and Tyr45
isinstead H-bonded to the side chain of Asp47. This situation
holds also in the first model reported by Lian et al. (1992),
despite the overall different structure of L4. In this region,
as throughout the core, the B1 crystal structures are in close
agreement with the B2 crystal structure of Acharietal. (1992).
Figure 2 compares the conformations of the aromatic residues
Tyr3, Tyr45, and Phe52 in the present crystal structure and
the two NMR structures. The main chain at Lys50 is in the
left-handed helical conformation, with ¢, y angles of about
+60°, +40° in the present crystal structure. In all reported
structures of protein G domains, especially the X-ray struc-
tures, Gly14 has an extended, nearly flat conformation with
¢,y angles near 180°, 180°. The effect is toremove a 8-pleat,
producing a bend in the strand that serves to accommodate
the core residues Leu(or Ile)7 and Tyr33 (see Figure 3).
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FiGURE 6: Stereogram close-up of the primary crystal contact in both structures. The four hydrogen bonds have standard antiparallel

geometry.

Approximately 20 ordered water molecules have been
refined with each protein. Their loci are usually not conserved
between the two models, often because of adjacency to crystal
contacts. However, several strongly occupied waters that
interact with only one protein molecule are conserved. Waters
have been ranked by “quality”, defined as the square of
occupancy divided by the thermal parameter (James &
Sielecki, 1983). The highest quality water in both structures
occupies a distinct location in the threonine-rich outer surface
of the 8-sheet. This water site is cradled by a pleat of the
sheet and surrounded by residues 42, 43, 54, and 55. This
location gives the water several polar atoms within hydrogen-
bonding distance. The water is close to two hydrogen bonds
in an antiparallel 8-arrangement, as well as the Oy atoms of
three proximal threonines. A similarsiteintheadjacent pleat
of the sheet holds the second-ranked water in the trigonal
structure, and the first water in the B2 structure reported by
Achari et al. (1992) (see Figure 4).

In both crystals, the strongest intermolecular contact
involves the edges of the four-stranded sheet, effectively
forming a continuous sheet, or “8-chain”, that runs throughout
the crystal. Four hydrogen bonds with typical antiparallel
B-geometry give adjacent molecules a 2-fold screw relation,
with the screw axis running along the molecular chain. This
crystal contact (see Figures 5 and 6) is virtually identical in
the orthorhombic and trigonal systems. The contact relates
molecules along the a lattice direction in the orthorhombic
crystals, and along both the a and b directions in the trigonal
crystals. Thus, the a lattice constant in both crystals
corresponds approximately to twice the width of the §-sheet.
[The same contact also occurred in the B2 structure of Achari
et al. (1992); see Discussion.] Weaker contacts, involving
fewer atoms, interrelate different 8-chains to give rise to the
crystal symmetry. In the orthorhombic crystals, the chains
are all (anti)parallel, producing an unusually high packing
density for protein crystals, with a solvent content of only
about 26%.

DISCUSSION

The fold, core structure, and overall H-bonding pattern of
the IgG-binding domains from protein G are now well
established. Among the various structure descriptions from
X-ray and NMR, and across several sequence variants, there
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FIGURE 7: Residue-average thermal factors for the two structures
for side chains (top half) and the main chain (bottom half) plotted
versus sequence: thin lines, trigonal form; thick lines, orthorhombic
form. In the side chain (upper) plot, a value of 0 indicates glycine.

is general agreement in the core and backbone hydrogen-
bonding pattern, but there remains some question as to the
conformation of several regions including the loops. In part,
this irresolution results from the greater flexibility of the loops,
and it may not be reasonable to expect a precise, unique
description of the more mobile components of any protein.
While NMR methods may be faithful to the solution
“structure” in leaving such regions ambiguous, crystal-based
models may give a precise model that is only one of many
normal conformations, rigidified by the crystalline environ-
ment.

Protein molecules in a crystal must all have a common
structure to enable diffraction. Diffraction data report the
location of all ordered parts of the protein, without regard for
their neighbors. NMR data report interatomic distances. In
both methodologies, more observations make a better result,
but incomplete data have different effects in the two techniques.
While a poorly defined X-ray structure is likely to misconnect
its parts and have the correct overall shape, a poorly defined
NMR structure is likely to have good local connectivity and
the wrong overall shape. In this way, the two methods are
complementary. One reason for determining the crystal
structure in two different crystal forms is to control for possible
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FIGURE 8: Three stereograms of the superposed Cee models in the region of the a-helix: NMR model of Gronenborn et'al. (1991), dashed
lines; NMR model of Lian et al. (1992), dotted lines; trigonal crystal form, solid lines; (a, top) emphasizing the angular relation of the helix
to the sheet; (b, middle) superposed models in the N-terminal half of the helix; (c, bottom) superposed models in the C-terminal half of the

helix.

structural perturbations due to crystal packing forces. Inthe
present study, several surface side chains (and water molecules)
areaffected by the crystal environment, but there is no evidence
for a significant effect on the protein backbone. The sheet—
edge contact common to both crystal forms does not make the
sheet’s width or general structure different from those in the
NMR models.

In general, the NMR models appear less compact than the
X-ray models, as illustrated for loops L1 and L4 in Figure 1.
NMR methods require long-range distance restraints to define
the relation of loop L4 to the rest of the molecule. The Lian
et al. (1992) structure is based on 478 distance restraints,
while the Gronenborn et al. (1991) structure utilizes 854
interproton distance restraints.  Lian et al. (1992) describe



4728 Biochemistry, Vol. 33, No. 15, 1994

Gallagher et al.

FIGURE 9: Final difference electron density near the helix hydrogen bond 290-33N. The map is contoured at 1.7¢. This site coincides closely

with a water site in the Achari et al. (1992) B2 domain model.

FIGURE 10: Final 2F, — F; electron density for the helix backbone near Tyr33. The map is contoured at 2o.

two distinct classes of conformations for L4 among their
models, with large differences in the ¢, Y angles of residues
47-50, and large differences in local interatomic distances.
While the possibility of these alternative conformations and
the implied motion between them are interesting, this model
is more a result of molecular dynamics simulation than of
structure determination. The predominant conformation of
L4 described by Lian et al. (1992) is essentially the same as
the one in all other reported structures. L4 has the highest
mainchain thermal parameters in the trigonal crystal structure,
and a significant peak in the orthohombic form, indicating
that even in the crystal this region is somewhat mobile (see
Figure 7).

The variance in the angular relation of the helix to the sheet
was at first suspected to be due to the B1/B2 residue
substitutions, but it now appears that this is not the case. The
model of Gronenborn et al. (1991) is unique in this parameter;
in particular it disagrees with other NMR models (see Figure
8a) and with the present X-ray models. Dissecting the
correlates of the 8-10° difference at the level of individual
amino acids reveals that, because the ends of the helix
contribute no large side chains to the core, the rotation does
not demand any striking changes in side chain conformation.
Thus, the observed main chain displacements on the order of
1 A at the ends of the helix may involve little energetic cost.
The side chains of Asn37 and Leul2 are in van der Waals
contact, implying that the apparent rotational mobility of the

helix may be dynamically coupled with observed displacements
in L1. In addition to its unique rotation with respect to the
sheet, the Gronenborn etal. (1991) helix is somewhat distorted,
as described in Clore and Gronenborn (1992). Careful
consideration must be given to the sample conditions and
techniques used in deducing the several models, in an effort
to understand the observed differences in helix structure. In
comparing the structures of the helix in various models, the
following features are noted. Several of the charged residues
adopt varying rotamers, as may be expected for solvent-
interacting Glu and Lys side chains. Two possibly significant
conformational differences are in the Thr25 rotamer (see
Figure 8b) and in the torsion for the 36-37 peptide (see Figure
8c¢). Regarding Thr25, the Gronenbornetal. (1991) rotamer
is rare for threonine in a-helices, and unique among the
reported models of either domain.

The two water sites deduced from solution NMR data and
described by Clore and Gronenborn (1992) were examined in
the present structures. Both sites in both structures are
sufficiently distant from crystal contacts that normal hydration
may be expected. The crystallographically refined water sites
do not include waters at these positions, indicating there are
no well-ordered waters at these locations. However, some
electron density can be observed at these sites at the 2.4¢ level
(and below) in final difference maps. It thus appears that
water does bind at both these positions, but not with sufficient
occupancy to warrant inclusion in the refined model. Figure
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9 shows the final difference map for the low-density water site
near the 290-33N hydrogen bond, while Figure 10 presents
the final 2F, — F. map in the backbone region of the adjacent
helix. Two other hydrogen bonds of the helix, 240-28N and
320-36N, do bind water molecules in the crystallographic
models. Both models also feature a water site bound to the
amide of Thr11 (as does the Achari et al. (1992) B2 model).
The waters that appear to bind the tightest are at the two sites
described in the previous section, and depicted in Figure 4.
These waters refine with full occupancy and thermal param-
eters comparable to those of the best-ordered protein atoms.
Figure 1 in Clore and Gronenborn (1992) shows several
resonances attributed to waters near threonines 44, 51, and
55 (with Thr53 conspicuously absent) and likely arising from
these crystallographically observed waters.

The higher packing density in the orthorhombic crystals
places many more atoms in crystal contacts (118 as opposed
to 88, using a 3.8-A distance cutoff), providing a succinct
explanation for the generally lower temperature factors in
that structure (the average temperature factor also depends
on the resolution and completeness of diffraction data). Itis
noteworthy that both the present structures, as well as the B2
structure of Acharietal. (1992), feature the same predominant
crystal contact, namely, the sheet—edge association. This type
of interaction has also been reported in the binding of a protein
G domain to Fab (Derrick & Wigley, 1992). The binding of
protein G to Fc could also involve a sheet—edge interaction,
but this is unlikely, since the known binding site for protein
A (Diesenhofer, 1983), with which protein G competes for
binding, is not close to a sheer—edge in the Fc. More likely,
protein G interacts with Fc by its helix in a manner similar
tothat of the all-helix protein A. Recent evidence from NMR
solution studies supports this hypothesis (Gronenborn & Clore,
1993). The structures of two crystal forms of the B2 domain
(consisting of 56 residues, without the N- and C-terminal
extensions of the Achari et al. (1992) structure) are currently
being refined and lack the sheet—edge contact, proving that
it is not universal in protein G crystals.
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Immunoglobulin-Type Domains of Titin: Same Fold, Different Stability?*
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ABSTRACT: Titin is a 3-MDa protein thought to form a fibrous intracellular system in vertebrate striated
muscle and to play an important role in sarcomere alignment during muscle contraction. It has also been
implicated as a “molecular ruler”, regulating the assembly and the precise length of the thick filaments
[Whiting, A. J., Wardale, J., & Trinick, J. (1989) J. Mol. Biol. 205, 163-169]. Partial sequencing of
titin-encoding cDNAs suggests that the protein is organized in a modular fashion, containing two classes
of ~100-residue repeats [Labeit, S., Barlow, D. P., Gautel, M., Gibson, T., Holt, J., Hsieh, C. L., Francke,
U., Leonard, K., Wardale, J., Whiting, A., & Trinick, J. (1990) Nature 345, 273-276]. These motifs,
referred to as type [ and type II modules, show sequence homology to the fibronectin III and immunoglobulin
C2 superfamilies, respectively. Since the type II modules represent the most widely occurring motifs along
the titin molecule, we expressed in Escherichia coli three domains of this type spanning different regions
of the sarcomere (A-band and M-line) and studied their structure and stability. Using circular dichroism,
nuclear magnetic resonance, and fluorescence spectroscopy, we showed that all the fragments examined
are independently folded in solution and possess a 8-sheet conformation. Furthermore, employing NMR
analysis, we identified an overall folding pattern present in all modules and related to the Ig fold, as
previously suggested by theoretical predictions. The stability of the modules over a range of conditions was
investigated by measuring key thermodynamic parameters for both thermal and chemical denaturation and
by monitoring amide proton exchange as a function of time. Despite the overall structural similarity, the
stability of the modules seemed to differ; the motif corresponding to the M-line band was significantly more
stable than the motifs corresponding to the A-band. Our data provide direct experimental evidence that
the titin type II modules possess a 3-sheet conformation and further suggest that similarly folded motifs
located at different regions of the titin molecule may have distinct molecular properties and stability. As
structural analysis of more titin domains is proceeding, these and related observations are expected to
establish clear cut structure—function relationships and to unveil the exact cellular role of this protein.

Titin is the largest protein described to date (~3 MDa)
and one of the few proteins specific to vertebrate striated
muscle (Maruyama et al., 1984; Wang, 1985; Kurzban &
Wang, 1988; Fiirst et al., 1988). Related giant proteins are
found in invertebrates (Benian et al., 1989; Ayme-Southgate
etal., 1991). Inthe mature myofibril, titin is the third most
abundant component of the sarcomere, after actin and myosin,
comprising about 10% of its mass. Single titin molecules are
“string-like” particles, over 1 um in length, which span half
the sarcomere, i.e., from M- to Z-line (Fiirst et al., 1988;
Nave et al., 1989). The part of the titin molecule located in
the I-band appears to make elastic connections with the thick
filaments and the Z-disk (Fiirst et al., 1988; Horowits et al.,
1989; Funatsu et al., 1990, 1993); the A-band region of titin
contains a multiplicity of binding sites for myosinand C-protein
(Labeit et al., 1992; Fiirst et al., 1992); finally, in intimate
association with other proteins, titin forms an integral part of
the M-line (Vinkemeyer et al., 1993; Gautel et al., 1993).
Because of these multiple interactions, titin is thought to play
an important role in providing sarcomere alignment during
muscle contraction and in regulating the assembly and the
precise length of the thick filaments during myofibrillogenesis
(Trinick et al., 1984; Whiting et al., 1989; Fulton & Isaacs,
1991; Isaacs et al., 1992; Gautel et al., 1993; Wang et al.,
1993).
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Frontiers Science Project.
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A detailed structural characterization of the titin molecule
had until recently been precluded by its large size. However,
the cloning and sequencing of cDNAs coding for an appreciable
part of titin showed that this protein is organized in a typically
modular fashion and that it contains two classes of repeated
~100-residue motifs (Labeit et al., 1990, 1992; Gautel et al.,
1993). These modules, referred to as type I and type I, show
sequence homology to the fibronectin I and immunoglobulin
C2 superfamilies, respectively (Benian et al., 1989). The
arrangement of the repeated sequences along the titin molecule
shows considerable variation. In the elastic I-band region of
the sarcomere there is an irregular alternation of type I and
type II motifs including long stretches of exclusively class I1
motifs (S. Labeit, unpublished results). Inthe A-band region
the two types of motifs form a very regular 11 domain super-
repeat pattern (-1I-1-I-II-1I-I-I-II-1I-I-1-) (Figure 1A). Finally,
within the M-line, i.e., C-terminally, class II motifs are
separated by nonrepetitive “linker” sequences (Figure 1B).

The modularity implied from the sequence data makes titin
an ideal object for NMR! studies as the size of the motifs is
well within reach of multidimensional NMR spectroscopy.
Therefore, a structural study of the individual titin modules

! Abbreviations: NMR, nuclear magnetic resonance; PCR, polymerase
chain reaction; SDS, sodium dodecyl sulfate; PAGE, polyacrylamide gel
electrophoresis; CD, circular dichroism; TOCSY, total correlation
spectroscopy; TPPI, time-proportional phase incrementation; NOESY,
nuclear Overhauser enhancement spectroscopy; DQF-COSY, double
quantum filter correlated spectroscopy; HMQC, heteronuclear multiple
quantum coherence; HSQC, heteronuclear single quantum coherence;
AG, Gibbs free energy change; AS, entropy change; AH, enthalpy change;
Tm, melting temperature; MLCK, myosin light chain kinase; NOE, nuclear
Overhauser enhancement; UV, ultraviolet.

© 1994 American Chemical Society
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FIGURE 1: Arrangement of modules in the A-band (A) and in the
M-line (B) part of the titin molecule. Black boxes indicate the type
Il and white ones the type I modules. Shaded boxes represent
nonrepetitive “linker” sequences separating the type II modules in
the M-line. Also indicated are the positions of the modules expressed
and studied in the present work.

is both meaningful and feasible because it could eventually
address important aspects of the function of titin, such as its
elasticity, at the molecular level. Such an approach has been
successfully applied to several modular proteins and is by now
well established (Baronetal., 1990; Driscoll etal., 1991; Main
et al., 1992).

We have undertaken a longterm structural analysis of
representative titin modules in solution using a variety of
techniques and mainly NMR spectroscopy. The general scope
of this type of analysis and the initial data obtained with
selected motifs made it obvious that a detailed study of the
stability and conformational properties of individual domains
is an absolute prerequisite before any rigorous 3D structure
determination is attempted. At the present time we have
concentrated on the structural analysis of type II modules,
mainly for two reasons. First, these modules are present in
all regions of the molecule in various combinations with
modules of the same class or of class I or with nonrepetitive
“linker” sequences. Second, they belong to the Ig superfamily,
a diverse structural class which now includes intra- as well as
extracellular proteins. The structures of these proteins have
been extensively studied, allowing comparison among a large
family of evolutionarily related proteins; however, the number
of stability studies is rather limited (Buchner et al., 1991).

In this study, we provide experimental evidence showing
that individual titin modules possess a predominantly 3-sheet
secondary structure. We also report the results of a stability
survey for selected titin modules of class II from the A-band
and the M-line which represents, to the best of our knowledge,
the first of this type for single, isolated Ig modules.

EXPERIMENTAL PROCEDURES

Protein Expression and Purification. ¢cDNAs coding for
various titin type II domains from the A-band and M-line
regions of the molecule were isolated by PCR (Saiki et al.,
1985) using the rabbit CE12 and human CH11 (Labeit et al.,
1992) and human AB5 (Gauteletal., 1993) clones as templates
(Ab2: EMBL data library AC X64698, bp 847-1137; MII:
ACX69490,bp 11365-11637; Abl: AC X64696, bp 14404
14685). The DNA fragments obtained were subcloned into
the pET8cvector (Studieretal., 1990) and fused N-terminally
with an oligonucleotide linker encoding a Hisg tag sequence,
introducing an additional two serine residues in the linker.
After induction of transformed BL21 [DE3] pLysE cells
(Studier & Moffat, 1991) with 0.3 mM IPTG for 4 h, the
harvested cell pellet was treated with lysozyme at 20 pg/mL
and sonicated in 50 mM sodium phosphate, pH 8.0, 150 mM
NaCl,and 0.1% Triton X-100. Aftercentrifugationat25000g
and washing, the insoluble inclusion bodies were dissolved in
8 M urea, 50 mM potassium phosphate, pH 8.0, and 20 mM
B-mercaptoethanol. The urea extract was clarified by
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centrifugation at 25000g and the soluble supernatant frac-
tionated by metal chelate affinity chromatography on Ni>*—
NTA agarose (Qiagen) essentially as described (LeGrice &
Grueninger-Leitch, 1990). Pure fractions from imidazole
gradients were pooled, diluted at 100 pg/mL, and dialyzed
against several buffer changes of 20 mM Tris/acetate, pH
8.0, 1 mM EDTA, and 0.5 mM PMSF. Insoluble protein
after dialysis was pelleted at 25000g and the supernatant passed
over 50 mL of DEAE-Sephacel equilibrated in the dialysis
buffer. Unbound fractions contained pure titin domains as
judged by SDS-PAGE (Laemmli, 1970) and mass spec-
trometry and were concentrated by vacuum dialysis against
the appropriate assay buffers.

Labeling. Uniformly "N-labeled samples were obtained
from bacteria grown in M9 medium with 'SNH4Cl as the sole
nitrogen source. Forthe '*Clabeling, a mixture of 1*C-labeled
saccharides and peptides from an acid hydrolysate was used.

Circular Dichroism—Thermal Unfolding. Circular dichro-
ism (CD) spectra in the far ultraviolet were recorded on a
Jasco J-710 spectropolarimeter, fitted with a thermostated
cell holder and interfaced witha Neslab RTE-110 water bath.
The instrument was calibrated with a 0.10% aqueous solution
of dyg-camphorsulfonic acid. Quartz, thermostated cuvettes
with 1- or 0.2-mm path lengths were used (Hellma). Spectra
were typically recorded in 10 mM acetate buffer, pH 4.2, and
were baseline corrected by subtraction of the appropriate buffer
spectra. The combined absorbance of cell, sample, and solvent
was kept less than 1 over the measured range. Thermal
denaturation curves were obtained at a heating rate of 20
°C/h. Thermal denaturation curves of at least two different
preparations were recorded for each module.

Fluorescence Spectroscopy—Urea Denaturation Studies.
Urea denaturation of the titin domains was monitored by
measuring the intrinsic fluorescence intensity of solutions
containing typically 0.070 mg/mL of proteinin 10 mM acetate
buffer, pH 4.2, and urea in the concentration range of 0-8 M.
At least two different samples of each module were used.
Urea stock solutions (10 M) were prepared with “ultrapure”
urea purchased from Schwarz/Mann Biotech and were used
within 24 h. Fluorescence measurements were made in 1.0-
cm quartz cuvettes thermostatted at 25 £ 0.1 °C either with
an SLM-Aminco Bowman Series 2 or with an SLM 8000
spectrofluorimeter operating in ratio mode. The slit widths
were 4 nm for both excitation and emission. For an excitation
wavelength of 293 nm, the maximal change in fluorescence
intensity between the folded and the unfolded form was
obtained at emission wavelengths of 312 nm for Abl, 314 nm
for Ab2, and 315 nm for Ml1. The solutions were incubated
at 25 °C for 10-12 h before the measurement. After the
fluorescence measurements, the pH of four solutions near the
midpoint of the transition was recorded on a PHM93
Radiometer pH meter after a double buffer adjustment, and
the average was considered as the pH of denaturation. The
resulting urea denaturation curves were analyzed, and the
free energy of folding was determined by the linear extrapola-
tion method (Pace et al, 1989) assuming a two-state
mechanism of unfolding and by nonlinear regression analysis.

Nuclear Magnetic Resonance. The samples for NMR
measurements typically contained 1-1.5 mM protein in 90%
H,0/10% D,0 and 10 mM deuterated acetate buffer, pH
4.2. Samples for the hydrogen exchange experiments were
obtained by first lyophilizing the protein from its aqueous
solutions and then redissolving itin 99.5% D,0O. All2D NMR
spectra were acquired on Bruker AMX-500 and AMX-600
spectrometers in the phase-sensitive mode (TPPI) either with
preirradiation of the water resonance or with selective
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2bl APDIDEDLEL REKIINIR
Ab2 PTIVHMDPTI KDGL TIEEK
MI1l ... .RILTKP RS.MTHY
Telokin HVKPYEITKTI LD.MDiMV
Abl VDGEJRD. . aaIHD
Ab2 AGKDMRPED ITQITST
M1l RKGQVLSTHA
Telokin D DN P8iK EEFR HF QD
abl LTLERBESET®Y SAFVTVR
Ab2 ITATHRIPFEEITK VEHVEKVT
M1l VVVEREEE K Q EAEF T Ti
Telokin CKAVEESILIEEIEA TCTAEML
FIGURE 2: Alignment of all three titin modules against telokin.

excitation (WATERGATE pulsesequence; Piottoetal., 1992).
Clean-TOCSY spectra (Griesinger et al., 1988) were measured
using the MLEV-17 composite pulse cycle (Bax & Davis,
1985) and an optimized “cleaning” delay approximately 1.5
times longer than the low-power 90° pulse. Mixing times
used were in the range 30-75 ms for the TOCSY and 50-200
ms for the NOESY spectra. Homonuclear 2D DQF-COSY,
clean-TOCSY, and NOESY and heteronuclear 'H-'N
HSQC, 'H-'SN HSQC-TOCSY, and 'H-SN HSQC-
NOESY aswellas 'TH-BCHMQC, 'H-*C HMQC-NOESY,
and 'H-*CHMQC-TOCSY spectra (Bodenhausen & Ruben,
1980; Bax et al., 1990; Norwood et al., 1990) were recorded
at 17,27, and 35 °C, with 2048 data points in the acquisition
domain and 512 data points in ¢;. Data were processed on a
Bruker X-32 data station using UXNMR software. Prior to
Fourier transformation, the data were zero filled to 2048 points
in the ¢, dimension and weighted with a Gaussian window in
1, and a cosine window in #;. A baseline correction was
performed in both dimensions using a polynomial.

RESULTS

Selection of Module Boundaries. The precise boundaries
of the modules were selected on the basis of an extensive
sequence alignment of all type I and type II modules present
in the A-band and M-line (70% of the whole titin sequence)
(Higginsetal., 1994). The N-terminus of the A-band domains
was selected around the well conserved proline. With the
M-line domain two slightly different alignments of the
N-terminus are possible, because of the lack of the starting
proline common to most of the others. We chose the one that
aligns the first hydrophobic residue (Ile) to the first Phe of
telokin. The choice of the C-terminus was in all cases
unambiguous, as it had to include the well conserved
Hydrophobic—X-Hydrophobic (Figure 2).

Secondary Structure Deduced by Circular Dichroism. CD
spectra of all three titin domains at room temperature (25
°C) are characteristic of a predominantly g-sheet secondary
structure (Figure 3). Use of the method described by Chen
etal. (1974) to estimate the secondary structure gave identical
results for the three modules (52% in (-sheet and 48% in
secondary structures other than S-sheet and helix). However,
the error associated with the fitting process is large, so that
the resulting percentages are only qualitatively significant.

CD spectra recorded in the pH range of 4-7 show the same
features, indicating that there is no pH-dependent confor-
mational change. A pH of 4.2 which is more favorable for
NMR experiments was chosen for our further work, so that
similar conditions could be used in all our studies.

Urea Denaturation. Fluorescence spectroscopy is ideally
suited for monitoring of the unfolding, because in all three
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FiGURE 3: CD spectra of Abl (dotted line), Ab2 (solid line), and
MI11 (dashed line) at 25 °C, pH 4.2, in 10 mM acetate buffer.

cases the emission spectra of the denatured material differ
significantly from the ones of the native protein both in intensity
and in the maximum emission wavelength (21-, 28-, and 30-
nm shift upon unfolding of Ml1, Abl, and Ab2, respectively).
The latter is highly indicative of a tryptophan well buried in
the hydrophobic core of the protein (318 nm for Abl and 323
nm for Ab2 and MI1 in their native forms).

Thedenaturation curves obtained by monitoring the intrinsic
fluorescence of the modules at 312 nm for Abl, 314 nm for
Ab2, and 315 nm for the MI1 domain are all characterized
by the same sigmoidal shape (see Figure 4A for a representative
curve). They can be divided into three regions: (a) the
pretransition region that shows the effect of increasing urea
concentration on the fluorescence intensity for the folded
protein; (b) the transition region, which shows how the same
property varies upon progression of unfolding; (c) the
posttransition region, which shows the dependence of the
fluorescence intensity on the denaturant concentration for
the unfolded protein. An appreciable increase in the fluo-
rescence intensity relative to the native state was observed at
very low urea concentrations (<0.25 M) only in the case of
the Abl module; a similar effect has been previously reported
with other proteins and mainly in cases of guanidinium-induced
unfolding (Pace et al., 1990). These points were not included
in our analysis of the curve. There is also a slight linear
dependence of fluorescence on urea concentration for urea
concentrations higher than 7.5 M, in agreement with previous
observations (Schmid et al., 1989; Pace et al., 1992).

A two-state folding mechanism was postulated to analyze
the curves. Such an assumption is supported by the single-
step shape of the unfolding curve (Figure 4A) and by its
subsequent analysis (Figure 4B). On that basis AG can be
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FIGURE 4: (A) Urea unfolding curve for the Abl module at pH 4.2,
in 10 mM acetate buffer, 25 °C. The intrinsic fluorescence intensity
was measured at 312 nm after excitation at 293 nm. The curve of
best fit obtained from the nonlinear regression analysis is also shown.
(B) AG as a function of the urea concentration for the transition
region. AG was calculated from the data in panel A using eq 1 (points)
and linearly extrapolated to zero according to eq 2 (solid line).

calculated as a function of urea concentration from the points
in the transition region using

AG =-RTInK=-RTh (f,/f;) =
—RTIn [(y;-»)/-y)] (1)

where R is the gas constant [1.987 calories/(deg-mol)], T is
the absolute temperature, X is the equilibrium constant, f;
and f, represent the fraction of protein present in the folded
and unfolded conformation, respectively, y is the observed
fluorescence intensity at the selected wavelength, and y; and
yu are the values of the fluorescence intensities characteristic
of the folded and unfolded conformation, respectively (Pace
et al.,, 1989). Values of yr and y, were obtained by extra-
polation of the pre- and posttransition baselines. A least-
squares analysis was used to determine the equations for f
and f in the transition region. In all three cases AG was
found to vary linearly with urea concentration. Assuming
that this linear dependence continues to zero concentration,
the data were then fit to

AG = AG(H,0) — m[urea] 2)

where AG(H,0) is the value of AG at 25 °C in the absence
of the denaturant, known as conformational stability, and m
is a measure of the steepness of the unfolding curves.

In all three cases, a very good fit was found between values
of AG derived from the experimentally measured fluorescence
intensity and those obtained by extrapolation in the transition
region (Figure 4B). This lent additional support to our initial
assumption of an one-step mechanism of unfolding.

It has been argued before (Santoro & Bolen, 1989) that
this method of analysis underestimates the final error in the
parameters determined (AG and m) because no error is
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Table 1: Thermodynamic Parameters Characterizing the Stability
of the Three Titin Modules

[Uly2b mb AG(H,0)b¢  AH?
module  Tp? M)  (cal mol"! M1} (kcal mol-!) (kcal mol-!)

Abl 439(0.1) 2.06 1608 (38)  3.31(0.15) 45.6(1.6)
203  1547(78)  3.15(0.21)

Ab2 456(0.3) 3.17  1313(130) 4.18(0.13) 61.3(47)
322 1463 (248)  4.71(0.83)

MIl  52.5(02) 4.37 985 (69)  4.31(0.13) 68.5(6.7)
403 1445(235)  5.80(0.95)

¢ Calculated from plots of AG vs T at AG = 0. ¢ For each module, the
top line gives the results of a least-square analysis of plots of AG vs [urea]
(eq 2), and the second line gives the results of the nonlinear regression
analysis of the entire unfolding curve (eq 3). Errors are given in
parentheses. ¢ Conformational stability, at 25 °C, pH 4.2. 4 Obtained
from the slope of AG vs T plots, ASm, and Ty, (= TnASm).

assumed for the pre- and posttransition baselines. The use of
a nonlinear regression analysis was suggested to fit the entire
unfolding curve, such as that shown in Figure 4A, to

y ={0+ mdU]) + i, + m,[U])(exp[-(AG(H,0))/RT -
m[U]/RT)}}/{1 + exp[-(AG(H,0)/RT - m[U]/RT)]}
€)

where my¢ and m, are the the slopes of the pre- and the
posttransition lines, respectively, and [U] is the urea con-
centration. Using the nonlinear regression analysis program
Kaleidagraph (Synergy Software, PCS Inc.), all six para-
meters of eq 3 were obtained with their standard errors.

The results of the urea denaturation study are summarized
in Table 1 and clearly show that the M1l module is the most
stable of the three titin domains examined. For comparison,
theresults of both the linear least-squares fit and the nonlinear
regression analysis are shown.

It should be emphasized at this point that more relevant in
the present study is the relative stability of the modules and
not the absolute values of AG(H,0). As there is no single
parameter to characterize (and no single method to calculate)
differences in conformational stability between structurally
related proteins, all relevant parameters are included in the
table: (i) The midpoint of urea unfolding curve, [urea], s, is
the most “objective” parameter, in the sense that it can be
determined quite accurately and reproducibly and is almost
independent of the unfolding mechanism and the method of
analysis used. (ii) m is not directly measured, and its value
depends on the unfolding mechanism and the method of
analysis; it is nevertheless useful as the only direct measure
of the steepness of the unfolding curve. (iii) The values of
AG(H,0) per se also depend on the method of analysis used
and include the error associated with m to an even larger
extent, but they give an overall estimate of the stability of the
protein and, as such, are quite useful.

The low values of the conformational stability could be
partly due to the method of analysis used which is known to
yield the lowest estimates of AG(H,0) (Pace et al., 1989),
but they could also reflect the nature of the proteins studied.
It is reasonable to expect that modules cannot be as stable as
an intact protein.

Thermal Denaturation Monitored by CD. Thermal de-
naturation of the three domains was monitored by following
the change in the far-UV CD spectrum with increasing
temperature. Since the maximal changein ellipticity between
the folded and the unfolded conformation was obtained at
201-204 nm, thisrange of wavelengths was selected to monitor
the thermal denaturation of the proteins. With increasing
temperature there was a loss of the @-sheet CD pattern
occurring at a different temperature for each domain (Table
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Abl (bottom) acquired under identical conditions (300 K, pH 4.2
in acetate buffer, mixing time = 120 ms). The sequential assignment
pathways for a stretch of well-conserved residues are also shown.

1). Thermal denaturation curves (Figure 5) were analyzed
in the standard manner, using a two-state approximation
(Becktel & Schellman, 1987). Equations 1 and 2 cor-
responding to thermal denaturation were used to calculate
the dependence of AG on temperature in the transition region,
and subsequently the midpoint of thermal transition, T, (where
AG = 0), and the enthalpy change, AHy, (AHy = TrmASh,
where ASp, is the slope of AG vs T), were determined.
Calculation of AH, values from the slope of van’t Hoff plots
yielded the same results. Data depicted in Table 1, which
includes the T, and AH,, values, show that the three titin
domains differ in their thermal stability and that Abl is
unstable relative to the other modules.
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(mixing time = 120 ms) for Abl in acetate buffer, pH 4.2, recorded
at 27 °C. The locations of the intraresidual amide proton—a-proton
TOCSY cross-peaks are indicated with rectangular frames and the
sequential assignment pathway with straight lines.

NMR Assignments. The NMR spectra of the three domains
have a striking similarity and are all characteristic of a
predominantly 8-sheet protein (Figure 6). However, they
differ markedly in the overall dispersion. MI1 gives the best
resolved spectra, while the NMR spectra of the Abl domain,
although in general of a good quality, are characterized by
regions of adequate dispersion mixed with regions of extensive
overlap which make sequential assignment very difficult. For
historical reasons, the NMR data presented here are those
derived from the spectra of Abl.

Initial spin system assignments were obtained from 2D
homonuclear TOCSY and DQF-COSY spectra. Additional
spinsystems were identified in the 2D 'H-1SN HSQC-TOCSY
spectrum. Heteronuclear 13C-based experiments proved
invaluable; by using them the ambiguity in the aromatic region
of the spectrum was completely resolved, and the previous
assignments were confirmed.

Sequential assignment of the backbone !'H and !N
resonances (for the parts of the sequence assigned) was done
in the conventional manner (Wiithrich, 1986) using mainly
2D 'H-'H NOESY, 'H-!’N HSQC-NOESY, and 'H-13C
HMQC-NOESY spectra to identify short-range through-
space connectivities between the previously assigned spin
systems. An example is given in Figure 7.

Use of any type of 3D experiment that could resolve the
majority of the remaining ambiguities was precluded for the
Abl module, because of degradation of the protein in the time
required for the acquisition of a 3D spectrum. Therefore, we
can presently be confident only about the assignment of 60%
of the residuesin Abl. NMR work on the M11 domain, which
shows better spectroscopic behavior, is in progress. A full
account of this work will be published elsewhere.

NMR Secondary Structure. 1t has been widely accepted
that secondary shifts, i.e., deviations of the NMR chemical
shifts from their random coil values, contain valuable
information regarding protein secondary structure (Pastore
& Saudek, 1990; Spera & Bax, 1991; Wishart et al., 1991;
Ikura et al,, 1991). The 'H, and '3C, secondary shifts are
believed to give the best correlation to the secondary structure
(Wishart et al., 1991). Helices are characterized by positive
13C, and negative 'H, secondary shifts; the opposite is true
for B-sheets. The magnitude of the deviations from the random
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coil values is less pronounced for residues in 8-sheets than for
a-helix. -However, these deviations are still characteristic of
the secondary structure, and they can reliably be used for this
purpose. Infact, thereis evidence that this method of analysis
can result, in certain cases, in a clearer definition of the
secondary structure elements, such as ends of helices, than
the pattern of sequential and medium-range NOEs considered
alone (Shirakawa et al., 1993). In deducing the secondary
shifts, we used the “coil” values given by Wishart etal. (1991),
which represent average values from secondary structures other
than 8-sheets and a-helices (including random coil). Figure
6 shows secondary shifts for the 'H, and 13C, of the Abl
residues assigned. There are clearly present stretches of
secondary shifts of the same sign which identify the residues
involved in B-strands (55% of the assigned residues).

Amide Proton Exchange. The Abl domain was lyophilized
once from H,O and thendissolved in D;O. 2D TOCSY spectra
wereacquired at 17 °Cstarting immediately after dissolution;
the acquisition time for each spectrum was 4 h. The majority
of the cross-peaks for the amide protons (85%) were absent
from the spectrum acquired 4 h following dissolution, while
26 h later there was none detectable. These data are
summarized in Figure 8 and clearly show that exchange of
most of the amide protons of Abl is rather rapid. This was
not the case with M11; an appreciable number of amide protons
(12%) had not exchanged even after 1 month in D,0.

Modeling of the Tertiary Structure. The structure of type
I1 modules was modeled after telokin according to the
alignment shown in Figure 2 and suggested by Y. Harpazand
C. Chothia (personal communication). Telokin is the only
member with known 3D structure (Holden et al., 1992) of the
intracellular Ig subfamily, and it represents the C-terminal
domain of MLCK; for this reason it is the most suitable one
for the modeling of titin, despite the relatively low sequence
homology. The pairwise identity between telokin and Abl,

Ab2, and MI1 is 26%, 25%, and 28%, respectively, while, if
aminoacid similarity is also considered, these numbers become
42%, 40%, and 45%, respectively. The overall fold of telokin
is that of a 8-sandwich of antiparallel 3-sheets (Holden et al.,
1992). In Figure 8 the regions where the §-strands are
expected on the basis of this model are shown and compared
with the experimentally determined locations of the 8-strands.
In the telokin structure 60% of the residues are located in
B-strands, while roughly 55% of the Abl residues assigned
showed secondary shifts characteristic for amino acids involved
in §-strands.

In addition, a network of NH-NH and H,~H, NOE
connectivities between nonsequential residues that could be
confidently determined from our NMR data was compared
with the corresponding interstrand contacts expected from
themodel. Thisisillustratedin Figure9. NOE connectivities
can de detected by NMR between protons that are less than
4 A apart in space. Most of the expected NOEs that have
not been experimentally detected correspond to residues for
which the NMR assignment is not available.

The 'H, 13C, and 13N chemical shifts of the N-terminally
attached Hisq sequence show in all three cases no appreciable
dispersion and have values characteristic for random coil
conformation. We can confidently conclude, therefore, that
the Hise tag does not participate in any way in the formation
of secondary or tertiary structure.

DISCUSSION

The Ig fold, a stable 8-sheet sandwich, has been elegantly
described as “a stable platform upon which a diversity of
sequences are displayed by varying the amino acids that are
exposed on the external faces of the 8 sheets or on the loops
of sequence connecting the 8strands” (Williams et al., 1989).
The wealth of sequences published in recent years has
introduced even more variety in the family by including
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modules from intracellular proteins and forcing “the aban-
donment of conserved disulphide bond as the last invariant
characteristic of an immunoglobulin-type domain” (Williams,
1987).

Secondary structure predictions and homology searches
suggested that type II titin modules belong to the Ig
superfamily (Labeit et al., 1990). The fluorescence, CD, and
NMR spectra collected in this work provide direct experi-
mental evidence in support of this hypothesis.

The wavelength of the fluorescence maximum shows that
the unique tryptophan, the most conserved residue in all titin
modules and in all members of the immunoglobulin super-
family (Lesk & Chothia, 1982; Williams & Barklay, 1988;
Hsu & Steiner, 1992), is well buried in all three domains.
This is consistent with the topology predicted.

The CD patterns obtained are typical of the so-called
immunoglobulin fold, rich in 8-sheets and in perfect agreement
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with those reported in the literature for “classical” immu-
noglobulins [Vggy fragment (Brahms & Brahms, 1980); F.
receptor (Gastinel etal., 1992); F. fragments of IgG molecules
(Hobbs et al., 1992); Vi and Vi Ab regions (Ito et al., 1992);
mouse [gG (Perczel et al., 1992)] as well as for recent members
of the family (single CD2 adhesion domain; Recny et al.,
1990). This similarity is very meaningful, given that CD
spectra of proteins of high 8-pleated content, unlike those of
the helical ones, show a large variation in shape and intensity
(Perczeletal., 1992). CD spectra of the whole titin molecule
have been reported in the past (Maruyama et al., 1986). The
differences between those and the ones obtained in the present
study could be attributed mainly to the different size of the
fragments and the varying contribution of unfolded sequence
stretches, as well as nonmodule sequences, in the different
preparations of titin.

The NMR-derived plot of 13C, and H, secondary shifts vs
residue number for Abl (Figure 8) alsoindicates the presence
of B-sheet secondary structure and identifies the residues
involved. There is a good agreement with the predicted
location of 8-strands in the sequence. Moreover, long-range
connectivities (included in the contact map shown in Figure
9), representing interstrand backbone contacts, are identified
in the NOESY spectra between protons from residues that
are not found in the immediate proximity of each other along
the primary sequence. These connectivities are characteristic
of a 8-sheet folding and agree very well with the fold expected
on the basis of the modeling after the telokin structure.

Therefore, we can safely conclude that the three domains
studied share a high degree of structural similarity, despite
their overall low sequence homology. On the other hand, we
should point out the difference in stability, as evidenced by
the thermodynamic parameters shown in Table 1 and by the
NMR-related spectroscopic behavior: while two modules
appear to be quite stable and rigid, the other one, Abl, was
found much less stable and prone to degradation at high
temperatures. The higher stability of the M-line domain
relative to the others could perhaps be attributed to its position
in the titin molecule. Within the M-line, class II motifs are
separated by nonrepetitive “linker” sequences, so they could
be structurally more “autonomous” than the ones in the
A-band, where they are always closely flanked by type I
domains (Figure 1). The M-line as a rigid anchoring plane
for the thick filaments may also require a higher degree of
stability of its constituting modules than along the myosin
filaments, where a certain intrinsic elasticity has been
demonstrated (Higuchi et al., 1992).

At this point, a word of caution should be added on the
potential influence of the boundaries on the stability of isolated
modules. Eveninextracellular Ig domains, where the intron—
exon boundaries are known, domains can be unstable when
expressed singly. In the case of intracellular proteins, like
titin, the situation is even less clear and that is the reason why
our selection of boundaries was based on multiple alignment
criteria (as described in detail under Results). We should
add that the M-line domain, the one with the least defined
boundaries and the shortest length, is the most stable, a fact
that could further indicate the stabilizing effect of interdomain
interactions.

Could the difference in stability derive from a different
functional role? This question can only be answered by a
detailed structural and biochemical analysis of motifs spanning
a representative range of locations along the whole titin
molecule; this analysis is included in the scope of our ongoing
work. This type of work is complementary to investigations
aiming at the characterization of the whole titin molecule. In
a recent publication (Soteriou et al., 1993), CD and fluo-
rescence data collected for the denaturation of the intact titin
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molecule indicate a two-step mechanism of unfolding, with
Gu-Cl midpoints at 0.1 M and 1.3 M Gu-Cl. The first
transition has been interpreted as due to weak interactions
between domains, while the second one indicates complete
unfolding of titin. The average free energy of unfolding for
each domain has subsequently been estimated at ~ 10 kcal/
mol. While our data cannot, at this stage, lead to conclusions
about domain interactions, they can yield a more direct
estimate of thermodynamic parameters of isolated domains.
Furthermore, large, filamentous molecules, such as titin, may
collapse in solution producing a series of nonspecific interac-
tions which might lead to artifactual estimates of their stability.

When the whole sequence of the titin molecule becomes
available, a more extensive comparison between the structure
and stability of modules from different regions will be possible
and could explain important properties, such as the elasticity,
at the molecular level.
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Molecular Basis of the Medium-Chain Fatty Acyl-CoA Dehydrogenase-Catalyzed
“Oxidase” Reaction: pH-Dependent Distribution of Intermediary Enzyme Species

during Catalysis'
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ABSTRACT: In a previous paper, we demonstrated that the medium-chain fatty acyl-CoA dehydrogenase-
catalyzed (MCAD-catalyzed) reductive half-reaction of indolepropionyl-CoA proceeds via formation of a
chromophoric intermediary species “X” (absorption maximum = 400 nm) and proposed that the decay of
this species might limit the overall rate of the “oxidase” reaction [Johnson, J. K., & Srivastava, D. K. (1993)
Biochemistry 32, 8004-8013]. During this latter reaction, the buffer-dissolved O, served as an electron
acceptor [Johnson, J. K., Wang, Z. X., & Srivastava, D. K. (1992) Biochemistry 31, 10564-10575]. To
ascertain whether the intrinsic stability of X influences the oxidase activity, we undertook a detailed kinetic
investigation of this enzyme at different pH values. The time-resolved spectra for the reductive half-
reaction (obtained via the rapid-scanning stopped-flow method) at different pH values reveal that the
amplitude of the intermediary (X) spectral band is more pronounced at a lower pH (pH 6.4) than at a higher
pH (pH 9.0). Single-wavelength transient kinetic data for the reductive half-reaction (in both the forward
and the reverse direction) at ail pH values are consistent with fast (1/7,) and slow (1/7,) relaxation rate
constants. Of these, whereas the fast relaxation rate constant for the reaction in the forward direction
(1/715) decreases with an increase in pH, the corresponding slow relaxation rate constant (1/7) increases
with an increase in pH. The pH-dependent steady-state kinetic data reveal that, like 1/7, ke for the
MCAD-catalyzed oxidase reaction increases with an increase in the pH of the buffer media. These resuits
coupled with the substrate and product concentration-dependent relaxation studies (both in the forward
and the reverse direction) as well as the direct measurements of the rate constants of E-FADH, oxidation
at different pH values lead us to conclude the following: (1) The catalytic efficiency of the oxidase reaction
is primarily determined by the forward rate constant for the conversion of X to the E-FADH,-P complex.
(2) The increase in pH destabilizes the intermediary species X by promoting its distribution toward both
the E-FAD-S and the E-FADH,-P complex. (3) There is no discernible effect of pH on the rate of
oxidation of E-FADH, by the buffer-dissolved O,. (4) The steady-state kinetic parameters for the oxidase
reaction are predictable by the microscopic rate constants of the overall enzyme-catalyzed reaction at
different pH values. The effector role of the substrate and/or the pH responsible for the origin of the
oxidase activity during the MCAD catalysis is discussed.

The medium-chain fatty acyl-CoA dehydrogenase-catalyzed
(MCAD! -catalyzed) reaction proceeds via a concerted
abstraction of a proton and a hydride ion from the a- and
B-carbons, respectively, of fatty acyl-CoA chains, concomitant
with the reduction of the MCAD-bound FAD to FADH, [for
reviews, see Beinert (1963) and Engel (1990)]. The repetitive
turnover of the enzyme under physiological conditions is
believed to be maintained by transfer of electrons from
MCAD-FADH,; to the electron-transferring flavoprotein
(ETF)-FAD (Crane & Beinert, 1956; Ghisla & Massey,
1989). Due to a variety of spectroscopic signals associated
with both flavin cofactor and the chromophoric acyl-CoA
substrates, this enzyme has been a subject of intense
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mechanisticinvestigation in recent years (Frerman et al., 1980;
McFarland et al., 1982; Ghisla et al., 1984; Lau et al., 1989).
By utilizing indolepropionyl /indoleacryloyl-CoA as the chro-
mophoric substrate/product pair (eq 1), we have elaborated
oncertain aspects of ligand-binding and reductive and oxidative
half-reactions of this enzyme (Johnson et al., 1992, 1993;
Johnson & Srivastava, 1993).

o o)
I I
“8CoA  MCAD “sCoA
| 7T l (1)
H Eox H

Ered

Due to a characteristic absorption band of the reaction
product, indoleacryloyl-CoA (absorption maximum = 367
nm), we could monitor the (steady state) time course of the
enzyme-catalyzed reaction without recourse to the signals of
external electron acceptors (Johnson et al., 1992). In this
way, we observed that the MCAD-catalyzed reaction proceeds
via two pathways: (A) a “dehydrogenase” pathway which
predominates in the presence of a variety of “organic” electron
acceptors such as ETF/DCPIP, FcPFs, and others and (B)
an “oxidase” pathway in which the buffer-dissolved O,

© 1994 American Chemical Society
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exclusively acts as an electron acceptor. The steady-state
kinetic investigation for these reactions revealed that the K,
(for IPCoA) and the k., for the dehydrogenase reaction were
about 1 order of magnitude higher than those for the oxidase
reaction (Johnson et al., 1992). This observation led us to
suspect that the microscopic pathways for the dehydrogenase
and the oxidase reactions might be different.

Transient kinetic investigations into the mechanism of the
MCAD-catalyzed reductive half-reaction allowed us, as well
asother investigators, todelineate the sequence of events during
the single turnover of the enzyme (Johnson & Srivastava,
1993; Schopfer et al., 1988). Utilizing indolepropionyl-CoA
asasubstrate, we demonstrated that the reductive half-reaction
proceeds via formation of an intermediary species, “X”, that
is characterized by a unique absorption band at 400 nm
(Johnson & Srivastava, 1993). The time course for the
formation and decay of X was found to be similar to the
appearance and disappearance of the charge-transfer complex
band at 600 nm (Johnson & Srivastava, 1993). By transient
kinetic methods, we determined all of the microscopic constants
for the reductive half-reaction of this enzyme at pH 7.6. A
casual perusal of these parameters vis-a-vis the steady-state
kinetic parameters for the dehydrogenase-catalyzed
(Ku(IPCoA) = 10.3 uM, key = 0.46 s71) and oxidase catalyzed
reactions (Kn(IPCoA) = 0.49 uM, kcat = 0.016 s7!) (Johnson
et al., 1992) allowed us to propose that the rate-limiting step
for the dehydrogenation reaction might be the formation of
X (0.57 s71), whereas that for the oxidase reaction might be
the decay of X (0.01 s7!) (Johnson & Srivastava, 1993).

The MCAD-catalyzed oxidase reaction is not novel to the
use of IPCoA as the enzyme substrate. A number of previous
investigators have noted oxidase activity of this enzyme by
utilizing a variety of CoA substrates (McFarland et al., 1982;
Schopfer et al., 1988; Wang & Thorpe, 1991). Recently,
Vanhove et al. (1993) have demonstrated that an analogous
enzyme, short-chain fatty acyl-CoA dehydrogenase, catalyzes
the oxidase reaction involving a variety of fatty acyl-CoA
substrates.

It should be pointed out that the oxidase activity of the
enzyme usually remains elusive with aliphatic-CoA substrates
(due to the colorless form of their corresponding enoyl-CoA
products) unless special efforts are made (McFarland et al.,
1982; Vanhove et al., 1993). Such efforts include assay
conditions designed to detect the reduced oxygen species, viz.,
hydrogen peroxide (McFarland et al., 1982; Wang & Thorpe,
1991), superoxide anion (Nishino et al., 1989), and others.
This is presumably the reason why the enzyme-catalyzed
oxidase reaction has not been seriously investigated. To the
best of our knowledge, we have been the first to propose that
the MCAD-catalyzed oxidase reaction exhibits a Michaelian
dependence on its substrate concentration (Johnson et al.,
1992).

Our interest in the MCAD-catalyzed oxidase reaction
emerged from the mechanistic as well as the structural-
functional point of view (Johnson et al., 1992). Given that
the pH influences the isomerization equilibrium between the
E-FAD-IACoA and E-FAD'"-IACoA** complexes (Johnson
et al., 1992), it occurred to us that pH might affect the
distribution between X and the E-FADH»-IACoA complex
during the reductive half-reaction (Johnson & Srivastava,
1993) and thus would effect the oxidase activity of the enzyme.
The experimental results presented below clearly substantiate
these expectations.
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MATERIALS AND METHODS

Materials. Coenzyme A, glucose oxidase (type VII), and
EDTA were purchased from Sigma. 3-Indolepropionic acid
and trans-3-indoleacrylic acid, used in the synthesis of
substrates, were purchased from Aldrich. All other reagents
were of analytical reagent grade.

Methods. The CoA derivatives of 3-indolepropionic acid
(IPCoA) and trans-3-indoleacrylic acid (IACoA) were
synthesized and purified according to Johnson et al. (1992).
Medium-chain fatty acyl-CoA dehydrogenase (MCAD) was
purified in our laboratory as described previously (Johnson
et al., 1992).

MCAD was routinely assayed in 50 mM potassium
phosphate buffer (pH 7.6) containing 0.3 mM EDTA at 25
°C, utilizing 30 uM octanoyl-CoA and 200 uM ferrocenium
hexafluorophosphate (FcPFg) as described by Lehman et al.
(1990). The active enzyme concentration was determined in
terms of the flavin content by using an extinction coefficient
of 15.4 mM-1 cm™! at 446 nm (Thorpe et al.,, 1979). IPCoA
and IACoA concentrations were determined using extinction
coefficients of 18.2 mM-! cm! at 259 nm and 26.5 mM-!
cm~! at 367 nm, respectively (Johnson et al., 1992). Experi-
ments involving pH effects were performed in the following
buffers: for pH ranges between 6 and 8, 50 mM potassium
phosphate containing 0.3 mM EDTA was used; for pH ranges
between 8 and 10.5, 0.1 M Tris-HCI plus 50 mM potassium
phosphate buffer containing 0.3 mM EDTA was used.

Steady-state kinetics for the enzyme-catalyzed oxidase
reaction was performed on a Perkin Elmer Lambda 3B
spectrophotometer, utilizing a 10-cm-path-length cuvette.
Other experiments and data analyses were performed as
described by Johnson and Srivastava (1993) and Johnson et
al. (1993). Single-wavelength transient kinetic studies and
data analysis were performed on an Applied Photophysics
MYV-14 sequential-mixing stopped-flow system (optical path
length = 1 cm; dead time = 1.34 ms). The time-resolved
spectra were acquired on a Durrum stopped-flow system
(optical path length = 1.5 cm; dead time = 3—5 ms), configured
in our laboratory as a rapid-scanning device (Johnson &
Srivastava, 1993).

Oxidationof MCAD-FADH, by 0;. MCAD-FADH; was
generated by incubation of MCAD-FAD with sodium
dithionite in an appropriate anaerobic buffer (at different
pH). The anaerobic buffers used for these experiments were
prepared by a repeated cycle of degassing and purging with
oxygen-freeargon. Since these buffers did not contain glucose
and glucose oxidase to scavenge the residual traces of oxygen,
a higher concentration of sodium dithionite (about 50-70 uM)
was required for a quantitative reduction of the enzyme. The
amount of sodium dithionite required to reduce a fixed
concentration of MCAD-FAD was predetermined by mea-
suring the absorption at 450 nm. Oxygen concentration in
different buffers was adjusted by mixing an appropriate ratio
of anaerobic buffer (prepared as described above) and fully
oxygenated buffer. The final concentration of oxygen in the
buffer was determined by Yellow Spring Instrument (YSI)
biological oxygen monitor (Model 5300).

The time-dependent increase in absorption at 450 nm was
monitored upon mixing of sodium dithionite-reduced MCAD
and (buffer-dissolved) oxygen via the stopped-flow syringes.
The concentrations of enzyme and oxygen (after mixing) were
5 and 240 uM, respectively, at different pH values. The
reaction profiles were analyzed according to a single-
exponential rate law. At pH 7.6, we measured the rates of
oxidation of the reduced enzyme at different concentrations
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FIGURE 1: Rapid-scanning stopped-flow spectra for the reaction of MCAD-FAD with IPCoA ([IPCoA] >» [MCAD-FAD]) at pH 6.4 (left
panels) and 9.0 (right panels) under anaerobic conditions. The concentrations of MCAD-FAD (syringe 1) and IPCoA (syringe 2) prior to
mixing were 20 and 200 uM, respectively. The top and bottom panels show normal spectra and difference spectra (spectra at given times minus
the first spectrum) at the corresponding pH values. The time delays (in seconds) for the spectral traces (1-20) in the left panels (pH 6.4) were
as follows: 0, 0.034, 0.052, 0.069, 0.138, 0.224, 0.31, 0.48, 0.654, 0.895, 1.08, 1.51, 2.37, 4.1, 11.9, 24.8, 51.5, 138, 241, and 282, The time
delays (in seconds) for the traces (1-18) in the right panels (pH 9.0) were as follows: 0, 0.026, 0.052, 0.138, 0.224, 0.31, 0.48, 0.654, 0.895,

1.51, 2.37, 4.1, 6.28, 9.26, 14.5, 103, 241, and 282.

of buffer-dissolved oxygen. The data were analyzed for a
linear dependence of the observed rate constant as a function
of the oxygen concentration. The slope of this plot was taken
as a measure of the second-order rate constant,

RESULTS

Having surmised that pH might influence the equilibrium
distribution of the intermediary species (see the introduction),
we undertook a pH-dependent transient kinetic study of the
reductive half-reaction of the medium-chain fatty acyl-CoA
dehydrogenase (MCAD) utilizing indolepropionyl-CoA (IP-
CoA) as a chromophoric substrate. In this pursuit, we
compared the time-resolved spectral changes (acquired via
the rapid-scanning stopped-flow, or RSSF, method) at selected
pH values (viz., pH 6.4, 7.6, and 9.0). Figure 1 shows the
RSSF spectra for the reaction of MCAD-FAD with [IPCoA
(after-mixing concentrations of 10 and 100 uM, respectively)
under anaerobic conditions at pH 6.4 and 9.0, respectively.
Although the timing sequences for different spectral traces
are more or less the same, the spectral patterns at these two
pH values are remarkably different. The most noticeable
difference is the amplitude of the intermediary spectral band
at 400 nm (due to the formation of X; Johnson & Srivastava,
1993). This band is more pronounced at pH 6.4 than at pH
9.0. This feature is further explicit in the difference spectra
(i.e., the spectra at given times minus the first spectrum) of
Figure 1 (bottom panels). The spectral pattern obtained at
pH 6.4 was found to be similar to that observed at pH 7.6
(data not shown).

Given that pH influences the electronic spectrum of neither
E-FAD nor IACoA (Johnson et al., 1992), the pronounced
spectral band (at 400 nm) at pH 6.4 vis-a-vis that at pH 9.0
can be envisaged to originate from some pH-dependent changes
in the kinetic and/or the thermodynamic properties of the
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FIGURE 2: Single-wavelength (415 nm) stopped-flow traces (trace
1 at pH 6.4, trace 2 at pH 9.0) for the reaction of 2.4 uM MCAD~
FAD (syringe 1) and 200 uM IPCoA (syringe 2). Solid lines are the
best fits of the experimental data according to the two-exponential
rate equations (for increasing and decreasing phase). The relaxation
rate constants for the fast (1/7¢) and slow (1/7y) phases are 1.03
and 0.0083 s' at pH 6.4 and 0.45 and 0.16 s~! at pH 9.0, respectively.

enzyme. To ascertain whether the amplitude of the inter-
mediary spectral band (X) is kinetically controlled, we
performed a single-wavelength stopped-flow study (under
anaerobic conditions) for the reaction of MCAD-FAD and
IPCoA at pH 6.4 and 9.0, utilizing a lower concentration of
theenzyme. Figure 2 shows the time course of the absorption
changes at 415 nm upon mixing MCAD-FAD with IPCoA
(after-mixing concentrations of 1.2 uM and 100 uM, respec-
tively) via the stopped-flow syringes. Note that at pH 6.4 a
rapid increase in absorption (at 415 nm) follows a slow
decrease. This pattern is different from that observed at pH
9.0. At the latter pH, a somewhat slower rate of increase in
absorption is followed by a rapid decrease. Upon analyzing
these kinetic traces by a two-exponential rate equation, we
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FIGURE 3: pH-dependent changes in the fast (1/7) and slow (1/
T41) relaxation rate constants for the reaction of 2.4 uM MCAD-
FAD (syringe 1) and 200 uM IPCoA. The magnitudes of 1/7;rand
1 /72 were obtained from the best fits of the experimental data at 400
and 415 nm, respectively. Note that as pH increases, 1/7;and 1/72
decrease and increase, respectively. The solid lines are the best fits
of the experimental data according to the Henderson—Hasselbalch
equation with pK, values equal to 6.63 % 0.10 (from the data of the
1/71¢ versus pH plot) and 8.90 + 0.03 (from the data of the 1/72
versus pH plot).

determined the fast (1/7y, increasing phase; the “f” in the
subscript stands for the reaction in the forward direction) and
slow (1/72, decreasing phase) relaxation rate constants to be
1.03 and 0.008 s~! at pH 6.4 and 0.45 and 0.16 s~! at pH 9.0,
respectively. These results coupled with the fact that the
amplitude of the absorption changes is higher at pH 6.4 than
at pH 9.0 suggest that the equilibration rate leading to the
formation of X is faster than that leading to its decay at pH
6.4. Hence, the higher amplitude of the intermediary
absorption band at 400 nm (at pH 6.4) is clearly due to a
rapid production of X followed by its slow decay.

The time courses for the absorption changes at most of the
wavelengths (except at isoabsorption points) are consistent
with two-exponential processes (increase, decrease, or a
combination of the two) corresponding to the relaxation rate
constants 1 /7 rand 1 /7y, respectively (Johnson & Srivastava,
1993). To ascertain the influence of pH on these relaxation
rate constants, we performed experiments similar to that
presented in Figure 2 at different pH values. The concentra-
tions of E-FAD and IPCoA (after mixing) were maintained
at 1.2 and 100 uM, respectively, in the stopped-flow syringes
for all pH-dependent experiments. For convenience, the
magnitudes of 1/71¢and 1/7y were calculated from the best
fit of the experimental data at wavelengths of 400 and 415
nm, respectively. As noted by us previously, 1/7¢calculated
from the data at 415 nm was the same as that calculated at
400 nm (Johnson & Srivastava, 1993).

Figure 3 shows the pH-dependent variations in 1/7;s and
1/7y. It is noteworthy that 1/7i; sharply decreases with
increasing pH over the pH range 6.2-7.0, and after that it
becomes constant. This is in marked contrast to the
dependence of 1/7,ron pH. The magnitude of 1 /75 remains
invariant with increasing pH over the pH range 6.2-7.0, and
after that it starts increasing rather sharply. From the best
fit of the experimental data according to the Henderson—
Hasselbalch equation, we have determined the pK, values of
6.63 £ 0.10 and 8.90 £ 0.03 from the data of 1/7jrand 1/75,
respectively. It should be pointed out that these pK,’s have
no physical meaning with regard to the dissociability of specific
active site groups. Rather, they are a complex function of the
various pH-dependent processes. From the data of Figure 3,
it is noteworthy that the ratio of 1/7ir and 1/75¢ decreases
from 177 at pH 6.2 to 1.3 at pH 9.4. Although the pH-
dependent variation of this ratio is not a quantitative measure
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Table 1: Summary of 1/7max, 1/7min and Ko s Values Derived from
the Dependence of Relaxation Rate Constants on IPCoA/IACoA
Concentrations at Different pH Values

pH
6.4 7.6 9.0
IPCoA
1/ 715max) (571) 1.32 0.63 0.69
I/Tlf(mjn) (S‘]) 0.03 0.08 0.12
1/1’2f(mjn) (s1) 0.005 0.01 0.11
Kp.s (uM) 11.5 11.5 11.2
JACoA
1/ 15maz) (571) 1.99 4.38 12.90
1/ T1e(eminy (571) 0.005 0.01 1.43
1/T2r(min) (S‘l) 0.03 0.08 0.04
Kos (uM) 23.7 14.9 6.4

of the equilibrium distribution among the various forms of
the enzyme species, it provides some indication as to the
distribution of the enzyme species among E-FAD-IPCoA,
X, and E-FADH,-1ACoA complexes. A higherratioof1/7¢
and 1/7y at lower pH values attests to the fact that the
microscopic steps intrinsic to 1 /7irare not intimately coupled
to those with 1 /75 (Bernasconi, 1976). Thisis clearly not the
case under conditions (i.e., at higher pH values) where the
magnitudes of 1 /rirand 1 /7arare comparable (see Discussion).
We performed the IPCoA concentration dependent relax-
ation studies for the reaction of E-FAD + IPCoA (under
condition where [IPCoA] > [E-FAD]) at pH values 6.4, 7.6,
and 9.0. Asobserved by us previously (Johnson & Srivastava,
1993), at all these pH values, 1/7)¢ increases hyperbolically
(with an offset) with an increase in IPCoA concentration. On
the contrary, 1/ decreases with an increase in IPCoA
concentration. These data were analyzed essentially as
described by Johnson and Srivastava (1993), except the
magnitude of the “offset” was set equal to the slow relaxation
rate constant in the reverse direction (1/7,) at a saturating
concentration of IACoA. Thisstrategem minimized the error
introduced by extrapolation of 1/7¢ to zero concentration of
IPCoA. The magnitudes of 1/ri¢ at zero (offset) and
saturating (asymptote) concentrations of IPCoA are taken 1o
be the measures of the maximum (1/7¢max)) and minimum
(1/715min)) relaxation rate constants. The concentrations of
IPCoA required to attain one-half of the total changes are
represented by Ko s. These values are given in Table 1. We
have not rigorously analyzed, at this time, the (decreasing)
hyperbolic dependence of 1/7y on [IPCoAl], except for
determining its magnitude at saturating concentrations of the
latter. Under these conditions, 1/7rattains a minimum value
and is represented by 1/7amin) (Table 1) at different pH’s.
We performed analogous transient kinetic experiments for
the reaction in the reverse direction, i.e., between E-FADH,
(generated by sodium dithionite reduction) and IACoA. The
time courses for the reaction of 2 uM E-FADH; and varying
concentrations of IACoA ([IACoA] > [E-FADH;]) were
measured at 415 nm, at selected pH values. Like the reaction
profiles in the forward direction, the reverse reaction profiles
were consistent with two relaxation rate constants, 1 /7, and
1/72: (“r” denotes the reaction in the reverse direction), and
showed hyperbolic increasing and decreasing dependence on
IACoA concentrations, respectively. These data were ana-
lyzed as described above, and the magnitudes of 1/7)r(max),
1/71¢(min)» 1/ T2¢(min), and Ko s were determined (Table 1). The
experimental data of Table 1 have been used to calculate the
microscopic parameters for the overall reductive half-reaction
at different pH values (see Table 3, and Discussion).
Steady-State Kinetics for the Oxidase Reaction. We
performed the steady-state kinetics for the MCAD-catalyzed
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Table 2: Steady-State Kinetic Parameters for the
MCAD-Catalyzed Oxidase Reaction

experimentally determined predicted?
PH Kn(IPCoA) (uM) ket (s)  Km(IPCoA) (kM) kot (s7!)
6.4  021£0017  0.008 & 0.0002 0.30 0.005
7.6  049%0040  0.016 & 0.0004 1.60 0.008
90 079£0.085 0.038 +0.0014 3.25 0.046

4 According to eqs SA and 5B, utilizing the microscopic parameters
of Table 3.

Table 3: Microscopic Parameters for the MCAD-Catalyzed
Reductive Half-Reaction at Different pH Values

pH

6.4 7.6 9.0
K, (uM) 11.5 11.5 11.2
ky (s7h) 1.29 0.55 0.50
ko (571 0.03 0.08 0.15
ks (571 0.005 0.010 0.070
ks (s71) 1.99 4.38 12.79
Ky (uM) 23.70 14.90 6.40
ks 5™1) 0.97 1.03 1.00

oxidase reaction utilizing IPCoA as the enzyme substrate.
Dueto a low K, value for IPCoA during the oxidase reaction,
these experiments were performed in a 10-cm-path-length
cuvette. Theinitial rates of the enzyme-catalyzed conversion
of IPCoA to IACoA were measured at 367 nm, in the absence
of any externally added organic electronacceptors. Theinitial
rate of the enzyme-catalyzed reaction showed a Michaelian
dependence on IPCoA concentration at all the pH values
examined (i.e., pH 6.4, 7.6, and 9.0). From the best fit of the
experimental data according to the Michaelis—Menten equa-
tion, the K,(IPCoA) and k., for the oxidase reaction were
calculated at these pH values (Table 2). Although we have
not determined whether the buffer-dissolved oxygen (240 uM)
is saturating for the IPCoA-dependent oxidase reaction, the
K, for oxygen during the enzyme-catalyzed oxidation of
indolepropionyl pantetheine phosphate (3/,5’-ADP truncated
IPCoA) to indoleacryloy! pantetheine phosphate is about 28
uM (our unpublished results). However, the steady-state
parameters are still considered to be “apparent” since they
have not been obtained by extrapolation of initial rates at
infinite concentrations of O,.

From this limited experimental data, it is evident that as
the pH increases both k¢ and Ki,(IPCoA) increase (Table
2). Giventhat the K, for IPCoA at all these pH values (Table
2) is less than 1 uM, we measured the turnover number of the
MCAD-catalyzed oxidase reaction at different pH values
(ranging from pH 6.0 to 10.5) in the presence of a saturating
(50 uM) concentration of IPCoA (Figure 4). Itisnoteworthy
that the turnover rate (kca) for the MCAD-catalyzed oxidase
reaction remains more or less constant over the pH range
5.8-7.8, but it starts increasing (rather sharply) beyond the
latter pH value. This pattern is analogous to the dependence
of 1/72r on pH (see Figure 3). The pH-dependent oxidase
reaction is consistent with a pK, of 9.91 & 0.05. This pKj is
1 unit higher than that observed for the dependence of 1 /7
on pH. This discrepancy is presumably due to the fact that
the oxidase reaction is primarily limited by the forward rate
constant for the decay of X, whereas 1/75 is a combined
function of the various microscopic rate constants (see
Discussion).

Oxidation of MCAD-Bound FADH ; by Buffer- Dissolved
0,. To provide a detailed molecular basis for the MCAD-
catalyzed oxidase reaction, we decided to determine the rate
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FIGURE 4: Effect of pH on the turnover rate (k) for the MCAD-
catalyzed oxidase reaction in the presence of buffer-dissolved O,
(240 uM). The concentrations of the enzyme and IPCoA were 0.77
and 50 uM, respectively. The solid line is the best fit of the experimental
d?tga 9according to the Henderson—-Hasselbalch equation with a pK,
of 9.91 @ 0.05.
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FIGURES: Reaction of MCAD-FADH, with buffer-dissolved oxygen
at pH 7.6. The time-dependent change in the absorption at 450 nm
for the reaction of 10 uM MCAD-FADH, (syringe 1) and 480 uM
buffer-dissolved oxygen is shown (the after-mixing concentrations of
enzyme and oxygen are 5.0 and 240 uM, respectively). The solid line
is the best fit of the experimental data according to the single-
exponential (increase) rate equation, for a rate constant of 1,03 s-1,
The inset shows the effect of oxygen concentration on the observed
rate constant for the MCAD-FADH; oxidation. The solid line is the
best fit of the experimental data, with a second-order rate constant
of (2.65 £ 0.23) X 10° M 571,

constant for the MCAD-FADH, oxidation by the buffer-
dissolved oxygen at selected pH values. This experiment was
performed by mixing sodium dithionite-reduced enzyme (10
#M) with an oxygen-saturated buffer (oxygen concentration
= 480 uM) in the stopped-flow syringes (see Materials and
Methods). In this way, the after-mixing concentration of
oxygen was maintained at 240 uM (similar to the concentration
of the buffer-dissolved oxygen under normal conditions). The
time courses for the oxidation of MCAD-FADH,, at different
pH values, by (240 uM) buffer-dissolved oxygen were
monitored at 450 nm. Figure 5 shows a representative trace
for the oxidation of MCAD-FADH; at pH 7.6. From the
best fit of the experimental data according to a single-
exponential rate law (solid line), we have determined the first-
order constant for the oxidation of E-FADH, by O, to be
1.03s7! (at pH 7.6). The corresponding rate constants at pH
6.4 and 9.0 (under identical experimental conditions) were
found to be 0.97 and 1.0 s71, respectively.

We measured the rate of oxidation of MCAD-FADH; at
different concentrations of the buffer-dissolved oxygen at pH
7.6. The oxygen concentration during these experiments was
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maintained tosatisfy pseudo-first-order conditions. The data
were analyzed for a single-exponential increase in absorption
at all oxygen concentrations. The inset of Figure 5 shows a
linear dependence of the observed rate constant (kqys) as a
function of oxygen concentration, suggesting that the overall
oxidation reaction is a second-order process. The slope of this
plot [(2.65 % 0.23) X 103 M-! s71] is taken to be a measure
of the second-order rate constant for the oxidation of MCAD-
FADH, by oxygen at pH 7.6.

DISCUSSION

The pH-dependent investigation presented herein has been
prompted by our realization that there is an intrinsic
commonality between the microscopic pathways leading to
E-FAD + IACoA interaction and E-FAD/FADH, +
IPCoA /TACoA binding followed by chemical transformations

(eq 2).
E-FAD + IACoA = E-FAD-IACoA =
E-FAD*-IACoA** (2A)

E-FAD + IPCoA = E-FAD-IPCoA =
X (E-FADH,-IACoA*) (2B)

E-FADH, + IACoA = E-FADH,-IACoA =
X (E-FADH,-TACoA*) (2C)

Both of these processes occur in two steps. The first (fast)
step involves the formation of a collision complex between the
enzyme and the CoA derivative. This complex is slowly
isomerized to a more stable complex during the second step.
This two-step binding and /or catalysis has been observed not
only with these chromophoric substrates but also with butyryl-
crotonoy-CoA and octanoyl-octenoyl-CoA pairs, and even in
the case of the E-FAD + acetoacetyl-CoA interaction (our
unpublished results). The only difference between these two
seemingly diverse phenomena is that the slow steps of eqs 2A
and 2C are devoid of “chemistry”, whereas that of eq 2B is
coupled to the oxidation/reduction reaction.

The RSSF data, coupled with the single-wavelength stopped-
flow studies, at different pH values substantiate that the
intermediary species X is more pronounced at lower pH values
than at higher pH values. Thisobservationis further supported
by the fact that as pH increases, 1/7is decreases, whereas
1/7aincreases. Since these relaxation rate constants are the
aggregates of the various microscopic parameters, they do
not report on the specific effects of pH on the individual kinetic
or thermodynamic parameters of the underlying kinetic model.
Such information is extracted from the IPCoA/IACoA
concentration dependent relaxation studies at different pH
values. We have previously elaborated on the determination
of the individual kinetic/thermodynamic parameters for the
MCAD-catalyzed reductive half-reaction at pH 7.6, essentially
according to a theoretical (two-step) model of Strickland et
al. (1975). Since a qualitatively similar dependence of the
relaxation rate constants on IPCoA/IACoA concentrations
has been observed at other pH values (Table 1), we have
adopted the same analytical protocol. To comprehend the
effect of pH on the microscopic parameters of the MCAD-
catalyzed reductive half-reaction, let us review our previously
proposed kinetic model for this enzyme (eq 3):

k ks
E+S===ES == X === EP == P+F
s k.2 k.3 Kp 3
ol o o
E'S

EP
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where E and E’ refer to MCAD-FAD and MCAD-FADH,,
respectively, and S and P refer to IPCoA and IACoA,
respectively. This model is similar to that proposed by
Schopfer et al. (1988) involving butyryl-CoA as the enzyme
substrate. As discussed previously, the origin of the second
relaxation step (1/72) in both forward and reverse directions
lies in the formation of E’S and EP complexes, respectively.
Given that 1/71s >> 1 /75 (at pH 6.4 and 7.6) and that 1/7y,
> 1 /7y (at all pH’s), the underlying steps can be considered
to be uncoupled (Bernasconi, 1976). Hence, in accord with
our earlier analysis, the relationships between the macroscopic
rate constants (Table 1) and the microscopic parameters of
eq 3 can be given as follows:

1/7'1t'(1'1'|t9.)() = k2 + k—2; 1/TIf(min) = 1/‘r2r(min) = k-2
1/ Tatminy = 1/ T1emimy = K35 1/ Tiemany = K3+ K3
Ko sapcon) = K Kosgacoa) = Kp

On the basis of these relationships, we could translate the
macroscopic rate constants of Table 1 into the microscopic
parameters (Table 3) at pH 6.4 and 7.6. However, this
approach could not be employed for the data at pH 9.0. This
is because, due to comparable magnitudes of 1/7rand 1 /72
at pH 9.0, the steps intrinsic to these relaxation rate constants
could not be treated as uncoupled. Under this situation
recourse was made to the numerical simulation for the model
of eq 3 at pH 9.0, as described by Johnson and Srivastava
(1993). The corresponding microscopic parameters at pH
9.0 are summarized in Table 3.

A close perusal of the data of Table 3 suggests that although
the dissociation constant of the E-FAD-IPCoA complex is
not affected within the pH range between 6.4 and 9.0, the
dissociation constant of the E~-FADH-IACoA complex varies
by a factor of 4. At this time, we are uncertain whether this
variation is real or is merely due to our inability to precisely
determine Ky 5 values. However, from the data of Table 3,
it is clear that as the pH increases, k» decreases, whereas k_»
increases. On the other hand, as pH increases, both k3 and
k.3 increase. This pattern can easily account for a higher
amplitude of X at pH 6.4 than at pH 9.0 (see Figures 1 and
2).

The fact that k3 of eq 3 (the rate constant for the decay of
X) and the k,; for the oxidase reaction both increase with an
increase in the pH of the buffer media attests to our earlier
proposition that the MCAD-catalyzed oxidase reaction might
be limited by the rate of the decay of X. Since the increase
in pH also increases k_3 (albeit not by an equal magnitude),
it follows that the pH-dependent increase in 1/7;f must be
steeper than that of k3. This is presumably the reason that
the pH-dependent oxidase activity and 1/ yield different
pK, values.

Can we predict the steady-state kinetic parameters for the
oxidase reaction from the microscopic rate constants presented
in Table 3?7 For making such a prediction, it is important to
consider at what intermediary enzyme species the reduced
flavin is oxidized by O,. Clearly, the reduced flavin present
in X is not oxidized by O,, since the oxidation reaction is
limited by the rate of collapse of X. Thus, either E-FADH,
or its complex with IPCoA /IACoA is likely to be the target
of the oxidation reaction. However, on the basis of X-ray
crystallographic data (Kim et al., 1993) that the binding of
fatty acyl-CoA’s with MCAD “desolvates” the enzyme site
environment, we consider the likely enzyme site for the
oxidation of the reduced flavin to be E-FADH;. This allows
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usto propose the following steady-state kinetic scheme for the
MCAD-catalyzed oxidase reaction (eq 4).

k4 v ks

P 02

k k Ka
E+S==ES === X =—= EP
K1 k.2 k.3

In this scheme, the last two steps are taken to be irreversible.
The first irreversible step satisfies the condition of the initial
rate measurements (i.c., when product is zero). The irrevers-
ibility of the second step is naturally justified since the electron
transfer from E-FADH, to O, is a thermodynamically
favorable reaction (Walsh, 1979). It is interesting to note
that the rate of oxidation of MCAD-FADH, by O, (240 uM)
remains unaffected over the pH range 6.4-9.0 (Table 3). The
steady-state rate equation derived for the kinetic scheme of
eq 4 provides relationships between the steady-state kinetic
parameters (K, for IPCoA and k,;) for the oxidase reaction
and the microscopic rate constants of eq 3:

K_(IPCoA) =
ktlesky(ky + ky) + k_k_y(k_y + ky)}
Ktk o(ky + Ky + k) + k_yks(ky + K_) + koks(ky + ks)}

(5A)
kcat =
kyksk ks
kpkey (s + kg) + k_ykg(ky + k_y) + kks(, + Ky + K5)
(5B)

For predicting these steady-state kinetic parameters, the
dissociation constant parameters K and K, (of Table 1) were
translated into the corresponding “on™ and “off™ rate constants
on the assumption that the former is a diffusion-limited process
(1 X 108 M-1s-1; Hammes, 1982). On this basis, the off rates
(e.g., k_1and k) arecalculated from the dissociation constants
of the E-FAD-IPCoA (K;) and E-FADH>-IACoA (K})
complexes. Giventhese,as well as the microscopic parameters
of Table 3, we could predict Ky, for IPCoA and k., for the
oxidase reaction at pH values 6.4, 7.6, and 9.0. These results
are summarized, along with the experimentally determined
parameters, in Table 2. The data of Table 2 show that both
experimentally determined and predicted steady-state kinetic
parameters increase with the increase in the pH of the buffer
media. However, while the experimentally determined &qi's
are more or less similar to those predicted at the corresponding
pH values, K,’s for IPCoA under these conditions differ by
a factor of 3—4. This variation is not significant in the light
of the following two facts: (1) The experimentally determined
K. for IPCoA is in the sub-micromolar range at all pH values,
and thus despite our effort to determine this parameter as
carefully as possible, some variations can be expected. (2)
The prediction of the steady-state kinetic parameters involves
a complex function of the microscopic parameters, which have
been determined by independent methods; thus, even small
errors in these parameters can be expected to be amplified
while predicting the steady-state kinetic parameters by egs
5A and 5B. In the light of these considerations, the
experimentally determined and predicted steady state kinetic
parameters for the MCAD-catalyzed reaction can be taken
to be remarkably similar.

On compilation of all of the experimental data presented
herein, it is evident that both the substrate (IPCoA) and the
pH of the buffer media serve as effectors of the MCAD-
catalyzed oxidase reaction. Both of these effectors promote
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the oxidase activity by perturbing the equilibrium between X
and the E-FADH,-IACoA species such that the latter is
favored. Thesubstrate (IPCoA) accomplishes this task (rather
indirectly) by combining with the E-FADH; form of the
enzyme (Johnson & Srivastava, 1993), whereas the higher
pH performs this function by destabilizing the electronic
structure of JACoA within X such that the equilibrium
distribution of this species (X) is favored toward both the
E-FAD-IPCoA and E-FADH,-TACoA complexes. Such
an effect of pH is similar to that observed by us for the
interaction of E~FAD with IACoA (Johnson et al., 1992). In
this way, the effect of higher pH in promoting the oxidase
activity of the enzyme is merely a happenstance, since pH
promotes equilibration of X toward the E-FADH,-IACoA
species (responsible for the origin of the oxidase activity of
the enzyme). The effect of higher pH on favorable equilibra-
tion of X toward the E-FAD-IPCoA complex is not realized
in this regard. However, the latter effect becomes explicit as
the K, for IPCoA, during the dehydrogenation reaction,
increases from 6.1 (pH 6.4) to 32.0 (pH 9.5; our unpublished
results). Weare currently testing our mechanistic principles,
presented herein, for the origin of the oxidase activity involving
different acyl-CoA substrates, including those (e.g., octanoyl-
CoA) which are known to resist this activity, and we will
report these findings subsequently.
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